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Figure 1.1. The possible human health impacts generated across the full plas}cs life cycle, from 

Landrigan et al. (2025).  

 

1.2 The defini5on and types of plas5c 

The definition of plastics has many different variations across governing bodies, unions, 

or Multilateral Environmental Agreements (CIEL 2023). While there is no single definition, it can 

be summarised as ‘materials made wholly or partly of synthetic or semi-synthetic polymers’ 

(Geyer 2020, Sparks et al. 2025). Natural polymers also exist, such as cellulose or DNA. Plastics, 

however, in addition to the polymer, contain a complex mixture of chemicals consisting of 

additives, residual processing aids, and non-intentionally added substances (Monclús et al. 2025). 

Over 16, 000 known chemicals have been identified in plastics, with over 4200 being chemicals 

of concern, which are persistent, bioaccumulative, mobile, or toxic (Monclús et al. 2025). Plastics 

can have different properties based on which polymer and associated chemicals are used. For 
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instance, thermoplastics can be remoulded after heating (e.g., polyethylene, polypropylene, 

polyvinyl chloride, polyethylene terephthalate, polystyrene, polyamide) whereas thermosets are 

not able to be remelted and reformed (e.g., polyurethanes, silicone, epoxy and acrylic resins; 

Geyer, 2020). Additive chemicals are used to customize the plastic, determining properties such 

as colour, resistance, flexibility, or flammability (Wiesinger et al. 2021, OECD 2022). Over 99% of 

plastics are produced from fossil-based feedstocks, such as natural gas, oil, and coal (CIEL 2019, 

Cabernard et al. 2022). The remaining plastics are derived from biomass, such as corn or 

sugarcane, called biobased plastics (CIEL 2019, European Environment Agency 2020). The largest 

markets for plastics are packaging, building and construction, and textiles (European 

Environment Agency 2020, Geyer 2020). The packaging sector produces vast quantities of single-

use plastics, usually made from polyethylene, polypropylene, or polyethylene terephthalate, and 

constitutes almost 40% of total plastic production (Geyer et al. 2017, Chen et al. 2021). The design 

of single-use packaging and the ‘throwaway’ culture it promotes means most plastic ends up as 

waste (Geyer et al. 2017).  

1.3 Plas5c waste 

Global production of plastic has outpaced our ability to deal with plastic waste in a safe 

and sustainable manner. Over 70% of plastics produced since 1950 has entered landfills or leaked 

into the environment (OECD 2022, Liu et al. 2024). The remaining plastics have been recycled or 

incinerated (Liu et al. 2024; OECD, 2022), neither of which are free of environmental nor human 

health impacts (Tait et al. 2020, Shen et al. 2020, Landrigan et al. 2025). Due to the 

mismanagement of plastic waste, a cumulative 139 million tonnes of plastic waste have entered 

aquatic environments (OECD, 2022). The majority of plastic debris originates from land-based 

activities including mismanaged waste from households (e.g., single-use plastics, packaging), 

industry (e.g., pre-production pellets, aquaculture gear), and wastewater (e.g., textiles, personal 

care products; Barnes et al. 2009, Jambeck et al. 2015, Duis and Coors 2016). The remaining 

proportion comes from maritime activities like fishing and shipping (Andrady 2011, Jambeck et 

al. 2015). For instance, lost or abandoned fishing gear such as ghost nets, contribute 640 000 

tonnes of plastic pollution to the marine environment every year (Richardson et al. 2018). Other 

entry points of plastics into the environment include runoff from roads, stormwater, agriculture, 
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and wastewater effluent; wind-blown from land; and atmospheric release from textiles and road 

dust (Horton et al. 2017a, Rochman 2018, De Falco et al. 2020, Grbić et al. 2020, Evangeliou et 

al. 2020).  

 

Figure 1.2. Global leakage of microplas}cs and macroplas}cs to the environment in 2019. From 

OECD, 2022. Source: OECD Global Plas}cs Outlook Database, h�ps://doi.org/10.1787/c0821f81-

en. 

 

1.4 Plas5c degrada5on and microplas5cs  

Plastics are resistant to degradation and can remain in the environment for decades or 

even centuries (Barnes et al. 2009). Throughout this time, they fragment into smaller pieces via 

exposure to different abiotic and biotic conditions (Andrady 2011, Zhang et al. 2021). Abiotic 

degradation includes mechanical abrasion or chemical degradation via photo-oxidation and 

thermo-oxidation (Andrady 2011; Zhang et al. 2021). Biotic degradation can occur via mechanical 

https://doi.org/10.1787/c0821f81-en
https://doi.org/10.1787/c0821f81-en
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break-up by organisms (e.g. chewing), and fragmentation during digestion, or by microorganism 

degradation (Pathak and Navneet 2017, Dawson et al. 2018, Zhang et al. 2021). As plastics 

fragment, microplastics are generated. Microplastics are plastic particles and fibres < 5 mm in 

the longest dimension (Commission Regulation (EU) 2023). The exact size definition of 

microplastics varies in the literature, with some using an upper limit of 1 mm (Hartmann et al. 

2019). The lower size limit is typically defined at 1 µm; particles below this size threshold are 

subsequently labelled as ‘nanoplastics’. Most microplastics are formed from the break-up of 

larger plastics (i.e., secondary microplastics) but they can also be manufactured, for example, the 

plastic particles found in personal care products or as pre-production pellets (Cole et al. 2011). 

There are two categories of secondary microplastics: those that are released during use of the 

product (e.g., tyre and paint particles, microfibres from clothing and textiles) and those that are 

fragmented and released after the product has been discarded in the environment (OECD 2022, 

Thompson et al. 2024). The three largest sources of microplastics to the environment are 

macroplastics, tyres, and paints (Thompson et al. 2024; Figure 1.3). 

 

Figure 1.3. Major sources of microplas}cs to the environment. (A) Six key sources of 

microplas}cs. (B) The rela}ve contribu}on of each source to the marine environment. From 

Thompson et al. (2024).  
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1.5 Nega5ve impacts of microplas5cs 

The small size of microplastics makes them of environmental concern owing to their 

capacity for long-range transport and bioavailability. Microplastics have permeated all 

environmental compartments: soils and shorelines, freshwater and marine waters, sea ice, the 

deep sea, the atmosphere, and remote areas (Browne et al. 2011, Cole et al. 2011, Van 

Cauwenberghe et al. 2013, Obbard et al. 2014, Dris et al. 2016, Horton et al. 2017b, Rochman 

2018, Napper et al. 2020). Their global prominence means they have been found in every level 

of the food web and even in human tissues (Leslie et al. 2022, Jenner et al. 2022). While research 

into microplastics and human health is still in its infancy, the presence of microplastics in the 

environment was first documented in the 1970s (Carpenter and Smith 1972). Subsequently, 

research into the impacts of microplastics began in the early 2000s and has increased 

exponentially (Thompson et al. 2004, Cole et al. 2011, Zhang et al. 2020). To date, microplastics 

have been detected in over 1300 aquatic and terrestrial species (Thompson et al. 2024). The 

presence of microplastics in the environment and wildlife is undeniable. However, there is still 

uncertainty on whether current levels of microplastics cause harm to the natural environment. 

There is evidence of effects across all levels of biological organization (Bucci et al. 2020, Kögel et 

al. 2020). Yet, effects from microplastics are highly variable, with some studies not detecting an 

effect, and effects differing based on the organism and the type and quantity of microplastics 

ingested (Bucci et al. 2020, Thornton Hampton et al. 2022). The effects of microplastics on biota 

can be both physical and chemical in nature. Physical impacts from microplastics include blockage 

of the gastrointestinal tract, food dilution, and internal abrasion (Wright et al. 2013, Foley et al. 

2018, de Ruijter et al. 2020). Microplastics can also leach toxic additives or adsorbed pollutants 

into tissues of biota (Rochman 2016). For instance, microplastics accumulate persistent organic 

pollutants (e.g., polycyclic aromatic hydrocarbons, polychlorinated biphenyls) and trace metals, 

and the presence of these sorbed pollutants on microplastics has been shown to induce lethal 

and sublethal effects in organisms (Browne et al. 2013, Rochman et al. 2014). Exposure to 

microplastics has been demonstrated to adversely affect survival, growth, reproduction and 

ecological function in a wide range of organisms (Gunaalan et al. 2020, Thompson et al. 2024, 

Boháčková and Cajthaml 2024). The potential for harm from microplastics is evident. If current 
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levels of plastic production, and consequently waste, are maintained, it is only a matter of time 

before we see the effects from microplastics significantly erode planetary and human health.  

1.6 The complexity of microplas5cs 

Microplastics are a unique contaminant because of the sheer complexity and diversity in 

their particle characteristics (Rochman et al. 2019). Microplastics vary in physical and chemical 

properties such as size, shape, colour, density, polymer type, chemical mixtures, and surface 

chemistry (Lambert et al. 2017, Rochman et al. 2019; Figure 1.4). It is important to recognize this 

complexity because differences in particle characteristics affects their toxicity, environmental 

transport, and recovery from environmental samples (Lambert et al. 2017, Rochman et al. 2019, 

Thornton Hampton et al. 2023). For example, the physical properties of microplastics determines 

buoyancy which ultimately determines their transport and fate within aquatic systems (Filella 

2015). However, these properties can change over time due to environmental exposure, 

degradation, and interactions with biota (Cole et al. 2016, Lambert et al. 2017, Zhang 2017). 

Particle density is initially dependent on polymer type, but once in the environment, biofouling 

from microorganisms, egestion via faecal pellets, or flocculation with other particles can occur, 

this alters particle density and consequently distribution (Wang et al. 2021, Wu et al. 2024). As 

such, low-density polymers have been found in benthic sediments (Van Cauwenberghe et al. 

2013). Microplastics are sometimes thought of as one contaminant type resulting in simplified 

experiments or policies, however, recognition of microplastics as a diverse contaminant suite is 

necessary for a holistic understanding of their sources, transport, fate, and effects (Rochman et 

al. 2019).  



 28 

 

Figure 1.4. The different characteris}cs of microplas}cs including polymer type, chemical 

addi}ves, product type, size, morphology, colour, and sorbed contaminants (eco-toxins). From 

Rochman et al. (2019).  

 

1.7 Microplas5c transport and the plas5c cycle  

Despite the increase in microplastics research over the last two decades, there are still 

many unknowns, particularly around the transport and fate of microplastics. More recently, 

Horton and Dixon (2018); and further built upon by Bank and Hansson (2019) proposed the 

concept of the ‘plastics cycle’, wherein plastics transfer through abiotic and biotic compartments 

similar to the water, nutrient, and carbon cycles (Figure 1.5). Because microplastics research 

began with a focus on the marine compartment, it was initially thought that oceanic sediments 

were the final fate for microplastics, with rivers acting as conduits between the land and ocean 

(Law 2017, Hoellein and Rochman 2021). Attempts to quantify the plastics budget noted that 

estimates of plastics flowing into the ocean were greater than estimates of plastics at the sea 

surface, prompting investigations into the ‘missing ocean plastics’ (Cózar et al. 2014, Law 2017, 

Weiss et al. 2021, Isobe and Iwasaki 2022). However, these investigations work under the 

assumption that plastics have a ‘final fate’ or ‘sink’, operating in defined environmental 

compartments (e.g., freshwater, marine, terrestrial, and atmospheric), rather than a dynamic 

cycle with multiple pools and fluxes across inland, coastal, and oceanic systems (Horton and 
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Dixon 2018, Hoellein and Rochman 2021). Indeed, microplastics have now been linked to the 

global dust and water cycles (Bergmann et al. 2019, Brahney et al. 2020). Investigating the 

transport and fate of microplastics throughout different environmental compartments will help 

balance the so-called ‘plastics budget’ (Zhu 2021).  

 

Figure 1.5. First conceptual model of the ‘Plas}cs Cycle’ as defined by Horton and Dixon (2018). 

Orange boxes represent plas}c sinks, blue boxes represent transport mechanisms, and arrows 

represent transport pathways. From Horton & Dixon (2018).  

 

1.8 Microplas5cs and vegeta5on 

There have been multiple proposed ‘sinks’ for microplastics such as Arctic sea ice, the 

deep sea, and biota (Cózar et al. 2014, Woodall et al. 2014), as well as aquatic vegetated areas 

(Huang et al. 2020, Martin et al. 2020, de Smit et al. 2021, Lloret et al. 2021, Li et al. 2023b). 

Indeed, microplastics have been quantified in the sediment and canopies of freshwater and 

coastal macrophytes (Feng et al. 2020, Yin et al. 2021, Hernán et al. 2024). Coastal vegetated 

habitats (e.g., saltmarshes, mangroves, and seagrasses) are of particular interest because these 

areas already provide many ecosystem services such as carbon sequestration, storm protection, 

biodiversity promotion, and water quality enhancement (Barbier et al. 2011, Spalding et al. 2014, 
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Hagger et al. 2022). The high levels of microplastic accumulation in these habitats has prompted 

some to suggest this as a novel ecosystem service – the entrapment of microplastics (Sanchez-

Vidal et al. 2021, Gallitelli and Scalici 2024, Paduani et al. 2025). Others have argued against this 

proposition due to the adverse effects plastics can cause to ecosystem functioning. Instead, they 

contend that plastic entrapment is an unintended consequence of pollution, eventually bringing 

net negative impacts to these systems (Rangel-Buitrago et al. 2024). Before determining whether 

the entrapment of plastics in coastal wetlands brings positive or negative outcomes for the 

planet, another question should be answered first: are these systems truly a sink for 

microplastics? The presence of microplastics in coastal wetlands is well established – we know 

they are everywhere. To classify a system as a sink, there must be more microplastics entering a 

system than exiting (Zhu 2021). Coastal vegetated systems are highly dynamic, experiencing daily 

and seasonal changes in hydrodynamic energy, biotic communities, and pollution sources (de 

Deckere et al. 2001, Tolhurst et al. 2002, Möller and Spencer 2002, Lee et al. 2006, Wu et al. 

2020, Lloret et al. 2021). Most research in coastal vegetated habitats only quantifies microplastics 

in one compartment (i.e., sediment) at one time point, and do not compare to relevant 

unvegetated areas. Because of this discrepancy, it could be that microplastic accumulation in 

these areas are not due to the presence of vegetation but instead are due to other factors. A few 

studies have detected increased levels of microplastics in vegetated areas compared to 

unvegetated ones (Huang et al. 2020, 2023, Jones et al. 2020, Zhao et al. 2022, Pinheiro et al. 

2022), but others have not detected a difference (Cozzolino et al. 2020, Unsworth et al. 2021, 

Wright et al. 2023, Ledet et al. 2024). There are also less than 20 studies quantifying microplastics 

in saltmarshes to date (Figure 1.6). Therefore, it is unclear if these areas really act as a sink. A 

more appropriate term may be ‘reservoir’ until we know more about microplastic flux in and out 

of coastal vegetated systems. A reservoir is a place of storage for a particular substance and could 

be either a source or a sink of microplastics depending on the level of flux under different 

conditions and/or at different times (Zhu 2021). Deciphering what could be promoting (or not 

promoting) microplastics deposition in coastal vegetated systems is necessary to understand the 

role of vegetation on microplastic behaviour, cycling, and fate.  
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Figure 1.6. Loca}ons of studies inves}ga}ng microplas}cs in saltmarsh sediments. Data from 

Chapter 3 (Table 3.2).  

 

1.9 Aims and objec5ves 

This thesis explores the question “are coastal wetlands a sink for microplastics?” with a 

focus on saltmarshes. I hypothesize that coastal wetlands are a temporary reservoir of 

microplastics rather than a sink, and because of the dynamic nature of coastal systems this is 

dependent on many variables. In pursuit of this goal, I investigate the underlying drivers of 

microplastic fate in saltmarshes through one laboratory-based study, a methods comparison 

study, and two field-based studies. Together, my chapters increase our knowledge of the 

underlying factors affecting microplastic accumulation in coastal wetlands, highlights the 

transient and dynamic nature of these systems, and contributes to our understanding of coastal 

wetlands as a microplastic sink: 
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Chapter 2: Microplastic Shape Influences Fate in Vegetated Wetlands: A Laboratory 

Investigation 

Research Aim: Investigate three factors that could influence microplastic depositional 

patterns in a simulated coastal wetland: presence of vegetation, structural complexity of 

vegetation (grassy vs. branched), and microplastic type. 

Research Objectives:  

i. Use a controlled experimental approach with a flume system to isolate specific 

variables potentially affecting microplastic deposition.  

ii. Quantify microplastics in sediment, on vegetation, and in water across different 

artificial vegetation scenarios (no vegetation, grassy vegetation, branched 

vegetation.  

iii. Compare microplastic depositional patterns of varying microplastic shapes, sizes, 

and densities.  

Hypothesis: Vegetation type and microplastic characteristics will affect microplastic 

entrapment and deposition in a vegetated canopy. 

Chapter 3: Method Comparisons: Positive Controls with Representative Materials are 

Essential for the Advancement of Microplastics Research 

Research Aim: Demonstrate the importance of method validation tests in microplastics 

research in an exploratory methods-based study. 

Research Objectives:  

i. Discuss the value and challenges of method validation tests (i.e., recovery rate 

tests, spike-recovery tests) in microplastics research. 

ii. Use a comparative experimental approach to assess the microplastic recovery 

rates of different methods for isolating microplastics from saltmarsh sediments 

and leaf surfaces in the laboratory.   

iii. Compare two methods of microplastic characterisation: visual microscopy with 

micro-FTIR vs. FTIR imaging.  



 33 

Chapter 4: Exploring Vegetation Complexity as a Driver of Microplastic Accumulation in a North 

Norfolk, UK Saltmarsh 

Research Aim: Explore the influence of vegetation structure and diversity on microplastic 

deposition in saltmarsh sediments in a field-based investigation. 

Research Objectives:  

i. Quantify microplastic content in sediments from a North Norfolk, UK saltmarsh 

across four levels of vegetation diversity: unvegetated, monospecific grass, 

monospecific branched, and diverse. 

ii. Compare the level of microplastic content in saltmarsh sediments between 

unvegetated and vegetated areas and across areas with increasing vegetation 

complexity. 

iii. Evaluate differences in microplastic characteristics (e.g., shape, size) across 

saltmarsh sediments with varying types of vegetation cover.  

Hypothesis: Vegetation complexity, determined by structural differences and species 

diversity, will influence underlying sediment microplastic content and composition. 

Chapter 5: Saltmarsh Sink: The Role of Saltmarsh Vegetation in Microplastic Flux in the Tamar 

Estuary, UK 

Research Aim: Explore whether microplastics are exported from a saltmarsh by adhering 

to detrital leaves in a field-based investigation. 

Research Objectives:  

i. Compare microplastic levels on saltmarsh leaf surfaces across three leaf stages 

(alive, dead, outflowing detritus) from a saltmarsh in the Tamar Estuary, UK. 

ii. Evaluate the relationship between microplastic adherence levels and leaf surface 

area. 

iii. Estimate the possible level of microplastic export via leaf detritus from Tamar 

Estuary saltmarshes. 

Hypothesis: Microplastics can be exported out of vegetated systems via leaf litter 

because they adhere to vegetation blades.  
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Chapter Two 

Microplastic Shape Influences Fate in Vegetated Wetlands: A Laboratory 
Investigation 

 

 

Coastal areas are prone to plastic accumulation due to their proximity to land based 

sources. Coastal vegetated habitats (e.g., seagrasses, saltmarshes, mangroves) provide a myriad 

of ecosystem functions, such as erosion protection, habitat refuge, and carbon storage. The 

biological and physical factors that underlie these functions may provide an additional benefit: 

trapping of marine microplastics. While microplastics occurrence in coastal vegetated sediments 

is well documented, there is conflicting evidence on whether the presence of vegetation 

enhances microplastics trapping relative to bare sites and the factors that influence microplastic 

trapping remain understudied. We investigated how vegetation structure and microplastic type 

influences trapping in a simulated coastal wetland. Through a flume experiment, we measured 

the efficiency of microplastic trapping in the presence of branched and grassy vegetation and 

tested an array of microplastics that differ in shape, size, and polymer. We observed that the 

presence of vegetation did not affect the number of microplastics trapped but did affect location 

of deposition. Microplastic shape, rather than polymer, was the dominant factor in determining 

whether microplastics were retained in the sediment or adhered to the vegetation canopy. 

Across the canopy, microfibre concentrations decreased from the leading edge to the interior 

which suggests that even on a small-scale, vegetation has a filtering effect. The outcome of this 

This chapter is a reformatted version of my publication:  

McIlwraith, H.K., Lindeque, P.K., Miliou, A., Tolhurst, T.J. and Cole, M., 2024. Microplastic 

shape influences fate in vegetated wetlands. Environmental Pollution, 345, p.123492. 

10.1016/j.envpol.2024.123492 

HM conceptualized and carried out the experimental design, investigation and data collection, 

formal analysis, and writing. MC, TT, PKL, and AM contributed to conceptualization, 

experimental design, and review and editing.  

https://doi.org/10.1016/j.envpol.2024.123492
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study enriches our understanding of coastal vegetation as a microplastics sink and that 

differences among microplastics informs where they are most likely to accumulate within a 

biogenic canopy.  
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2.1 Introduction  

Plastic debris is found in elevated concentrations in coastal waters, which include highly 

valued vegetated ecosystems such as mangroves, saltmarshes, and seagrasses (Paduani 2020, 

Harris et al. 2021, Ouyang et al. 2022). Plastic debris is persistent, harmful, and can break-up into 

smaller pieces called microplastics (< 5 mm in size), contributing to environmental accumulation 

and harm (Browne et al. 2007, Cole et al. 2011). Coastal wetlands have many ecosystem functions 

that benefit both human and wildlife communities, including coastal protection, erosion control, 

habitat refuge, and carbon storage (Chmura et al. 2003, Barbier et al. 2011, Barbier 2013, 

Spalding et al. 2014), with vegetation canopies dampening wave action, decreasing turbulence, 

and promoting sediment deposition (Gacia et al. 1999, Terrados and Duarte 2000, Infantes et al. 

2012, Möller et al. 2014). Similarly, coastal vegetation might play a role in the entrapment of 

macroplastic and microplastic debris (Yao et al. 2019, Waldschläger et al. 2022). Understanding 

microplastics distribution and interactions in coastal systems is key for protecting these 

important areas.  

Microplastics can enter coastal vegetative habitats from both riverine and marine 

sources, or by the degradation of trapped macroplastics (Weinstein et al. 2016, Biltcliff-Ward et 

al. 2022). A number of studies have suggested such habitats may act as a microplastics sink (e.g., 

Huang et al. 2020, de los Santos et al. 2021, Kreitsberg et al. 2021, Lloret et al. 2021, Navarrete-

Fernández et al. 2022), and several field studies have demonstrated vegetated coastal wetlands 

trap more microplastics than unvegetated sites (Huang et al. 2020, 2023, Jones et al. 2020, Zhao 

et al. 2022, Pinheiro et al. 2022, Ogbuagu et al. 2022). Yet the mechanisms by which microplastics 

become entrapped remain poorly elucidated. These studies postulate that because vegetation 

reduces local turbulence and bed shear stress thereby promoting sediment deposition, the same 

mechanisms also promote microplastics deposition (Waldschläger et al. 2022). It has also been 

observed that microplastics can adhere to the vegetation itself (Goss et al. 2018, Jones et al. 

2020). However, other field studies have found no difference in microplastic concentration 

between bare and vegetated sites (Cozzolino et al. 2020, Unsworth et al. 2021, Wright et al. 

2023). A meta-analysis by Biltcliff-Ward et al. (2022) found a negligible difference in microplastic 

concentration between bare and vegetated sites. There are many factors that may influence 
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whether a difference is observed, such as where samples are collected within a study area. For 

instance, many studies sample from the dense interior of a canopy (Wu et al. 2020, Cozzolino et 

al. 2020, Unsworth et al. 2021). It is known, however, that sediment and nonmotile fauna 

typically accumulate on the edge of a canopy (Leonard et al. 2002, Bologna and Heck 2002). 

Studies investigating spatial variation of microplastics in coastal vegetation found a similar 

pattern to sediment deposition – increasing microplastics with proximity to the vegetation edge 

(Yao et al. 2019, Helcoski et al. 2020, Navarrete-Fernández et al. 2022), although the inverse 

pattern was observed in one study in Southern Brazil (Pinheiro et al. 2022). Other factors that 

may influence microplastics accumulation in bare vs. vegetated sites include: nearby population 

density and proximity to plastic sources; water depth; flow; tidal flux, phase and cycle; 

bathymetry; sampling and laboratory methodology (Jones et al. 2020, Lloret et al. 2021, Wu et 

al. 2020).  

Given the myriad of drivers that can influence microplastic deposition, some insight can 

be drawn from well-established sedimentology research (Lofty et al. 2023). There are many 

additional factors that are known to influence sedimentation that have yet to be tested for 

microplastics, such as canopy structural complexity, frontal area of vegetation, vegetation 

species and morphology, local hydrodynamics, and topography (Hendriks et al. 2010, Wilkie et 

al. 2012, Bouma et al. 2013, Chapman et al. 2015, Chen et al. 2018). Half of all plastic types have 

a lower density than seawater (Ballent et al. 2013). Due to their low density and slow settling 

velocity, it is generally assumed that microplastics act most like fine grained sediments (e.g., clay, 

silt) and organic matter (e.g., leaves, wood, algal debris)(Harris 2020). However, there is a 

discrepancy in the literature on whether a relationship exists between microplastic abundance 

and fine sediments and organic matter (Enders et al. 2019). Particle size, shape, and density will 

affect particle transport and deposition (Waldschläger and Schüttrumpf 2019), and microplastics 

come in diverse shapes and sizes that vary from sediment grains (e.g., fibres). It is for these 

reasons that microplastic dynamics are likely different to those for natural sediments (Bridge and 

Bennett 1992, Horton and Dixon 2018, Mendrik et al. 2023).   
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Controlled laboratory flume experiments have started to identify the drivers of 

microplastic entrapment, these include: water flow, plant density, presence of infauna, 

microplastic polymer type and size, and bed roughness (de los Santos et al. 2021, Ogbuagu et al. 

2022, Cozzolino et al. 2022). These studies used live macrophytes taken directly from the 

environment, which maintains environmental relevance but makes it difficult to isolate individual 

drivers. For instance, the physical barrier of the plant structure and the epibiont and biofilm 

coverage on vegetation blades are both factors that could influence microplastics trapping but 

are difficult to unpack from each other with living plants (de Smit et al. 2021, Ogbuagu et al. 

2022). Many of these studies used large industrial pellets as a proxy for microplastics, which are 

less commonly found in the environment and may act more similarly to fine grained sediments 

(de los Santos et al. 2021, Harris 2020, Ogbuagu et al. 2022). In contrast, fibres and small particles 

< 2 mm are more abundant in the environment and are less likely to act like sediment, and so 

should be incorporated into more studies (Harris 2020, Athey and Erdle 2022).  

Using a laboratory flume, we test the hypothesis that the presence and physical structural 

complexity of vegetation will affect microplastic trapping and that differences in microplastic 

type will affect their depositional patterns. We predict that more complex vegetation will trap 

higher loads of microplastics than less complex vegetation. Furthermore, the effect of 

microplastic shape, size, and polymer type on vegetative interaction and depositional patterns 

were assessed. The results provide insight on some of the potential variables affecting 

microplastic trapping in aquatic vegetation canopies and will help to inform potential hotspots 

of contamination.  

2.2 Methods  

2.2.1 Flume tank   

Experiments were conducted using a closed-loop flume system (Figure 2.1, Armfield 

Sediment Transport Channel S8 MKII), comprising a linear test section (1.5 m length, 0.08 m 

width, 0.11 m height). The pump provided a constant mean flow velocity of 14.7 cm/s, consistent 

with similar flume set-ups (Cozzolino et al. 2022; de Smit et al. 2021). Flow velocities within the 

flume were measured in triplicate using a flowmeter (Valeport801) at three points in the middle 
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of the water column: upstream, midstream, and downstream (represented by black dots in Figure 

2.1). To ensure microplastics were kept suspended when transporting through the system, two 

submersible pumps (Boyu FP-350) were inserted into the influent tank and one in the discharge 

tank (Boyu FP-100; shown in Figure 2.1).  

 

Figure 2.1. Schema}c of close-looped flume tank set up with ar}ficial vegeta}on and sand. Flow 

velocity was measured at three points represented by black dots in the upper panel (side view). 

Green dots in lower panel (top view) represent placement of ar}ficial vegeta}on. Submersible 

pumps were used to maintain flow of microplas}cs through the flume tank. Water was sampled 

throughout the experiment; sediment and vegeta}on were sampled at the end to quan}fy 

microplas}c deposi}on.  

2.2.2 Vegeta5on scenarios   

To compare the influence of both the absence and presence of vegetation and the 

complexity of vegetation on microplastic deposition, three treatments were employed: (1) flat 
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sand with no vegetation (control, N=3); (2) grassy vegetation (N=3), comprising artificial plants 

with a 0.2 cm diameter stem and 8 flat blades protruding upwards; and (3) branched vegetation 

(N=3), comprising artificial plants with a 0.2 cm diameter stem and 6 branches with 12 round 

leaves each (Figure 2.2, S2.1, S2.2). Artificial plants, constructed from polyethylene, were used in 

lieu of real vegetation to ensure that all plants were a uniform size and shape and to minimise 

other biological influences on microplastic behaviour, such as surface biofilms. Surface area of 

plants was calculated by measuring the length and width of each part of the plant. The stems and 

branches were assumed to be cylinders, grass blades as rectangles, and rounded leaves as circles. 

Total surface area was the summation of the stem, branches, and both sides of the leaves and 

blades. Only the submerged part of each plant was included in the measurements. To maintain 

the stability of the artificial plants, they were inserted into 2 mm pre-drilled holes within an 

acrylic sheet (0.08 m long x 0.5 m wide x 3 mm thick), placed on the base of the central area of 

the flume. The holes were drilled in an irregular pattern but were spread across the length of the 

acrylic sheet (shown in Figure 2.1). The sheet was placed in the same orientation for each 

experimental run and 23 plants were inserted for each flume run to achieve a vegetation density 

of 575 plants m-2 which is a density found within 5 m of a saltmarsh edge (Neumeier and Amos, 

2006). Acrylic sheets without plant inserts were used during the control runs to account for 

potential confounds. Prior to each run, 2.4 L of well-sorted sand was added to the flume (mode 

grain size: 262 µm, measured with a Malvern Mastersizer 2000; Figure 2.3), covering the acrylic 

sheet to a depth of 2 cm. Only sand was permitted in the flume, rather than silt, because of the 

nature of the pump set-up. To prevent the accidental introduction of microplastics to the test 

system, sand was baked at 500°C for a minimum of 4 hours to combust any polymers present.   
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Figure 2.2. Flume tank set-up for control (A), grassy plants (B), and branched plants (C). 

 
Figure 2.3. Grain size distribu}on of sand used in the flume, from a Malvern Mastersizer 2000. 

2.2.3 Microplas5cs  

To account for the diverse array of microplastics found in environmental samples, the 

experimental system was spiked with five types of easily identifiable microplastics varying in size, 

shape, and density (Table 2.1, Figure 2.4). Microplastics were easily identifiable because we chose 

distinct colours (purple, blue, red, white) that differed from the artificial plants (green). 

Microplastics were dosed at a concentration of 300 particles L-1 for each microplastic type, with 
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a total microplastic concentration of 1500 particles L-1. While these concentrations exceed 

environmental concentrations, they ensured that adequate levels of microplastics could be 

captured within samples.   

Table 2.1. Characteris}cs of microplas}cs included in the experiment. 

Polymer  Shape  Size (µm)  Density (g/cm3)  Colour  

PVC Flake 1000 1.38 Purple 

PET Flake 375 1.38 Blue 

PET Fibre 100 – 1000 (median: 610) 1.38 Red 

PA6,6 Fibre 100 – 1000 (median: 525) 1.14 Purple 

PA6,6 Fragment 1000 1.14 White 

 

  

Figure 2.4. Images of microplas}cs used in the experiment. PET flake (A), PVC flake (B), nylon 

fragment (C), nylon fibre (D), PET fibre (E).  

Polyethylene terephthalate (PET) and nylon (PA6,6) fibres were created by shaving and 

cutting fleece-like fabrics of each polymer type with a stainless-steel scalpel and scissors. The 

shavings were rinsed into a glass jar and vacuum filtered through a 1000 µm nylon mesh filter, 

and the filtrate vacuum filtered through a 100 µm nylon mesh filter. The 100-1000 µm fibres 
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collected on the mesh filter were rinsed with ultrapure water into a sterile glass jar and stored at 

room temperature prior to use. Fibre length was ascertained by measuring the length of fibres 

across five 0.1 mL subsamples of the stock solutions with ImageJ software (version 2.3.0). For PET 

and nylon (PA6,6) fibres, median length was 610 µm and 525 µm, respectively. Polyvinyl chloride 

(PVC) and PET flakes and nylon fragments were procured from domestic suppliers, weighed, and 

added directly to a 300 mL glass jar. Then, aliquots of both fibre types were added to the 

mixtures.   

Pilot tests using microplastics showed particles tended to float, flocculate, and adhere to 

sides of the flume. Therefore, microplastic mixtures were prepared in advance following a 

modified protocol from Ramsperger et al. (2020), by incubating them in filtered (2 µm, 

polycarbonate filter) lake water for 7 days at 30˚C and 100 RPM (VWR Incubating Orbital Mini 

Shaker) to allow a biofilm to form, though presence of a biofilm was not confirmed. Prior to 

experimental use, microplastics were filtered out using a 0.45 µm mixed cellulose ester filter, 

rinsed with ultrapure water, and stored in glass jars with 150 mL of ultrapure water. Following 

incubation, microplastic readily mixed within the treatment water and flocculation and 

adherence was visibly reduced.  

2.2.4 Experimental runs  

For each run, the flume was filled with 30 L of deionized (DI) water and the system turned 

on for 10 minutes prior to adding any plastics to allow the pump to prime. Microplastics were 

added to the flume by swirling the 300 mL glass jar containing the particles with 150 mL of DI 

water and releasing the contents of the jar into the influent tank in the direction of the test 

section. To track waterborne microplastic concentrations throughout the run, 200 mL water 

samples were taken five minutes after the addition of microplastics (T5), with subsequent 

samples collected every 15 minutes up to one hour (T20, T35, T50, T65). Water samples were 

collected by using a glass beaker to take dip-samples from the influent tank (adjacent to the 

entrance of the flume test section; Figure 2.1), which were thrice-rinsed into pre-labelled 300 mL 

glass jars.  
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At the end of the run, the pump was turned off and the water was left to drain out for 2 

hours, simulating the drainage of an intertidal area on an ebb tide. To determine the deposition 

of microplastics across the test section, sediment samples were collected: (i) upstream of the 

central zone (-12.5 cm); (ii) within the central zone; and (iii) at two points downstream of the 

central zone (+12.5 cm, and +25 cm; Figure 2.1). Samples were collected by scooping-up small 

sections of the sand (8 cm x 4 cm for upstream and downstream points; 50 cm x 8 cm for the 

central zone, with the entire depth collected from the sediment surface to the flume base) with 

a stainless-steel spoon and placing these samples in pre-labelled 300 mL glass jars (Figure S2.3). 

Due to erosion, transport and deposition during the experiment, depth of sand within and across 

sections varied from 0 cm – 5 cm depending on location and treatment run. Due to this variation, 

sediment across the entire central zone was collected. There was less variation in depth in the 

upstream and downstream points, so smaller sections were collected.  

To ascertain whether microplastics were adhering to the surface of the plants, three 

plants were sampled. For each run, the vegetation section was divided into three equal zones (17 

cm x 8 cm with 7 – 8 plants per zone), and a single plant was selected from: (i) the upstream; (ii) 

midstream; and (iii) downstream areas (Figure 2.1). Each plant was carefully removed from the 

acrylic base and rinsed thoroughly with DI water over a pre-labelled 300 mL glass jar to collect 

any adhered microplastics.   

Following each run, the flume was thoroughly cleaned by twice flushing the system out 

with DI water. A negative control test was run three times at random points throughout the study 

to ensure there was no contamination from previous runs of the flume and to ensure there was 

no airborne contamination of similar microplastics throughout collection and processing. For 

these tests, the flume was run without any plastics, sediments, or vegetation and two water 

samples were taken at 5 and 10 minutes after priming the pump. Samples from the blank runs 

contained 1 – 3 PA fibres and 0 – 1 PET fibres, and no flakes or fragments were present. Sample 

processing is described in Supplementary Information.   
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2.2.5 Sample processing  

Water and plant-adherence samples were vacuum filtered across 10 µm nylon mesh 

filters. Using a modified Computer Numerical Control (CNC) machine fitted with a camera, 24 

images of each filter were captured and stitched together using ImageJ software (version 2.3.0). 

Microplastics were quantified and their longest dimension measured on ImageJ.   

Sediment samples were dried at 50˚C overnight and then weighed. A density separation 

protocol, using a sediment-microplastic isolation (SMI) unit and ZnCl2 (r = 1.45 – 1.5 g/cm3), was 

conducted per the method of Coppock et al. 2017. In brief: for each sediment sample, 30 g of 

dried sediment was collected in a glass beaker and added to the SMI unit. 750 mL of ZnCl2 was 

added, and the sample mixed with a magnetic stir bar for five minutes, and then the solution left 

for 1 hour. The top layer of supernatant was vacuum filtered onto 10 µm nylon filters. Filters 

were imaged with CellSens software and an Olympus SZX16 microscope. Fibres were counted 

manually under the microscope and all other microplastics were quantified with ImageJ 

software.  

2.2.6 Data analysis   

Data was assessed for normality (Shapiro-Wilks Test) and homogeneity of variances 

(Bartlett’s test). When assumptions were met, ANOVA tests with post-hoc Tukey test were used. 

Alternatively, a Kruskal-Wallis test was used for non-parametric data. We tested whether there 

was a relationship between vegetation treatment and flow velocity. To compare differences in 

flow velocity across treatments and flume sections, individual tests were run for each section of 

the flume tank (i.e., upstream, midstream, downstream). To measure the rate of microplastic 

deposition across each vegetation treatment, we calculated the microplastic loss rate from the 

water column by the equation:   

𝐹𝑖𝑛𝑎𝑙	𝑀𝑃	𝑐𝑜𝑛𝑐𝑒𝑛𝑡𝑟𝑎𝑡𝑖𝑜𝑛	(T%&) − 𝐼𝑛𝑖𝑡𝑖𝑎𝑙	𝑀𝑃	𝑐𝑜𝑛𝑐𝑒𝑛𝑡𝑟𝑎𝑡𝑖𝑜𝑛	(𝑇&)
𝑇𝑜𝑡𝑎𝑙	𝑇𝑖𝑚𝑒  
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We tested whether there were effects on the microplastic loss rate from vegetation 

treatment or microplastic type. Only microfibres were included in the statistical tests because 

they were consistently present in the water samples, whereas the other microplastic types were 

not. Microplastics found on the vegetation were reported as microplastics per cm2. We compared 

microplastic concentrations across vegetation treatment and across vegetation zone. We also 

tested a two-way ANOVA with both vegetation treatment and zone as factors. However, Akaike 

Information Criterion (AIC) model selection distinguished the one-way ANOVA with vegetation 

zone as a factor was the best fit model. Microplastics in sediment were standardized by 

microplastics per cm2 and data was log transformed to maintain normality. We tested the 

relationship between vegetation treatment, sediment section, and microplastic concentration. 

We also calculated the percent relative abundance of each microplastic type across matrices and 

treatments by dividing the sum of each microplastic type by the total number of microplastics 

within matrix and treatment, multiplied by 100. Data was analysed using R statistical software 

(version 4.2.1) in an RStudio environment (version 2022.02.0+443), using significance level p < 

0.05.  

2.3 Results  

2.3.1 Vegeta5on effects on water flow velocity   

All treatments were characterised by a turbulent flow regime (Table 2.2). The grass 

treatment showed a decrease in flow velocity within the vegetation patch, whereas the branched 

treatment showed an increase (Figure S2.4). There was no significant difference in overall flow 

velocity across treatments (x2 = 3.1, p = 0.2, df = 2). However, the flow velocity across treatments 

measured within the vegetation patch was significantly different between the grass treatment 

with the control and branched treatments (F2,6 = 55, p = 0.0001; Figure S2.4). Flow velocities 

across treatments in the upstream (x2 = 5.6, p = 0.06, df = 2) and downstream (x2 = 2.5, p = 0.3, 

df = 2) sections of the flume were not significantly different (Figure S2.4).  
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Table 2.2. Mean flow velocity, Reynolds number, and flow regime for each experimental 

treatment. Reynolds number was calculated using the equa}on: 𝑅𝑒 = 	 !"#
$

, where 𝜌 is the 

density of the fluid, 𝑢 is flow speed, L is the water depth (6 cm), and 𝜇 is the dynamic viscosity 

of the liquid.   

Experimental test  Mean flow  Reynolds number  Turbulent or laminar 

flow  

Control  0.15  6879  Turbulent  

Grass  0.14  6420  Turbulent  

Branched  0.15  6879  Turbulent  

 

2.3.2 Microplas5c concentra5ons decreased in the water column over 5me.   

Combined PET fibre and PA fibre concentrations decreased over the course of the flume 

run in all treatments (Figure 2.5; Figure 2.6). The mean ± standard deviation (s.d.) rate of 

microfibre loss in particles min-1 from the water column was 5.5 ± 1.5 for control, 6.2 ± 1.3 for 

grass, and 5.0 ± 0.9 for branched treatments. There was no significant interaction between the 

effects of treatment and microfibre type (F2, 12 = 0.1, p = 0.9). Furthermore, there was no 

significant difference in microfibre rate of loss across treatments (p = 0.4) or between microfibre 

types (p = 0.3; Figure 2.5). The other microplastic types were generally found in low abundance 

in the water column, and the concentration of flakes in the branched treatment had a large 

variation at t20 and t35, but no notable pattern was discerned (Figure 2.6). Notably, flakes and 

fragments were observed to settle out of the water column quickly and travel along the sediment 

bed by saltation, rolling, and sliding.   
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Figure 2.5. Rate of microfibre loss from the water column over }me, for each vegeta}on 

treatment. Boxes represent the interquar}le range (IQR; 25th -75th percen}le), horizontal line 

indicates the median, and whiskers extend to the maximum and minimum values within 1.5x 

the IQR. X indicates the mean. 

 

  

Figure 2.6. Number of microplas}cs in the water column over the course of the flume run for 

each treatment and plas}c type.  
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2.3.3 Microplas5cs were trapped on vegeta5on blades.  

The number of microplastics adhered to the artificial plants did not differ significantly 

between the two vegetation treatments (Figure 2.7a). Grass and branched plants had a mean ± 

s.d. of 3.1 ± 1.8 and 3.3 ± 1.7 microplastics cm-2, respectively (F1,16 = 0.05, p = 0.8). However, 

variance of the microplastic concentration was best explained by vegetation zone. There was a 

significant difference between plants positioned upstream than those positioned downstream 

(ANOVA: F2,15 = 4.7, p = 0.03; Tukey: p = 0.03). Plants positioned in the middle of the patch were 

not significantly different from the other groups (p > 0.05). However, when both treatment and 

vegetation zone were included as interacting parameters, neither the interaction (F2,12 = 0.3, p = 

0.8) nor treatment (p = 0.8) was significant, and vegetation zone (p = 0.05) was borderline 

significant. The relative abundance of different microplastic types was similar across the two 

vegetation treatments, but the two types of flakes show a gradual decrease across vegetation 

zone for the branched treatment, and the grass treatment show an increase of both types of 

flakes in the midstream section (Figure 2.7b).  

 
Figure 2.7. (A) Number of microplas}cs (MPs) per cm2 adhered to vegeta}on for each treatment 

and vegeta}on sec}on. X represents the mean. Microplas}c concentra}ons differed significantly 

between the upstream and downstream sec}ons (F2,15 = 4.7, p = 0.03), but not by treatment. (B) 

Mean number of microplas}c types found at each vegeta}on zone and for each treatment.  
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2.3.4 Deposi5onal paWerns of microplas5cs in sediment varied.   

Total microplastic concentration in the sediment was not significantly different across 

treatments (p = 0.5), although there was more variability in the grass and branched treatments 

compared to the control (Figure 2.8a). The sediment section where microplastics deposited was 

significantly different (p = 0.009) and the interaction between treatment and sediment section 

was significant (F4,18 = 5.6, p = 0.001). For the grass treatment, microplastic concentrations 

between the vegetated central section and sections -12.5 cm upstream and +25 cm downstream 

of the central sections was significantly different; significant differences were not observed 

between upstream and either downstream sections, or between the central section and the 

+12.5 cm downstream section (Figure 2.8a; Table S2.1). In the branched treatment, microplastic 

concentrations were significantly different between the central section and the +12.5 cm 

downstream section (Figure 2.8a; Table S2.1). With no vegetation (control), there was a gradual 

increase in microplastic deposition across the sediment bed with the peak accumulation zone at 

+12.5 cm downstream and then a decrease at +25 cm downstream, but these differences were 

not significant (Figure 2.8a).   



 52 

 

Figure 2.8. Number of microplas}cs (MPs) per cm2 in sediment for each vegeta}on treatment 

and sediment sec}on, separated by (A) total microplas}c and (B-F) individual microplas}c type. 

X denotes the mean and le�ers denote significance groups based on post-hoc Tukey test. 
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When microplastic concentrations in sediment are split across microplastic type, the 

patterns within and across treatments vary (Figure 2.8b-f). Within the control treatment, 

microplastic fibre and fragment concentrations gradually increased and PET flakes decreased 

along the sediment bed, while PVC flakes were most abundant in the central section (Figure 2.8). 

The patterns observed in the grass treatment are largely the same across plastic types. All show 

a decrease in abundance along the sediment bed until they accumulate again at +25 cm 

downstream (Figure 2.8). Additionally, the two types of fibres show the same pattern in the 

branched treatment as in the grass treatment and oppose the pattern observed in the control 

treatment, whereas the flakes and nylon fragments show different depositional patterns to the 

grass treatment. All show a decrease in the central section and an uptick in the +12.5 cm 

downstream position, which is most noticeable with the nylon fragments (Figure 2.8). This 

increase in abundance in the downstream sections of the vegetation patch was observed during 

the grass and branched flume runs, where nylon fragments and some PVC and PET flakes were 

buried within a bedform just after the vegetation (Figure S2.5).   

2.3.5 Rela5ve abundance of each microplas5c type differed across matrices.  

Microplastic concentrations in water, adhered to vegetation, or deposited in the 

sediment varied depending on the type of microplastic. There was a higher proportion of fibres 

in the water and adhered to the plants than in sediment. The two types of flakes were mainly 

found on the vegetation and in sediment and nylon fragments were primarily found in the 

sediment (Figure 2.9a). Generally, these differences did not change between treatments, though 

the branched plants did have a higher proportion of the two flakes in the water column than the 

other treatments (Figure 2.9b). These patterns are grouped mainly by shape (e.g., fibre vs. flake) 

rather than polymer type (e.g., PET vs. Nylon).   
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Figure 2.9. Percent rela}ve abundance of microplas}c types across (A) matrices and (B) across 

vegeta}on treatments.  

2.4 Discussion   

In this experimental flume study, we observed that microplastic shape was an influencing 

factor in determining microplastic fate. For instance, a higher proportion of fibres were caught 

on the above ground canopy than deposited directly in sediment, while the opposite was true for 

flakes and fragments. Moreover, microfibre concentrations decreased from the leading edge of 

the vegetation canopy to the downstream end, indicating a filtering effect. Vegetation presence 

and complexity affected location of microplastic deposition. Burial of microplastics downstream 

of the vegetation patch was observed in both vegetation treatments but not the control and 

suggests that accumulation may occur over longer periods of time because of a potential for 

reduced resuspension.     

2.4.1 Vegetated habitats as a microplas5c sink.  

Microfibres settled out of the water column consistently over time and this decline was 

unaffected by the vegetation (Figure 2.5). Several studies have considered that plants act to 

reduce hydrodynamic flow causing microplastics to settle out (Cozzolino et al. 2022, de los Santos 

et al. 2021, de Smit et al. 2021, Ogbuagu et al. 2022, Waldschläger et al. 2022). In this study, the 

grass treatment did show a reduction in flow within the canopy, however it may not have been 
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sufficient to promote higher rates of microplastic settlement as compared to the control 

treatment. This suggests that increased trapping of microplastics requires other factors in 

addition to purely vegetation presence. This may include canopy size, canopy density, presence 

of infauna and epibiont coverage on plant blades, and bed roughness (Cozzolino et al. 2020, de 

los Santos et al. 2021, Jones et al. 2020, Ogbuagu et al. 2022, Zhao et al. 2022).   

While microplastic abundance in the sediment bed did not vary across vegetation 

treatments, the sites of highest microplastic deposition varied. Typically, highest microplastic 

concentrations were found prior to or after the vegetated canopies, as compared with the 

vegetated area itself. Obstacles in flowing water locally alter velocity and generate turbulence, 

which can cause increased sediment scour (increased erosion) at low obstacle density and 

skimming flow (less erosion) at high obstacle density (Mayaud et al. 2016). In the flume, we 

hypothesise that microplastics did not readily settle within the vegetation patches because both 

types of artificial plant increased flow velocity within the vegetation, and this was observed 

through increased scour at the base of the plants. At higher plant densities we hypothesize that 

skimming flow might result in a greater settling of microplastics within vegetation patches. The 

increased sediment scour is typical for the marsh grass Spartina alterniflora, where emergent 

stems with a narrow base followed by upper branching often create a maximum flow velocity 

near the bed (Leonard and Luther 1995, Leonard and Croft 2006, Nepf 2012). As we measured 

flow velocity at a single point in the middle of the canopy and these changes in velocity are small, 

this maximum velocity would not have been measured. Downstream of the vegetation patch, 

water velocity decreases in the absence of obstructions, thereby creating a deposition zone 

outside of the vegetation (Figure S2.5) (Chen et al. 2012, Follett and Nepf 2012). On a larger scale, 

this phenomenon occurs with grasses aiding the creation of sand dunes (Olson 1958). While the 

concentration of microplastics in the downstream sections were not significantly different 

between the control and vegetative treatments, this downstream deposition zone caused by the 

vegetation resulted in the burial of microplastics. This burial indicates that vegetation could help 

prevent resuspension of microplastics rather than solely promoting deposition (Figure S2.5). Over 

time, this may enhance the accumulation of microplastics on the edges of vegetated sediments. 

However, the experimental flume system used here was limited by using sand and these patterns 
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could have changed if other sediment types were used, such as clay and silt. For instance, this 

burial will be different for more muddy sediments which have different properties from sand, 

such as cohesion, reduced mobility and propensity for flocculation processes that promote 

microplastic adherence (Murray 1977, Grabowski et al. 2011). Nevertheless, in a field study, Xu 

et al. (2023b) also found that the reduction in sediment erosion by mangroves was the primary 

determinant of microplastic abundance rather than sediment accretion. The upstream 

accumulation of microplastics may be explained by a decrease in turbulent energy as water 

begins to flow through the vegetation, thereby causing sediments (and microplastics) to settle, 

and has been observed for sediments along tidal marsh creekbanks and edges (Neubauer et al. 

2002, Leonard et al. 2002).   

The accumulation of microplastics at the edges of vegetated canopies has been observed 

in tidal wetlands and mangrove forests (Yao et al. 2019, Helcoski et al. 2020, Duan et al. 2021) 

and is in accordance with fine sediment behaviour (Soler et al. 2020). However, flow conditions 

in the field are more complex and multidirectional (e.g., waves), whereas flow within a flume is 

restricted to unidirectional flow (Tinoco et al. 2020); and the flume used in this study is smaller 

than previous studies and may be more affected by constraints from flume width (Williams 1970). 

While flumes are useful for determining specific drivers of microplastic trapping on a fine scale, 

it is only representative of the parameters used. Across larger spatial and temporal scales, other 

driving forces may have a greater influence on microplastic trapping than those observed here. 

For instance, water depth and velocity change across tidal periods creating variable flow patterns 

and much more dynamic conditions (Neumeier and Ciavola 2004, Tinoco et al. 2020). Sediment 

composition can also influence microplastic retention (Greenshields et al. 2025). This work is a 

first step at isolating specific variables (i.e., physical structure of vegetation and microplastic type) 

that could be driving microplastics trapping in vegetated canopies, though there are many other 

drivers that can and have been explored (de los Santos et al. 2021, de Smit et al. 2021, Ogbuagu 

et al. 2022, Cozzolino et al. 2022).   
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2.4.2 Adherence to vegeta5on  

Branched and grassy artificial plants both had microplastics adhered to their surface, with 

higher concentrations of microplastics adhered to plants on the leading edge of the canopy than 

at the downstream end (Figure 2.7). This filtering pattern has been observed in the field with 

both macroplastics and microplastics (Yao et al. 2019, Stead et al. 2020, Navarrete-Fernández et 

al. 2022), where some have suggested that these coastal wetlands act as an estuarine ‘filter’ that 

mitigates plastic transport into the open marine environment (Biltcliff-Ward et al. 2022). Fibres 

were the predominant type of microplastic found attached to both types of plants. This is in 

alignment with what is found in the field, with a review showing microplastics have been 

identified on 10-100% of aquatic plant canopies and macroalgae sampled, with 76% of the 

microplastics identified being fibrous (Huang et al. 2023). Additionally, we observed some sand 

grains adhered to the surface of the artificial plants, usually at the node of where two blades 

connected or at leaf-stem nodes, suggesting there was a physical interaction and blockage by the 

artificial plants and the adherence of microplastics to plants was not just due to electrostatic 

attraction. Physical blockage, entanglement or hydrophobic attraction were likely the primary 

drivers of trapping in this simulated system, particularly as artificial plants were used. A limitation 

of this study is that the electrostatic attraction between the microplastics and artificial plants 

could have increased this adherence, despite attempts to create a biofilm on the microplastic 

particles themselves. In living plants, microplastics adherence could further stem from 

entrapment on epibionts (e.g., algae, hydroids, bryozoans) that increase surface area and 

roughness, microbial biofilms that secrete extracellular polymeric substances (EPS), algal mucus 

layers with polysaccharide compounds, and root systems that can affect vertical migration of 

microplastics (Gutow et al. 2016, Sundbæk et al. 2018, Jones et al. 2020, Sfriso et al. 2021, Zhao 

et al. 2022, Li et al. 2023b). Further work is needed to explore how biofilm coverage on vegetation 

influences microplastic adherence to vegetation blades. One study investigating road dust 

particle capture on submerged artificial vegetation found that particle capture increased with 

particle size, stem density, and biofilm presence (Fauria et al. 2015). Others have found that the 

submergence level, surface roughness, rigidity and flexibility, and complexity of aquatic canopies 

can affect trapping (Cozzolino et al. 2020, de Smit et al. 2021). As we used rigid and emergent 
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stems, the microplastics were ‘forced’ to flow through and interact with the plants. In contrast, 

flexible and submerged vegetation may provide more movement and potentially fewer 

microplastic-plant interactions. If silk, wooden, or live plants were used instead of the synthetic 

ones used here, potentially fewer microplastics could have adhered due to reduced electrostatic 

attraction or changes in stem flexibility. Alternatively, more microplastics could have adhered 

because of increased surface roughness on live plants. This is an area that requires further 

exploration. Still, the adherence of microplastics to vegetated canopies suggests that only 

quantifying microplastics in the sediment bed may not tell the full story of microplastic fate and 

field studies that collect more than one sample type (e.g., sediment, vegetation, water) would be 

beneficial for comparisons within a geographic area.   

2.4.3 Microplas5c pathways  

Here, we observed differences in microplastic fate primarily based on their shape (Figure 

2.9). In the environment, Helcoski et al. (2020) found a higher proportion of fragments in the 

sediment at the vegetation edge of a tidal wetland as compared to the interior of the vegetation. 

However, Huang et al. (2020) did not find a difference between microplastic shape in sediment 

inside and outside a seagrass canopy. A limitation of many existing field studies is that samples 

are taken from one area of a vegetated bed, so it is difficult to compare whether there are 

differences in concentrations of microplastic type across a bed. From flume studies, others have 

found differences based on polymer, noting that polymers with higher densities (PET and Nylon) 

are more likely to become trapped in a seagrass patch, but they did not compare differences 

among shapes (de los Santos et al. 2021). In sediments, grain shape does not differ as greatly as 

microplastic shape (e.g., fragments, fibres, flakes, spheres) and the differences between densities 

of commonly employed polymer particles (0.9 – 1.5 g/cm3) is narrower compared to sediment 

and organic matter particle densities (0.9 – 3.0 g/cm3; Harris 2020). Due to this variability, 

microplastic shape may have a more meaningful influence on transport. However, Waldschläger 

and Schüttrumpf (2019) did not observe a large effect from microplastic shape on erosion 

thresholds as compared to microplastic densities, but did note that while not statistically tested, 

spheres and fibres showed particularly different erosion behaviour from other shapes. Another 

study investigating microplastic dispersion across a German estuary noted that high density 
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fibres had similar dispersion patterns to non-fibrous low-density polymers (Enders et al. 

2019). Salinity is another factor that could have influenced microplastic depositional 

patterns.  Here, freshwater was used rather than salt water, which is more representative of 

areas higher upstream in an estuary rather than at the mouth of the estuary. Salinity can affect 

the surface charge and buoyancy of microplastics. For instance, Mendrik et al. (2023) found that 

salinity increased the settling velocity for higher density microplastics but lowered it for low 

density particles like polystyrene. These results were also shape specific, with no impact from 

salinity on the settling velocity of fibres (Mendrik et al. 2023). On a field study scale, Wu et al. 

(2020) did not find an effect from salinity on microplastic abundance in a vegetated tidal flat. 

Future studies could investigate how different salinity levels affect microplastic adherence to 

vegetation and whether there are changes in microplastic depositional patterns within a 

vegetated canopy.  

2.4.4 Conclusions  

Shape was the primary factor determining the fate of microplastics in a modelled coastal 

vegetative system. Presence of vegetation and differences in vegetation structure affected which 

area of the sediment bed microplastics deposited. Fibres were found in greatest abundance in 

the water and adhered to plants, whereas flakes were observed adhered to plants and deposited 

in sediment, and fragments were primarily found in the sediment. This pattern is indicative of 

how each microplastic shape travelled in this system: fibres were largely transported as 

suspended load, flakes travelled as suspended load and bedload, and nylon fragments were 

primarily transported as bedload. Here, we show that microplastic transport and deposition 

should not be generalised across all plastics, but rather differences in microplastic characteristics 

will affect where they accumulate and whether they are retained within a vegetated bed. 
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Chapter Two: Supplementary Information 

Table S2.1. Post-hoc Tukey test comparing microplas}c concentra}on in sediment across 

treatment and sec}on of the sediment bed.  

    DIFF  LWR  UPR  P ADJ.  

TREATMENT  Grass-Branched  0.1194063  

  

-
0.5092415
  

  

0.7480541
  

  

0.8839559
  

  

  Sand-Branched  0.3035107  

  

-
0.3251371
  

  

0.9321585
  

  

0.4613809
  

  

  Sand-Grass  0.18410439
0  

-
0.4445434
0  

0.8127521
8  

0.7475274
1  

            

POSITION  12.5Downstream-
Upstream  

0.07838488
  

-0.72347  0.880245  0.992958  

  25Downstream-
Upstream  

-
0.51943649
  

-1.3213  0.282423  0.303811  

  Within-Upstream  -
0.87997216
  

-1.68183  -0.07811  0.02777  

  25Downstream-
12.5Downstream  

-
0.59782136
  

-1.39968  0.204038  0.196007  

  Within-
12.5Downstream  

-
0.95835703
  

-1.76022  -0.1565  0.014998  

  Within-25Downstream  -
0.36053567
  

-1.1624  0.441324  0.608176  
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TREATMENT:POSITI
ON  

Grass:Upstream – 
Branched:Upstream  

0.56839  -1.24692  2.383697  0.989851  

  Sand:Upstream – 
Branched:Upstream  

0.007395  -1.80791  1.822702  1  

  Branched:12.5Downstre
am – 
Branched:Upstream  

0.927192  -0.88811  2.742499  0.780931  

  Grass:12.5Downstream 
– Branched:Upstream  

-0.47372  -2.28902  1.341591  0.997733  

  Sand:12.5Downstream – 
Branched:Upstream  

0.357463  -1.45784  2.172769  0.999827  

  Branched:25Downstrea
m – 
Branched:Upstream  

-0.77607  -2.59138  1.039237  0.913507  

  Grass:25Downstream – 
Branched:Upstream  

0.548294  -1.26701  2.363601  0.992358  

  Sand:25Downstream – 
Branched:Upstream  

-0.75475  -2.57006  1.060557  0.92676  

  Branched:Within – 
Branched:Upstream  

-1.26832  -3.08363  0.546984  0.374447  

  Grass:Within – 
Branched:Upstream  

-1.28254  -3.09785  0.532763  0.359302  

  Sand:Within – 
Branched:Upstream  

0.486734  -1.32857  2.302041  0.99714  

  Sand:Upstream – 
Grass:Upstream  

-0.561  -2.3763  1.254311  0.99084  

  Branched:12.5Downstre
am – Grass:Upstream  

0.358802  -1.4565  2.174109  0.99982  

  Grass:12.5Downstream 
– Grass:Upstream  

-1.04211  -2.85741  0.773201  0.646262  

  Sand:12.5Downstream – 
Grass:Upstream  

-0.21093  -2.02623  1.604379  0.999999  
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  Branched:25Downstrea
m – Grass:Upstream  

-1.34446  -3.15977  0.470847  0.297631  

  Grass:25Downstream – 
Grass:Upstream  

-0.0201  -1.8354  1.795211  1  

  Sand:25Downstream – 
Grass:Upstream  

-1.32314  -3.13845  0.492167  0.318057  

  Branched:Within – 
Grass:Upstream  

-1.83671  -3.65202  -0.02141  0.045609  

  Grass:Within – 
Grass:Upstream  

-1.85093  -3.66624  -0.03563  0.042891  

  Sand:Within – 
Grass:Upstream  

-0.08166  -1.89696  1.733651  1  

  Branched:12.5Downstre
am – Sand:Upstream  

0.919797  -0.89551  2.735104  0.788828  

  Grass:12.5Downstream 
– Sand:Upstream  

-0.48111  -2.29642  1.334196  0.99741  

  Sand:12.5Downstream – 
Sand:Upstream  

0.350068  -1.46524  2.165375  0.999858  

  Branched:25Downstrea
m – Sand:Upstream  

-0.78346  -2.59877  1.031842  0.908581  

  Grass:25Downstream – 
Sand:Upstream  

0.540899  -1.27441  2.356206  0.993145  

  Sand:25Downstream – 
Sand:Upstream  

-0.76214  -2.57745  1.053162  0.922322  

  Branched:Within – 
Sand:Upstream  

-1.27572  -3.09102  0.539589  0.366528  

  Grass:Within – 
Sand:Upstream  

-1.28994  -3.10525  0.525368  0.351566  

  Sand:Within – 
Sand:Upstream  

0.479339  -1.33597  2.294646  0.997491  

  Grass:12.5Downstream 
– 

-1.40091  -3.21621  0.414399  0.247832  
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Branched:12.5Downstre
am  

  Sand:12.5Downstream – 
Branched:12.5Downstre
am  

-0.56973  -2.38504  1.245577  0.989664  

  Branched:25Downstrea
m – 
Branched:12.5Downstre
am  

-1.70326  -3.51857  0.112045  0.079923  

  Grass:25Downstream – 
Branched:12.5Downstre
am  

-0.3789  -2.1942  1.436409  0.999699  

  Sand:25Downstream – 
Branched:12.5Downstre
am  

-1.68194  -3.49725  0.133365  0.087163  

  Branched:Within – 
Branched:12.5Downstre
am  

-2.19551  -4.01082  -0.38021  0.009027  

  Grass:Within – 
Branched:12.5Downstre
am  

-2.20974  -4.02504  -0.39443  0.008447  

  Sand:Within – 
Branched:12.5Downstre
am  

-0.44046  -2.25576  1.374849  0.998803  

  Sand:12.5Downstream – 
Grass:12.5Downstream  

0.831178  -0.98413  2.646485  0.87275  

  Branched:25Downstrea
m – 
Grass:12.5Downstream  

-0.30235  -2.11766  1.512952  0.999966  

  Grass:25Downstream – 
Grass:12.5Downstream  

1.02201  -0.7933  2.837316  0.670998  

  Sand:25Downstream – 
Grass:12.5Downstream  

-0.28103  -2.09634  1.534273  0.999984  

  Branched:Within – 
Grass:12.5Downstream  

-0.79461  -2.60991  1.0207  0.90084  
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  Grass:Within – 
Grass:12.5Downstream  

-0.80883  -2.62413  1.006478  0.890402  

  Sand:Within – 
Grass:12.5Downstream  

0.96045  -0.85486  2.775756  0.744027  

  Branched:25Downstrea
m – 
Sand:12.5Downstream  

-1.13353  -2.94884  0.681774  0.532215  

  Grass:25Downstream – 
Sand:12.5Downstream  

0.190831  -1.62448  2.006138  1  

  Sand:25Downstream – 
Sand:12.5Downstream  

-1.11221  -2.92752  0.703094  0.558733  

  Branched:Within – 
Sand:12.5Downstream  

-1.62579  -3.44109  0.189521  0.109049  

  Grass:Within – 
Sand:12.5Downstream  

-1.64001  -3.45531  0.1753  0.103099  

  Sand:Within – 
Sand:12.5Downstream  

0.129271  -1.68604  1.944578  1  

  Grass:25Downstream – 
Branched:25Downstrea
m  

1.324364  -0.49094  3.13967  0.31686  

  Sand:25Downstream – 
Branched:25Downstrea
m  

0.02132  -1.79399  1.836627  1  

  Branched:Within – 
Branched:25Downstrea
m  

-0.49225  -2.30756  1.323054  0.996852  

  Grass:Within – 
Branched:25Downstrea
m  

-0.50647  -2.32178  1.308833  0.996001  

  Sand:Within – 
Branched:25Downstrea
m  

1.262804  -0.5525  3.07811  0.380416  

  Sand:25Downstream – 
Grass:25Downstream  

-1.30304  -3.11835  0.512263  0.338097  


