[bookmark: _Hlk187666543]Light-Driven Enzyme Catalysis: Ultrafast Mechanisms and Biochemical Implications
YongLe He†, Marco Barone†, Stephen R. Meech‡, Andras Lukacs§ and Peter J. Tonge† *

†Center for Advanced Study of Drug Action and Department of Chemistry, Stony Brook University, Stony Brook, New York 11794, United States.
§Department of Biophysics, Medical School, University of Pecs, Szigeti str. 12, 7624 Pecs, Hungary.
‡School of Chemistry, University of East Anglia, Norwich, NR4 7TJ, U.K.

*Correspondence: peter.tonge@stonybrook.edu

Keywords: enzyme mechanism, light-activation, photoactivation, flavin, signal transduction, photolyase, photoreceptors


ABSTRACT
Light-activated enzymes are an important class of biocatalysts in which light energy is directly converted into biochemical activity. In most cases the light absorbing group is the isoalloxazine ring of an embedded flavin cofactor and in general two types of mechanism are in operation depending on whether the excited chromophore directly participates in catalysis or where photoexcitation triggers conformational changes that modulate the activity of a downstream output partner. This review will summarize studies on DNA photolyase, fatty acid photodecarboxylase (FAP), and the monooxygenase PqsL, where flavin radicals generated by excitation are directly used in the reactions catalyzed by these enzymes, and the blue light using FAD (BLUF) and light oxygen voltage (LOV) domain photoreceptors where flavin excitation drives ultrafast structural changes that ultimately result in enzyme activation. Recent advances in methods such as time-resolved spectroscopy and structural imaging have enabled unprecedented insight into the ultrafast dynamics that underly the mechanism of light-activated enzymes and here we highlight how understanding ultrafast protein dynamics not only provides valuable insights into natural phototransduction processes but also opens new avenues for enzyme engineering and consequent applications in fields such as optogenetics. 


INTRODUCTION
Ultrafast protein dynamics play a fundamental role in the functionality of light-activated enzymes, facilitating rapid and precise response to photon absorption.1 These enzymes contain an embedded chromophore and undergo intricate conformational changes upon illumination, triggering cascades of molecular events that culminate in catalytic activation or signal transduction.2,3 Understanding the ultrafast dynamics that underlie formation of the activated state provides crucial insights into the fundamental mechanisms governing enzyme function and light-driven biological processes. Advanced techniques including time-resolved spectroscopy and femtosecond serial crystallography have been applied to elucidate the ultrafast molecular events that control the coupling between light absorption and catalysis in photoactivated enzymes,1,4,5 which have also been used as model systems to understand how light-triggered ultrafast conformational changes control catalytic reactions in the cell. This review focuses on the ultrafast protein dynamics and activation mechanisms of blue light-activated enzymes that utilize an embedded flavin chromophore to absorb light. We do not include light activated enzymes that do not use a flavin such as phytochrome-activated di-guanylyl cyclase (PadC)6 or light-dependent protochlorophyllide reductases.7

FLAVIN COFACTORS IN ENZYMES
Flavin cofactors are derived from riboflavin (vitamin B2) and encompass a family of redox-active molecules known for their distinctive chemical properties and biological roles.8 Flavin cofactors, including flavin mononucleotide (FMN) and flavin adenine dinucleotide (FAD), exist in several oxidation states, each exhibiting unique reactivity and spectral characteristics,9 and serve as redox carriers, mediating electron transfer reactions, and as functional groups for nucleophilic catalysis and substrate activation (Figure 1).10


Figure 1: Structures and oxidation states of the flavin chromophore


Light-activated flavin enzymes represent a diverse group of proteins that utilize FAD or FMN as cofactors to initiate photochemical reactions in response to light stimulation. These enzymes play crucial roles in various biological processes, including photoreception, DNA repair, and metabolic regulation.11 Major classes of light-activated flavin enzymes include DNA photolyase, fatty acid photodecarboxylase (FAP), flavoprotein monooxygenase, and the Blue-Light Utilizing FAD (BLUF) and Light Oxygen Voltage (LOV) sensing domain photoreceptors. DNA photolyase repairs UV-induced DNA damage including cyclobutane pyrimidine dimers (CPDs) and 6-4 photoproducts (6-4PPs) following visible light excitation of a noncovalently bound FAD cofactor.12 In addition, to their role in DNA repair, photolyases are also the evolutionary ancestors of cryptochromes (CRYs) which represent another important class of light-activated flavoproteins, with multiple crucial biological roles in plants and in animals.13,14 FAP is an enzyme that utilizes blue light to decarboxylate fatty acids, leading to the production of hydrocarbons. The mechanism involves light-induced activation of the enzyme-bound FAD cofactor to initiate fatty acid decarboxylation.15 PqsL is a monooxygenase from Pseudomonas aeruginosa that catalyzes the hydroxylation of aromatic amines during the biosynthesis of 2-alkyl-4-hydroxyquinoline N-oxides (AQNO).16 LOV or BLUF light-sensing protein domains contain a flavin chromophore (either FMN or FAD) that triggers light-induced conformational changes in the protein matrix, resulting in downstream signaling events. BLUF and LOV domain photoreceptors are found in various organisms and regulate diverse cellular processes, including phototropism, circadian rhythms, and stress responses.17,18 The central function of the light-activated flavin enzyme is the ability to transduce photon energy into structural rearrangements that propagate through the protein scaffold, ultimately modulating the enzymatic activity or signaling output molecular events occur from ultrafast sub-ps timescale to biologically relevant sub-ms timescale.19

Ultrafast spectroscopic techniques, such as time-resolved and femtosecond laser spectroscopy, have emerged as powerful tools for probing the dynamics of light-activated enzymes with unprecedented temporal resolution. These techniques allow the capture of transient structural intermediates and elucidate the sequence of events following photon absorption, shedding light on the molecular choreography underlying enzyme activation and signal transduction pathways.1, 4 In this context, we will provide an overview of the current knowledge regarding ultrafast protein dynamics in light-activated enzymes. We will explore critical examples from the literature, highlighting the structural and functional implications of ultrafast conformational changes in these three classes of enzymes. Additionally, through interdisciplinary approaches combining structural biology, spectroscopy, and computational modeling, we can have a deeper insight into the fundamental principles of biological regulation by light.

Photolyase: A light-activated DNA repair enzyme
UV radiation from sunlight can induce the formation of covalent bonds between adjacent pyrimidine bases in DNA, leading to cyclobutane pyrimidine dimers (CPDs) and pyrimidine-pyrimidone 6-4 photoproducts (6-4PPs) which distort the DNA helix and interfere with DNA replication and transcription, potentially leading to mutations and cellular damage.20 Several systems exist to repair DNA damage including DNA photolyases which are found in plants, fungi, birds, fish, marsupials and some bacteria.12,21,22 DNA photolyases are members of the photolyase/cryptochrome superfamily which use FAD as the principal light absorbing cofactor and utilize a mechanism known as photoreactivation to repair UV-induced DNA damage.23,24 Several classes of DNA photolyases have been identified including Class I, II and III CPD photolyases, single-strand specific DNA photolyases, and (6-4) photolyases.25 Below we summarize aspects of the mechanism of CPD and (6-4) photolyases with particular emphasis on insight gained from ultrafast spectroscopy.

DNA repair by CPD photolyases is initiated by excitation of the reduced anionic state of FAD (FADH-). However, the FAD cofactor normally exists as the inactive semireduced radical state FADH, which must first be converted to FADH- through a process known as photoactivation. This is achieved by electron transfer from a nearby Trp residue (W382 in E. coli photolyase) to the excited state of FADH (FADH*) which is formed by irradiation of FADH. W382 is part of a Trp triad (W359 and W306 in E. coli photolyase) that transfers electrons from an exogenous reductant to the FADH*. Electron transfer through the Trp triad has been studied by ultrafast spectroscopy including polarized femtosecond transient absorption spectroscopy,26,27 leading to a detailed understanding of electron hopping through the Trp ‘wire’ (Figure 2). 
[image: ]
Figure 2: Electron hopping through the Trp triad in DNA photolyase. The electron transfer chain in E. coli DNA photolyase. W382 serves as the primary donor to reduce the flavin and the resulting positive charge is stabilized on W306 within 30 ps which then deprotonates in 200 ns. The figure was adapted from Lukacs et al.27 and was made with pymol,28 from 1DNP.pdb.29 In addition to the Trp triad, the antenna chromophore 5,10-methenyltetrahydrofolate (MTHF) is also shown.


More recently, femtosecond X-ray crystallography has been used to analyze the structural changes accompanying electron transfer through the Trp chain in the Drosophila melanogaster (6-4) photolyase.30 In D. melanogaster photolyase, where the Trp chain consists of 4 Trp residues, the photoexcited cofactor extracts an electron from the proximal Trp residue within just 1 ps, starting the tunneling along the Trp chain, which ultimately results in the formation of a long-range radical pair between FAD●- and the terminal Trp radical. Specific structural dynamics include the Asp397–Arg368 salt bridge which responds within 400 fs to photoreduction of FAD, N403, and reorganization of a water network around the FAD which collectively stabilize the charge on FAD●-. The terminal Trp (W381) responds within 20 ps with further dynamics observed for residues around W381 extending to 100 s, indicating rapid charge transfer followed by structural changes which stabilize the W381 radical. These events are summarized in Figure 3.
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Figure 3: Photochemical events upon reduction of FAD in D. melanogaster (6-4) photolyase.
(A) Key residues and processes. (1) FAD is reduced and Asp397 and Arg368 respond immediately. (2) Asn403 reacts similarly fast and undergoes a slow phase of response up to 20 ps. (3) A delayed (from 1 ps) and complex motion of water molecules is completed at 20 ps. (4) Met408 undergoes a photoreaction from 1 ps to 20 ps. (5) Trp381 is oxidized at 300 ps, with structural changes evolving around it up to 100 μs. (B) The kinetics of the observed difference electron density (DED) at key positions are shown. For water features the electron density is averaged over positive DED >2σ and for the amino acids over negative DED <2σ (side chains only). The radius of integration was 2.5 Å. Wat1 corresponds to feature V and Wat2 to feature VI in Figure 3 of Cellini et al.30 The kinetics for water and Asn403 are vertically offset. The figure was taken from Cellini et al.30


Following formation of FADH-, DNA repair is initiated by excitation of FADH- either by direct light absorption or by energy transfer from a light-harvesting antenna chromophore such as 5,10-methenyltetrahydrofolate (MTHF) or 8-hydroxy-7,8-didemethyl-5-deazariboflavin. The antenna chromophore increases the efficiency of catalysis as it has an ~5-fold higher extinction coefficient than the reduced flavin. Following excitation of the antenna, energy is then transferred to the flavin via the classical Förster-type energy transfer mechanism (FRET).31,32 Using femtosecond fluorescence spectroscopy the fluorescence lifetime of MTHF* in E. coli DNA photolyase was 2.6 ns in the absence of the flavin but was heavily quenched when the reduced flavin was present with a lifetime of 170 ps. Thus, the efficiency of energy transfer between MTHF* and the reduced flavin was shown to be ~ 94% 33 

Once formed, FADH–* transfers an electron to the adenine of the FAD cofactor: for the functionally active FADH–* redox state this occurs in 2 ns, followed by ultrafast charge recombination in 25 ps leading to electron tunneling to the substrate in 250 ps.24,34 Thus the unique bent conformation of the FAD cofactor is thought to perform a central role in catalysis in which the adenine mediates electron transfer to the substrate. 

The reaction catalyzed by the CPD photolyase from Methanosarcina maze (mmCPD) has been studied in detail using time-resolved serial femtosecond crystallography.35  Structural analysis of the reduced form of mmCPD in complex with a cis-syn thymine dimer was performed from 3 ps to 30 ns following a 1.1-ps pulse of 396 nm light. This revealed several key features of the reaction coordinate including the observation that the isoalloxazine ring of the cofactor undergoes “butterfly bending” upon excitation resulting in a rearrangement of a hydrogen bond network around the isoalloxazine and adenine rings upon formation of FAD-* (within 3 ps) (Figure 4). The change in the water network that interacts with the adenine supports a direct role for the adenine in the electron transfer reaction. Subsequently, between 300 ps to 3 ns, the reaction proceeds through the stepwise cleave of the two carbon-carbon bonds in the thymine dimer via an intermediate in which the C5–C5′ bond is broken, conclusively arguing against a mechanism that involves concerted cleavage of both bonds. During this process, the isoalloxazine ring flattens, assuming a geometry consistent with the FAD● product state. This is followed by product dissociation in 10-100 s (Figure 4).
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Figure 4: The CPD photolyase reaction mechanism revealed by time-resolved femtosecond crystallography. Structural data of the CPD photolyase from Methanosarcina maze (mmCPD) in complex with a synthetic thymine dimer.35 (A) and (B) Excitation of FAD- results in formation of the FAD-* excited state in 3 ps in which the isoalloxazine ring undergoes “butterfly bending” which results in a rearrangement of a hydrogen bond network around the ring that includes amino acid residues and ordered water molecules. This is followed by relaxation of the isoalloxazine ring into the geometry of the FAD● semiquinone product within 3 ns. (C) The reaction mechanism showing the cofactor redox states, bind cleavage and product release. The figure was made from Figures 1C, 2A and 2B in Christou et al.35


Light-induced fatty acid decarboxylation
Fatty acid photodecarboxylase (FAP) is an intriguing enzyme that catalyzes the light-driven decarboxylation of fatty acids into hydrocarbons and CO2, and consequently has important applications in biofuel production.15 FAP was initially identified in microalgae and is a member of the glucose-methanol-choline (GMC) oxidoreductase family.36 The X-ray structure of the enzyme from Chlorella variabilis in complex with palmitate shows that the carboxyl group of the substrate is located close to the isoalloxazine ring of FAD. The reaction was initially characterized using time-resolved fluorescence and absorption spectroscopy resulting in a model in which the excitation of the oxidized FAD results in an excited state (FAD*) that forms FAD•− in ~300 ps due to electron transfer from the substrate, leading to decarboxylation and formation of an alkyl radical.36 Electron transfer from FAD•− to the alkyl radical was then proposed to result in an alkyl anion in ~100 ns that caused a red shift in the FAD spectrum followed regeneration of the resting state of the enzyme in ~4 ms. Subsequently, time-resolved spectroscopy at cryogenic temperatures provided direct evidence for a red-shifted flavin intermediate that was proposed to involve a charge transfer species between the thiolate of C432 and the FAD C4a position.37

Subsequent serial femtosecond crystallography combined with 100-fs-resolution pump-probe spectroscopy, absorption and Raman microspectrophotometry, FTIR spectroscopy and MD simulations, have provided additional insight in the mechanism of photodecarboxylation.38 Highlights of these studies include the observation  that CO2 is initially formed with a time constant of ~270 ps i.e. concomitant with electron transfer from substrate to FAD*, and that subsequently dissociation of CO2 and/or formation of HCO3- occurs in 100 ns and is accompanied by generation of the oxidized FAD with a red-shifted spectrum. A structure of the product complex is shown in Figure 5 and includes electron density assigned to HCO3-, while a proposed photocycle is shown in Figure 6. While a more recent analysis using time-resolved fluorescence and transient absorption proposed that decarboxylation occurs on the ns time-scale,39 further quantum chemical calculations support a mechanism that involves decarboxylation on the ps time-scale without accumulation of RCOO.40 
[image: ]
Figure 5. X-ray structure of the FAP product complex. Data were obtained from crystals at 150 K and pH 8.5 and show positive electron density from the polder omit map contoured at 3.5 rmsd. close to C432 that is assigned to bicarbonate (HCO3-). Also shown are the alkyl product (Alk), CO2 and the isoalloxazine ring which adopts a bent conformation. The figure was made using pymol,28 and is adapted from Figure 4D in Sorigué et al.38
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Figure 6. Proposed photocycle for the C. variabilis FAP.
Photoexcitation of FAD to FAD* (1) is followed by electron transfer from the RCOO- to generate FAD- in ~300 ps which is accompanied by decarboxylation without accumulation of RCOO (2). This is followed by electron transfer from FAD- (presumably to the alkyl radical) in ~100 ns resulting in oxidized FAD with a red-shifted spectrum (FADRS) which involves proton transfer from an Arg to the alkyl product (3). Concomitantly, most CO2 (~75%) is transformed (4) to bicarbonate and FADRS disappears in ~3 ms (5) with a H/D KIE > 3, indicating coupling to PT. Upon alkane release (6), new substrate binds (7). About 25% of the formed CO2 is not transformed to bicarbonate, likely because it migrates away from the active site within 100 ns, leaving the protein in ~1.5 μs (4′). In this minor fraction, arginine (R451) should reprotonate at latest in the ~3 ms step (5). Changes after individual steps are marked in red; time constants are for RT. This figure and legend were taken from Figure 8 in Sorigué et al.38


The flavoprotein PqsL from Pseudomonas aeruginosa
PqsL is a light activated flavoprotein monooxygenase (FPMO) from Pseudomonas aeruginosa where it is involved in the biosynthesis of antibacterial alkyl hydroxyquinoline N-oxides (AQNOs).16 PqsL is a member of the UbiH family and is structurally homologous to group A FPMOs such as p-hydroxybenzoate-3-monooxygenase that have a GSH reductase fold and a nucleotide-binding Rossman fold. PqsL hydroxylates aromatic amines such as 2-aminobenzoylacetate leading to the formation of the respective hydroxyamine. For the reaction to proceed, the bound FAD must be in the fully reduced state which is generated by photoreduction with NAD(P)H. Structural studies support a flavin ‘OUT’ conformation for the isoalloxazine ring,41 by analogy to the IN and OUT positions of the ring observed in p-hydroxybenzoate hydroxylase (PHBH),42. Detailed analysis of the reaction mechanism supports a model for the formation of fully reduced FAD via a two-step mechanism through a single-electron transfer and subsequent semiquinone intermediate (Figure 6). Upon blue-light excitation of the flavin, single electron transfer leads to a transient radical couple between NADH● and FAD●-. Rapid protonation prevents accumulation of FAD●- and formation of the fully reduced flavin, FADH2, is proposed to occur by the subsequent disproportionation of two neutral flavin semiquinone species.41




Figure 6. PqsL reaction and proposed mechanism of photoexcitation. 
(A) PqsL catalyzes the hydroxylation of aromatic amines such as the conversion of 2-aminobenzoylacetate (2-ABA) to 2-hydroxylaminobenzoylacetate (2-HABA). (B) Proposed mechanism for the photoactivation of FAD to FADH2 via the disproportionation of two neutral flavin semiquinone species.41


Flavin-dependent ene-reductases
Flavin-dependent ene-reductases (EREDs) are versatile biocatalysts, capable of catalyzing stereoselective reactions through hydride transfer or radical mechanisms. Recent studies have expanded their scope by leveraging flavin activation via light excitation.43 One important application is the photoredox-mediated reduction of aromatic ketones that proceeds via ketyl radical formation. In this process, the flavin acts as a hydrogen donor, and supported by ruthenium-based photocatalysts, opens new avenues for non-natural biocatalytic reactions. Mechanistic studies suggest that substrate binding within the enzyme active site lowers the reduction potential, facilitating single electron reduction.44 For instance, the direct radiation-activation of flavin hydroquinone (FMNhq) in its excited state can lead to the formation of radical intermediates with less reactive substrates, such as α, β-unsaturated amides. This strategy broadens the range of compatible substrates, enhancing catalytic versatility.44
One interesting example is the use of flavin-dependent ene-reductases from Gluconobacter oxydans (GlueER) to perform cyclization reactions on α-chloroamides. Engineered forms of this enzyme enable improved control of byproducts leading to higher yields and better enantioselectivity.45 These photo-enzymes can perform new reactions such as the light-triggered radical cyclization of α-haloamides to oxindoles by 12-oxophytodienoate reductase (OPR1) (Figure 7).46
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Figure 7. Enzymatic photoreduction of FMN to FMNsq- (FMN-). FMN bound to 12-oxophytodienoate reductase (OPR1) is reduced by photoinduced electron transfer to generate FMNsq-. Subsequently, FMNsq- generates an α-acyl radical which stereoselectively cyclizes to form the oxindole product. SET, single electron transfer. The figure was taken from Black et al.46


Light-activated enzymes that generate a second messenger
Light-activated enzymes that produce second messengers represent a groundbreaking strategy for dissecting and manipulating cellular signaling networks with unparalleled precision.47 The unique properties of the light-sensing chromophores allow the modulation of the activity of critical enzymes involved in second messenger synthesis upon light stimulation.17 This revolutionary approach enables the interrogation of signaling dynamics with high temporal resolution and offers insights into the spatial organization of signaling events within living cells. Light-activated enzymes that produce signaling molecules include the photoactivated adenylate cyclases (PACs), that generate cyclic-AMP (cAMP) from ATP, and photoactivated diguanylate cyclases that synthesize cyclic-di-GMP (c-di-GMP) from two molecules of GTP. Both cAMP and c-di-GMP are important second messengers in cellular signaling pathways, regulating various physiological processes, including gene expression, metabolism, and ion channel activity.48,49 For instance, the increase in cAMP levels resulting from light activation triggers downstream signaling cascades involving cAMP-dependent protein kinases (PKAs) and other effector proteins,50 while c-di-GMP is a key regulator of biofilm formation and virulence in bacteria.51 Finally, PACs are of particular interest in neuroscience and optogenetics as the signaling pathways modulate cellular responses to light stimulation, such as changes in neuronal excitability, synaptic transmission, and gene transcription.52,53 

BLUF and LOV domain photoreceptors
Blue-light using FAD (BLUF) and Light Oxygen Voltage (LOV) domain photoreceptors are widely distributed in bacteria and unicellular eukaryotes,54 whilst LOV domains are also found in higher organisms such as plants and fungi.54-57 Light activated signaling occurs either through non-covalent or covalent interaction with downstream output partners and regulates a variety of biological processes including phototropism, circadian rhythms and gene transcription. Due to their modular structure, the light-absorbing BLUF and LOV domains have been also been used to create novel optogenetic tools.17,58-63 However, in order to optimize factors such as the dynamic range, quantum yield, lifetime of the photoactivated state and the rates of photoactivation and dark state recovery, a detailed understanding is needed of the photoactivation mechanism, and specifically how ultrafast structural changes on the sub-ps time scale induced by light absorption, lead to macromolecular reorganization and photoreceptor activation on the ms-s time scale. Light-activated enzymes in which the catalytically functional domain is fused to a BLUF or LOV domain are excellent model systems for probing the signal transduction pathway that leads to photoactivation. Enzymes regulated by a BLUF domain include the PACs OaPAC,64 bPAC from Beggiatoa,52 PACα and PAC from Euglena gracilis,53 TpPAC from Turneriella parva,65 LiPaC from Leptonema illini,66 nPAC from Naegleria gruberi,67 as well as the phosphodiesterase BlrP1,68 while those based on a LOV domain include the phototropin serine/threonine kinase,55,69,70 of which the isolated AsLOV2 domain is the most heavily studied, the diguanylate cyclase LadC, and the senor histidine kinase LOVK,71 and mPAC from Microcoleus chthonoplastes.72 Below we summarize efforts to determine the mechanism of OaPAC, AsLOV2 and LadC. 

The BLUF photoreceptor OaPAC
OaPAC is a PAC from the photosynthetic cyanobacterium Oscillatoria acuminata. The enzyme is a 366-residue homodimer with an N-terminal BLUF domain and a C-terminal class III adenylate cyclase (AC) domain. The two monomers interact in a head-to-head configuration in which the BLUF and AC domains are connected by a coiled coil. Structural studies indicate that the isoalloxazine ring is surrounded by a hydrogen bonding network that includes Y6, Q48 and N30 that are strictly conserved in all BLUF photoreceptors (Figure 8).54,64 Light absorption results in a 10 nm red shift in the flavin absorbance at 450 nm which is due to a rearrangement of the hydrogen bonding network around the isoalloxazine ring and formation of a second hydrogen bond to the flavin C4=O.73,74 Several models have been proposed for the ultrafast perturbation of the conserved hydrogen bond network in BLUF photoreceptors including rotation and/or keto-enol tautomerism of the conserved Gln.75-78 The prevailing mechanism based on detailed spectroscopic studies including femtosecond stimulated Raman spectroscopy (FSRS) and quantum mechanical/molecular mechanical (QM/MM) molecular dynamics simulations on the related BLUF domain Slr1694/PixD involves rotation and tautomerization of the Gln sidechain so that the enol OH forms a hydrogen bond with the C4=O.79,80 This model is supported by serial femtosecond crystallography (SFX) and cryo-trapping studies of OaPAC where a rotation of the Q48 side-chain was observed upon photoactivation (Figure 8).81 
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Figure 8: The OaPAC dimer and flavin binding pocket. A) The OaPAC dimer (PDB: 8QFE). FAD (yellow) and ATP (purple) are shown as spheres in the BLUF and AC domains, respectively. Residues substituted with unnatural amino acids include Y6, W90, F103, Y125 and F180. B) Dark state of OaPAC with Q48 in the keto tautomer and W90 in the ‘OUT’ conformation. The Q48 NH2 is shown hydrogen bonded to the flavin N5 but not the C4=O. C) Light state of OaPAC with Q48 rotated and in the enol tautomer, and with W90 adopting the ‘IN’ conformation. The Q48 enol OH is hydrogen bonded to the flavin C4=O and accepts a hydrogen bond from the W90 indole NH.79,80 The movement of W90 is based on the structures of OaPAC determined by serial femtosecond crystallography and cryotrapping (PDB: 8QFE and 8GFG).81 D) W90 and F103 were replaced with AzPhe. These residues interact across the dimer interface at the tip of the central helix. E) F180 was replaced by AzPhe. F) Y125 was replaced by fluoro-Tyr analogs. Figures A), D), E) and F) were made using pymol,28and taken/adapted from Jewlikar et al.82


Photoexcitation results in a ~100-fold increase in the synthesis of cAMP from ATP, indicating that adenylate cyclase activity is efficiently suppressed in the dark state.83 Initial X-ray structural studies of dark and light-adapted OaPAC revealed that the protein does not undergo large scale changes in structure upon photoactivation,64,84 suggesting that the AC domain must undergo more subtle structural changes to generate the catalytically active state. In addition, based on structural studies using SFX, Chretien et al proposed that W90 rotates from an ‘OUT’ conformation in the dark state to an ‘IN’ conformation in the light state which is accompanied by movement of M92 out of the pocket (Figure 8).81 This results in the formation of an additional hydrogen bond between Q48 and the indole NH of W90. The movement of W90 alters the position of β-sheet 5 which adopts a new conformation, and causes a restructuring of the loop between -sheets 4 and 5. Since β-sheet 5 is connected via a loop to -helix 3 which links the BLUF and AC domains, the light-induced Trp/Met switching is assumed to play a direct role in signal transduction. This proposed movement of W90 in OaPAC is consistent with observations on the related BLF protein AppA where we used FRET, nanosecond fluorescence anisotropy decay, picosecond fluorescence lifetime measurements and transient IR spectroscopy to show that the analogous Trp (W104) moves from an OUT to an IN conformation during photoactivation.85

The OaPAC photoactivation mechanism has also been probed using ultrafast time-resolved infrared spectroscopy (TRIR), time-resolved multiple probe spectroscopy (TRMPS) and transient absorption (TA) spectroscopy coupled with unnatural amino acid mutagenesis. In some BLUF proteins, including OaPAC and Slr1694/PixD, photoexcitation leads to the transient formation of flavin radicals by proton coupled electron transfer (PCET) from the conserved tyrosine (Y6 in OaPAC) to the isoalloxazine ring.86 In OaPAC we investigated the role of Y6 by replacing this residue with fluoro-Tyr analogs that have altered pKa values and reduction potentials.83 TRIR spectra of wild-type OaPAC and variants substituted at position Y6 with 3-fluoroTyr (3-FY6), 2,3-difluoroTyr (2,3-F2Y6), 3,5-difluoroTyr (3,5-F2Y6), and 2,3,5-trifluoroTyr (2,3,5-F3Y6) are shown in Figure 9.  
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Figure 9. TRIR of wild-type OaPAC and the n-FY6 OaPAC variants. Spectra recorded at 1, 5, 20, 40, 200, 1000, and 3000 ps are shown in the figure. (A) Wild-type (WT), (B) 3-FY6, (C) 2,3-F2Y6, (D) 3,5-F2Y6, and (E) 2,3,5-F3Y6. The figure was taken from Tolentino et al.83


Analysis of the TRIR spectra of wild-type OaPAC reveals bands assigned to FAD- and FADH which evolve with the same rate constant, indicating a concerted PCET process. In addition, as the pKa of the fluoroTyr analogs become more acidic, formation of FADH is prevented and the photocycle stops at FAD- in 2,3-F2Y6, 3,5-F2Y6 and 2,3,5-F3Y6 OaPAC: a transient is observed at 1515 cm-1 assigned to FAD-, however no transients are observed at 1528 cm-1 for FADH● or at 1694 cm-1 for the light state. The inability to protonate FAD- can be directly linked to photoactivation since enzyme activity is abolished in the most acidic 3,5-F2Y6 and 2,3,5-F3Y6 variants (pKa 7.2 and 6.4, respectively) where the phenol hydroxyl is likely deprotonated. Thus, proton transfer plays an essential role in initiating the structural reorganization of the AC domain that results in enzyme activity.83 

Fluoro-Tyr substitution has also been used to analyze the importance of an intersubunit hydrogen bond between Y125 and N256 (Figure 8). Y125 is fully conserved in all PACs and is present at the interface between the α3 helix and AC domain. The Y125F mutant renders both OaPAC, and the related photoreceptor bPAC, catalytically inactive,64,87 Whereas the light-induced red shift in the FAD spectrum was preserved in all OaPAC variants in which Y125 was replaced with fluoro-Tyr analogs, only 3F-Y125 OaPAC retained light-activated AC activity. In contrast, the3,5-F2Y125 and 2,3,5-F3Y125 photoreceptors were inactive suggesting that Y125 has to be protonated to effectively participate in signal transduction from the BLUF to the AC domains.82

The structural dynamics that accompany photoactivation have been explored using the IR reporter azido-Phe (AzPhe). AzPhe has previously been used to analyze the dynamics associated with the conserved Trp in the BLUF proteins AppA and PixD.88 Recently this approach was extended to OaPAC, and AzPhe was incorporated into three positions replacing W90, F103 and F180 (Figure 7). F180 is close to the ATP binding pocket and the F180AzPhe mutant was catalytically inactive. F103 and W90 interact across the dimer interface in the OaPAC dark state. Both F103AzPhe and W90AzPhe had wild-type light-induced catalytic activity, however only W90AzPhe showed a major perturbation in the azido stretching vibration upon photoactivation. Subsequently, TRIR was used time-resolve the structural dynamics of W90AzPhe (Figure 10). 
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Figure 10: TRMPS spectra of the W90AzPhe OaPAC dark state. A) Time resolved IR difference response of the azido mode following ultrafast excitation of isoalloxazine cofactor in OaPAC at the W90 position. B) EADS of W90AzPhe obtained from globally fitting the time-resolved data in A to a sequential first order kinetics model with an initial state (black) two intermediate states (red, blue) which form on a ns-μs timescale, and subsequently relaxes to a final state (green). The final state is compared with the FTIR difference spectra (black dash line). All analyses used the Glotaran software package. The figure was taken from Jewlikar et al.82 

The temporal evolution of the AzPhe at W90 position shows a negative bleach at 2128 cm-1 within ~ 1 ns and deepens on the μs timescale as a transient at 2111 cm-1 evolves (Figure 10). Global analysis resulted in evolution-associated difference spectra (EADS) described by three-time constants of 1.3 ns, 3.03 μs, and 150 μs and a fourth that was kept constant. In contrast to the TRIR of W104AzPhe AppABLUF and W91AzPhe PixD,88 no evolution of the W90AzPhe OaPAC azido vibration is detected on the ps timescale. The instantaneous response of the W104AzPhe in AppA and W91AzPhe in PixD was taken as evidence for communication of the AzPhe with the hydrogen bond network surrounding the flavin, i.e. a Trpin conformation, and the absence of an instantaneous perturbation in the spectrum of W90AzPhe is thus consistent with a Trpout conformation in OaPAC.82

The LOV photoreceptor LadC
LadC is a light activated diguanylate cyclase (DGC) in which a LOV domain is coupled to a GGDEF effector domain.89 The LOV domain, which is a Per-ARNT-Sim (PAS) protein superfamily member, contains a noncovalently bound FMN that is surrounded by a hydrogen bonding network resembling that found in BLUF proteins (Figure 11).55,70,90-92 Photoactivation results in the formation of an FMN triplet state that subsequently reacts with a conserved Cys to generate a covalent adduct with the C4(a) FMN carbon. This results in a bleach of the 450 nm flavin absorption and appearance of a new band at 390 nm. 
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Figure 11: Structure of MsLadC. A) The flavin binding pocket in the dark state. During photoactivation C53 forms an adduct with the flavin C4a. B) X-ray structure of dark MsLadC dimer (8c05.pdb). The BLUF and DGC domains are cyan and grey, and the linker is brown. FAD is yellow and pyrophosphate/Mg2+ is colored by atom. C) The structure predicted by AlphaFold which is thought to be the light activated state. 


Vide et al identified LadC photoreceptors with either short (21 residue) or long (35 residue) linkers between the LOV and DGC domains. Intriguingly, LadCs with short linkers exhibited a 15-fold increase in diguanylate cyclase activity upon activation, whereas the dynamic range for those with longer linkers was >10,000-fold. LOV domains are typically flanked by two helices that are involved in signal transduction, the N-terminal A’ helix and the C-terminal J-helix. The structure of LadC from Methylotenera sp. (MsLadC), which has a 35-residue linker, was determined in the dark state (Figure 11). The protein is a homodimer with a characteristic LOV-dimer interdomain interface involving the core -sheet and A’α helices. The J-helix often serves as the linker to the effector domain and commonly forms a coiled-coil structure. However, in dark MsLadC the GGDEF domain is folded back onto the LOV domain inhibiting enzyme activity. The conformational dynamics of MsLadC was analyzed using a combination of size-exclusion chromatography, small-angle x-ray scattering (SAXS), and hydrogen-deuterium exchange coupled to mass spectrometry (HDX-MS) which supported a major change in structure of the protein upon light activation. In contrast, analogous experiments on LadC from Aquella Oligotrophica (AoLadC), which has a short linker, were consistent with similar conformations of this protein in both dark and light states. Based on these data it was proposed that MsLadC undergoes a large-scale conformational change upon photoactivation and adopts the expected elongated coiled-coil structure which was modeled using AlphaFold (Figure 11).89

AsLOV2, an isolated LOV domain
Phototropins are plant photoreceptors that contain two LOV domains fused to a serine-threonine kinase.55,93 The isolated LOV2 domain from Avena sativa (AsLOV2) has been heavily studied and has been utilized as the light absorbing domain in a variety of optogenetic constructs. AsLOV2 is connected to the kinase domain via the C-terminal J-helix, which undergoes structural changes upon light activation leading to dimerization. The allosteric pathways leading to Jα-helix unfolding have been visualized using a combination of TRIR, NMR spectroscopy, MD simulations and in-cell optogenetics which demonstrate the importance of Q513 in the signal transduction pathway and indicate that helix unfolding is complete in ~ 7 s Figure 12.94 
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Figure 12: MD simulations of J-helix unfolding: The evolution in secondary structure and hydrogen bonding interactions between the flavin and N482, N492, Q513, and N414 for post-adduct formation simulation times of 0 (dark state AsLOV2, 2V1A), 1.15 μs, 4.53 μs, and 6.81 μs (light state, MD). The figure was taken from Iuliano et al.94


The light-induced structural changes in AsLOV2 have also been probed by time-resolved X-ray liquidography (time-resolved X-ray solution scattering, TRXL) which capture the protein structural dynamics directly in solution.95 TRXL data collected from 5.62 μs to 100-316 ms combined with MD simulations confirmed that the A’α and Jα helices unfold on the microsecond time scale, and that the protein then dimerizes within milliseconds. Experiments with different protein constructs resulted in the conclusion that the dimerization interface involves interaction between the β-scaffolds which is stabilized by local electrostatic interactions. The time-resolved data were then used to propose a kinetic model for photoactivation (Figure 13).

[image: Fig. 6]
Figure 13: Structural dynamics of the AsLOV2 photocycle revealed by TRXL. The photocycle of AsLOV2 includes the G state, three intermediates (I1, I2, and P), and related time constants (WT: 682 μs and 10.6ms, and I427V: 130 μs and 3.4ms), as determined from the kinetic analysis of the scattering data. The optimal structures (I1 and I2) indicate that the structural changes within the A’α and Jα helices allow the exposure of the β-scaffold to the external environment. Subsequently, AsLOV2 undergoes dimerization (P), utilizing the dimeric interface formed between their β-scaffolds. The figure was reproduced from Kim et al.95

CONCLUSION
Photoreceptors convert the energy in a photon of light into biological function. To do so they must couple the ultrafast structural changes resulting from the initial photoexcitation into conformational changes that ultimately result in activation of the downstream output partner. Light-activated enzymes, in which the light-absorbing and catalytic domains are part of the same protein, present an unparalleled opportunity to visualize the entire photoactivation pathway and correlate specific structural changes with enzyme activity. This possibility is now being realized with the availability of advanced analytical methods that span multiple time scales enabling the structural dynamics to be resolved in both time and space. In the present review we focus on a subset of systems in which a flavin is the light absorbing chromophore and which demonstrate the detailed structural and mechanistic information that can be extracted using techniques such as ultrafast infrared spectroscopy, transient absorption spectroscopy, serial femtosecond crystallography, time-resolved X-ray solution scattering combined with methods such as unnatural amino acid mutagenesis and molecular dynamics simulations. These approaches shed light on the intricate interplay between protein dynamics and function, deepening our understanding of enzymatic mechanisms and paving the way for designing novel light-driven biocatalysts with applications in the field of optogenetics. 
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