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Abstract

Chapter 1 is general introduction to DNA and the secondary structures that it forms,

leading into an introduction to ruthenium-based polypyridyls and their application as

secondary structure probes.

Chapter 2 discusses the DNA interactions of mer-, trans,fac-, and cis,fac-[Ru(bqp)2]2+. This

explores the photophysical changes that occur upon DNA binding and the discovery that

the cis,fac- isomer behaves as a light switch with DNA. It explores the specificity of this

isomer and its two enantiomers (∆ and Λ) to i-motif DNA. This culminates in a hypothesis

for the unique light switching mechanism caused by the steric and electronic interactions

with DNA, rather than solvent exclusion.

Chapter 3 explores the synthesis of various bqp analogues. Here the discovery of a new

synthetic route for the high yielding synthesis of cis,fac-[Ru(bqp)2]2+ that also enables the

synthesis of heteroleptic bqp complexes, is also discussed, as well as the application of

this synthetic route to the synthesis of facial bqp-containing complexes that incorporate

metals other than ruthenium.

Chapter 4 discusses the results of a high-throughput screen using in silico and biophysical

techniques with a library of 1584 molecules and an i-motif forming DNA sequence. The

correlations between these three techniques is discussed as well as identification of the

hits that are produced by each one.

Chapter 5 summarises Chapters 2, 3 and 4, and explores the future work that this project

could take.

Chapter 6 describes the experimental procedures used in Chapters 2, 3 and 4.
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1. Introduction

1.1. DNA Structure

Since Watson and Crick proposed that DNA secondary structure is a double-helix with the

bases on the inside, the phosphates on the outside, and stabilised by hydrogen bonds be-

tween nucleic acids, the investigation into DNA’s secondary structure has not stopped.1–4

Their discovery in 1953, along with evidence presented by Franklin and Wilkins,5,6 con-

firmed, by the use of X-ray crystallographic techniques, the secondary structure of DNA

for the first time. These three components are found in equimolar amounts with the

phosphoric acid residue bound to the ribose sugar at the 5′position (Figure 1.1).7

Figure 1.1: Structure of a 5’- DNA monomer displaying a phosphate group and sugar group where R is the heterocyclic
base

Monocyclic pyrimidines and bicyclic purines form the bases present in nucleic acids.

Pyrimidines consist of a 6-membered heterocycle with a nitrogen at the 1 and 3 position,

whereas purines consist of both 5 and 6-membered rings containing a nitrogen at positions

1, 3, 7 and 9 (Figure 1.2).

The positions of the donor and acceptor groups within the bases leads to the com-

plementarity of their Watson-Crick pairing. Cytosine (C) possesses two acceptors and

one donor, while guanine (G) contains two donors and one acceptor. Similarly, adenine

(A) contains one donor and one acceptor, while thymine (T) contains one donor and two

acceptors. In 1950, Chargaff coined his famous rule after observing the molar contribution

of C and G to be equivalent in a number of different DNA sequences, with the same obser-
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Figure 1.2: Pyrimidine and purine structures (left) with Watson-Crick base-pairing (right)

vation made for A and T (Figure 1.2).8 This type of complementary pairing is found in

B-form DNA, the secondary structure elucidated from the work of Watson, Crick, Franklin,

and Wilkins.1,5 The base pairs stack to give a twisted helical structure, with each turn

containing just over 10 base pairs, with 3.4 Å between each pair (see Table 1.1).1 B-form

DNA contains two grooves, one major and one minor. The major groove is much wider

(11.7 Å) than the minor groove (5.7 Å) (Figure 1.3).

Table 1.1: The structural properties of A-, B-, Z-, G-quadruplex and i-motif DNA secondary structures

A-DNA B-DNA Z-DNA G-quadruplex i-Motif
Handedness Right Right Left N/A Right
Helical Twist (°) 33 36 -30 N/A 17
Base pair distance (Å) 2.6 3.4 3.7 3.1 3.1 (6.2)
Length per turn (Å) 28.6 34.0 44.4 N/A N/A
Major groove width (Å) 2.7 11.7 8.8 N/A 15.2 - 16.0
Minor groove width (Å) 11.0 5.7 2.0 N/A 3.1

This type of pairing, however, is also found in other forms of DNA. The A-form of

DNA (Figure 1.3), normally formed in low water conditions,9 is composed of a more

condensed helix than B-form. This can be seen when comparing the length per turn of the

helix (28.6 Å) compared with B-form (34 Å). One of the more unusual DNA structures is

the Z-form (Figure 1.3). In this secondary structure, the DNA has a left-handed helical

twist, rather than the right-handed twist seen in A- or B-form DNA. Z-form DNA also has

a far narrower (8.8 Å) major groove compared with B-form DNA whilst having a greater

distance between bases (3.7 Å).
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Figure 1.3: Various secondary structures of DNA: a) G-quadruplex (PDB: 143D), b) B-form duplex (PDB: 1BNA), c)
A-form duplex (PDB: 440D), d) i-Motif (PDB: 1ELN), and e) Z-form duplex (PDB: 4OCB)
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1.1.1 Quadruplex DNA

Following the discovery that guanine bases can form a G-tetrad via Hoogsteen pairing,10,11

Gilbert and Sen in 1988 presented evidence for a secondary structure now commonly

referred to as a G-quadruplex (G4) (Figure 1.4 and Figure 1.3).12 Composed of stacking

guanine quartets, these structures are stabilised by coordination of metal cations, π-

stacking between quartets (at least two quartets must be present) and hydrogen bonding

within each quartet.13 Due to the vast array of different topologies that G4 structures can

acquire, it is hard to give definitive measurements such as groove widths or degrees of

helical twist.14 Depending upon the orientation of the DNA strands, G4 structures can

adopt parallel, antiparallel or hybrid-type structures. The of size the loops and the metal

cation present are two factors that can affect the topology of the G4 structure.2

Figure 1.4: Hydrogen bonding between four guanine bases

Many species contain, within their genetic material, a tandem repeat of G3TTA, al-

though the exact sequence varies between and within each species.15 These G-rich se-

quences were discovered to exist at the end of eukaryotic telomeric DNA and the associated

G4s were shown to be stable in physiological conditions.16 Since then, these sequences

have been shown to be ubiquitous throughout the human genome, not just in the telomeric

region.17,18

In 2013, Biffi et al. identified a G-quadruplex binding antibody from a phage display li-

brary of 2.3× 1010 different single-chain antibody clones, yielding an antibody named BG4

as the best hit.19 It was shown that BG4 had a high affinity for G-quadruplex (Kd = 0.5-1.6

4



nM) with no detectable binding to RNA hairpin, single-stranded or double-stranded DNA

forming sequences in vitro. The fluorescently-tagged antibody was incubated in human

cells and showed distinct foci in the nucleus of the cells, suggestive of G-quadruplex

formation. Moreover, a loss of foci was displayed when treated with either DNase or

pre-incubation with folded G-quadruplex oligonucleotides, but not when treated with

RNase, confirming that it does not bind RNA G-quadruplexes. Treatment of the cells with

a G4 stabilising agent, pyridostatin (Figure 1.5), led to a ca 2.9-fold increase in nuclear

staining, which, again, disappeared with DNase treatment, showing that this compound is

able to promote G4 formation in cellulo. The limitation to this study is the use of fixed cells,

rather than live cells as the environment in which the G4s formed, while this is useful for

the study of G4 formation over the various lifetimes of the cell, but is a limitation to the

visualisation of G4 in living, unadulterated cells.

Figure 1.5: Structures of pyridostatin (left) and DAOTA-M2 (right)

This is not the only time that G-quadruplexes have been visualised in cells, work by

Shivalingam et al., using the triangulenium DAOTA-M2, was able to visualise G4s using

fluorescence lifetime imaging microscopy (Figure 1.5).20 While the fluorescence intensity

enhancements with various DNA secondary structures were not disparate enough to be

used to identify G4 (G4 = 3.3-4.9, ssDNA/dsDNA = 2.0-2.8-fold enhancements), using

the relationship between the lifetime (τ) and the amplitude (α) of the fluorescence decay

components allowed for sufficient discrimination. The longer, second decay component

of DAOTA-M2 when in the presence of DNA, varies from 6-16 ns depending upon the

nucleic acid topology. Using Eq. 1.1 to fit the fluorescence decay and taking the values of

each α and τ, the nucleic acid topologies were able to be identified by the relationship of
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τ2/α2.

I(t) = IO((1− α1 − α2)e−t/τ1 + α1e−t/τ2 + α2e−t/τ3) (1.1)

where:

α = the amplitude of each component (normalised to 1)

τ = the lifetime of each component

I = the intensity of light

t = the timestep

Similar to the work carried out by Biffi et al., the addition of pyridostatin to the cell

lead to a decrease in τ2/α2, suggestive of the displacement of DAOTA-M2 from G4. This

work offers the advantage of visualising G4s in live cells using a cell-permeable small

molecule, rather than using an antibody to visualise G4s in fixed cells, and opens the door

to further development of small molecules as in vivo DNA secondary structure probes.

Gehring et al. in 1993 discovered another quadruplex-type secondary structure of

DNA.21 Using the DNA oligomer 5′-d(TCCCCC), it was shown that the single-stranded

DNA forms a four-stranded complex stabilised by the intercalating hemiprotonated

C-C+ base pairs, now known as an i-motif (Figure 1.6 and Figure 1.3). This structure

has been shown to contain a right-handed helical twist with two major and two minor

grooves.22. Due to the complementarity between G and C, wherever a sequence can form

a G-quadruplex, there is the possibility of the complementary strand forming an i-motif.23

Figure 1.6: Hydrogen bonding between a hemi-protonated cytosine-cytosine+ base pair
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The requirement for one cytosine base to be protonated gives the i-motif a dependence

upon the pH of its environment.24 It is at the N3 position that protonation takes place,

enabling the C-C+ pairing. The pKa at this position is 4.6 for cytosine, and is lower for

deoxycytidine (4.25) due to the inductive effect of the sugar.7 Changing the position of

the phosphate residue on the ribose sugar (5′- and 3′-) can have an effect upon the pKa of

the N3 nitrogen; the 3′- position decreases the pKa (4.16) in comparison to deoxycytidine

but the 5′ position increases the pKa (4.5).25 When the pH of the environment around the

DNA is approximately the same as the pKa of the N3 nitrogen, half the cytosine bases

are protonated, an ideal environment for i-motif formation. When pH >> pKa too few

cytosines are protonated, and at pH << pKa too many cytosines are protonated, with both

environments leading to a destabilisation of the i-motif structure.26 Therefore, any effect

that will increase the pKaof the N3 nitrogen, may lead to i-motif formation at a less acidic

pH.

Cellular environments are crowded by proteins, nucleic acids and complex sugars;

whose volume can be up to 40% of the total cellular volume.27 To elucidate the biological

relevance of i-motif DNA, Rajendran et al. investigated the affect of molecular crowd-

ing upon CCT repeats capable of forming an i-motif structure.28 Additions of common

crowding agents29 polyethylene glycol (PEG) 200 or 8000 to [5′-CCG(CCT)8CGG-3′] led

to the transitional pH, the pH at which 50% of the structure is folded (pHT), increasing

from 6.6 to 7.1 and 7.4, respectively. Similar work has shown that addition of PEG 300 to

[5′-TTCCCTACCCTCCCCACCCTAA-3′] increases the pHT from 6.1 to 7.0.30 An increase

from 0% to 30% w/w of PEG 8000 to the c-MYC promoter sequence was also shown to

increase its pHT from 6.0 to 6.7.31 It is clear, from these studies, that molecular crowding

can affect the pH stability of i-motif DNA, increasing the N3 pKa.

The loops of the i-motif structure also play an important role on the pH stability of the

secondary structure.32 Gurung et al. in 2015, studied the pH stability of the i-motif forming

sequence, d(CCCTn)3CCCT.33 Moving from a loop length of n = 3 to n = 8, decreases the

pH stability, with the pHT changing from 6.6 to 5.4. Reilly et al. corroborated this data

using d(CCCTCCCTnCCCTCCC), where moving from n = 3 to n = 20 led to a decrease in

pH stability from 6.66 to 5.98.34

It is not just crowding effects or loop length that can influence the pKa of the cytosines
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within an i-motif, the changes in thermal stability brought about by modifying the tract

length of i-motif forming sequences have also been investigated. Using sequences of

(CnT3)3Cn, where n = 2, 3, 4, 5, Mergny et al. showed that an increase in the melting

temperature (Tm) from 27°C to 59.5°C occurred when increasing n from 2 to 5.26 By

keeping the loops of each sequence the same, this work showed a dependence of thermal

stability upon the tract length, but did not sufficiently investigate the effect of tract length

upon the pH stability. Wright et al. in 2017, did investigate this property using a similar

range of sequences, where n varied 1 to 10.35 However, the sequence where n = 1 did not

form an i-motif structure and where n = 10 showed a two-stage melting profile, indicating

the presence of two different structures. The pHT of each sequence was studied and they

were shown to range from 6.1 (n = 2) to 7.3 (n = 10), with the highest pHT being 7.4,

where n = 7. Armed with this knowledge, identification of potential genomic i-motif

forming sequences that could be stable at physiological pH was carried out. The i-motif

identification rule, C5(N1-19C5)3 with N being any base, was fed into a software package

designed to find specific DNA sequences in a genome (Quadparser).17 This yielded 5125

sequences when searching the human genome, which was cut down to 637 by selecting

those that overlap with gene promoters. After further selection, 33 were chosen for

biophysical characterisation. Of these 33, 17 were shown to have a pHT ≥ 7.0, and 12 were

shown to have a Tm ≥ 20°C. This offered a strong evidence for the potential formation of

i-motif DNA under physiological conditions, that could lead to the possibility of in vivo

i-motif formation.

Using in-cell NMR spectroscopy and the transfection of i-motif forming sequences

into cells, Dzatko et al. showed the first evidence of i-motif stability in cellulo.36 i-Motif

DNA shows distinct NMR characteristics with the protonated N3 imino peaks of cytosine

appearing at 15-16 ppm.23 Four sequences from gene promoter regions (DAP, HIF-1α,

PDGF-A and JAZF1) were used due to their in vitro stability in near-physiological con-

ditions. Appearance of the imino proton peaks between 15 and 16 ppm in cells, showed

that i-motif sequences are stable in cellular conditions, with DAP, PDGF-A and JAZF1 all

persisting at 35°C. At 40°C only JAZF1 had a detectable i-motif signal, and the intensity

of the i-motif signals were restored in all sequences when cooling back down to 20°C,

suggesting that i-motif formation is not only possible in cellulo but also reversible.
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The major breakthrough in this field was in 2018 when Zeraati et al. reported that an

antibody had been used to visualise i-motif DNA in human cells.37 Using the Garvan-2

human single-chain variable fragment library, an antibody named iMab was identified as

a specific binder to the human telomeric i-motif. No binding was observed to a mutated

human telomeric sequence that is incapable of forming an i-motif, or to dsDNA, G4s,

hairpin DNA or proteins such as streptavidin or neutravidin. Interestingly, the authors

note that the G4 specific antibody (BG4) competes with iMab for binding to several i-motif

forming sequences, casting doubt on its specificity to G4. Not only does this work provide

evidence for the formation of genomic i-motif DNA but also shows a pH dependency

upon its formation. Incubating cells in 2%, 5% and 8% CO2 altered the pH of the cell with

an inverse relationship,38 and at lower pH levels, an increase in iMab foci was observed,

showing the pH dependence of i-motif formation in vivo. Similarly to the G4 antibody, this

work required the fixing and permeabilisation of the cells. This, together with the in-cell

NMR publication, suggests very strongly that i-motif DNA exists in living human cells.

Whilst antibodies that specifically bind to certain secondary structures are incredibly

useful tools to study the formation of said structures in cellulo, development of membrane

permeable small molecule probes will have a number of advantages. The antibodies

discussed above both require the cells to be fixed and the membranes to become perme-

abilised, with the procedures involved in achieving this possibly causing changes to the

cellular ultrastructure.39 The development of cell-permeable, small-molecule probes could

allow for the imaging of live cells, and therefore a more accurate reflection of the nature of

the DNA secondary structure.

1.2. Ruthenium Polypyridyl Complexes as DNA Probes

Ruthenium polypyridyl complexes are a potential class of small molecules that could

be used as in vivo probes due to their intense metal-to-ligand charge transfer bands

in the visible region,40 good cellular uptake,41 and long excited state lifetimes.42 The

photophysical properties of ruthenium polypyridyl complexes can be explained through

a promotion of an electron upon absorption of a photon from the d metal orbital on the

ruthenium to a π∗ ligand orbital, giving rise to a metal-to-ligand charge transfer (MLCT)
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excited state. Promotion to a σ∗ orbital affords a metal centred (MC) excited state.43

Excitation from the ground state to the 1MLCT state goes through intersystem crossing to

form the radiative 3MLCT excited state which can then undergo internal conversion to the

3MC excited state which is short-lived and non-emissive (Figure 1.7).44,45

Figure 1.7: Jablonski diagram for typical ruthenium(II)-polypyridyl complexes

Emission of light can occur from either a singlet or triplet excited state.46 In a singlet

excited state, the spin of excited electron does not change from its previous state in

the ground state, allowing for fast (<10−9 s) radiative decay back to the ground state.

Alternatively, this electron could also undergo intersystem crossing to a triplet excited state

where a “flip” in the spin of the electron occurs, making its transition back to the ground

state “forbidden”. The decay from this state, due to its “forbidden” nature, typically occurs

on a much longer timescale, up to minutes or even hours but for ruthenium polypyridyl

3MLCT transitions are typically hundreds of nanoseconds to milliseconds.47

One of the earliest ruthenium(II) polypyridyl complexes to be studied for its DNA

binding properties was [Ru(phen)3]2+ (Figure 1.8, phen = 1,10-phenanthroline).48 Via

recrystallisation with antimony D-tartrate, the two enantiomers, ∆- and Λ-[Ru(phen)3]2+

were isolated. A larger increase in emission intensity was observed for the ∆ isomer with

calf-thymus DNA, but interestingly, both complexes exhibited the same emission lifetimes

even in the presence and absence of DNA as each other, indicating that both bound the
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DNA in a similar fashion but that a higher proportion of ∆ isomer was bound compared

with the Λ isomer. Both enantiomers were believed to bind DNA via intercalation.

In 1984, Barton et al. modified the phenanthroline ligand to form [Ru(DIP)3]2 (DIP

= 4,7-diphenyl-1,10-phenanthroline, Figure 1.10).49 This modification permitted for a

greater stereoselective binding of the Λ and ∆ isomers of [Ru(DIP)3]2+, compared with

the equivalent isomers of [Ru(phen)3]2.48 Whilst the ∆ enantiomer of [Ru(DIP)3]2+ could,

in fact, bind both B-form and Z-form DNA, the Λ enantiomer was unable to bind B-

form, a marked improvement in selectivity over the enantiomers of [Ru(phen)3]2+. The

binding of the ∆ enantiomer to Z-form was attributed to the much wider character of

the major groove, eliminating the steric discrimination of the additional phenyl group

on the phenanthroline ligands. This was a very early example of secondary structure

discrimination by a ruthenium polypyridyl complex.

Figure 1.8: Structures of [Ru(bpy)3]2+ (left) and [Ru(phen)3]2+ (right)

In 1990, Barton et al. reported the interaction of [Ru(bpy)2(dppz)]2+ (dppz =

dipyrido[3,2-a:2′,3′-c]phenazine) as a “molecular light switch” for DNA (Figure 1.9).

Non-emissive in aqueous buffer but with a large increase in emission intensity upon inter-

calation into DNA, this probe rapidly became the focus of Ru-based DNA light switching

compounds.50,51 [Ru(bpy)2(dppz)]2+ possesses two distinct excited states, one emissive

and one non-emissive. In an aqueous environment, hydrogen bonding between water and

the phenazine nitrogens causes the lowering in energy of the non-emissive state, allowing

for its population and subsequent nonradiative decay. Upon intercalation into DNA, and

thus protection from water, the complex has similar photophysical properties to when it

is in organic media; the emissive state is active and a large increase in quantum yield is

observed.52 Poynton et al. proposed, using data from transient infrared red spectroscopy,
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that the electron in both the bright and dark state of [Ru(L)2(dppz)]2+ is localised on

the dppz ligand, with the characteristic bands for the dark state overlapping with the

vibrational states of two D2O molecules, and therefore the bulk solvent system, when

these are hydrogen-bonded to the azanitrogens of the dppz ligand.53

By modifying the ancillary ligands of [Ru(L)2(dppz)]2+ to form [Ru(tpm)(py)(dppz)]2+

(tmp = tris-(1-pyrazolyl)methane, py = pyridine, Figure 1.10), Metcalfe et al.

demonstrated that dppz complex derivatives can bind with a higher preference

to high GC containing DNA sequences over TA containing sequences.54 Using

poly(dA).poly(dT) and poly(dG).poly(dC) sequences and isothermal titration calorime-

try (ITC), [Ru(tpm)(py)(dppz)]2+ was shown to have an intrinsic binding constant of

6.3× 106 M−1 with the AT only sequence and 3.0× 107 M−1 with the GC only sequence, a

factor of ten greater binding strength for AT sequences.

Figure 1.9: Structures of Λ-[Ru(L)2(dppz)]2+ (left) and ∆-[Ru(L)2(dppz)]2+ (right) where L = bpy or phen

Another example of DNA secondary structure discrimination was in the development

of [Ru(Me4phen)2(dppz)]2+, that is able to serve as a “light switch” with single base

mismatched DNA (Figure 1.10).55 Using a 27-mer B-form DNA sequence, one containing

a GC match and the other containing a CC mismatch, [Ru(Me4phen)2(dppz)]2+ showed

far greater binding strength to the mismatched (1.8× 106 M−1) over the well-matched

(6.8× 104 M−1) DNA, as well as a far greater emission intensity enhancement, and a longer

emission lifetime. The added steric bulk of the methyl substituted phenanthroline ancillary

ligand seemingly acts to discourage intercalation into well-matched DNA but allows for it

in mismatched DNA. This has a wider impact on the identification of mismatched DNA,

commonly implicated in many forms of cancer.56,57
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Figure 1.10: Ruthenium complexes that have been used to identify mismatched and Z-form DNA
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The same group later published an improvement upon this work with the rational

design of [Ru(bpy)2(BNIQ)]2+.58 This time, instead of a modification to the ancillary ligand,

a modification of the intercalating ligand yields a ca 500-fold increase in binding affinity for

mismatched DNA (3.5× 106 M−1) over well-matched DNA (7.3× 103 M−1). The greater

steric bulk of the intercalating ligands, much like the increased bulk seen previously in

the ancillary ligands, works to prevent intercalation into well-matched DNA but allows

for intercalation into mismatched DNA. This serves as another example of Ru-based

complexes being used as DNA secondary structure probes.

1.2.1 Ruthenium Complexes as Quadruplex Probes

Many ruthenium polypyridyl complexes have been synthesised with the aim of specif-

ically targeting the G-quadruplex DNA structure (Figure 1.11). In 2006, Rajput et al.

demonstrated the use of two dinuclear ruthenium-based polypyridyl complexes that

could distinguish G4 DNA from B-form DNA using their emission lifetime profiles.59 Both

complexes feature the tetrapyrido[3,2-a:2′,3′-c:3′ ′,2′ ′-h:2′ ′ ′,3′ ′ ′-j]phenazine (tppz) ligand,

with the first containing two phenanthroline ancillary ligands and the second with bipyri-

dine ancillary ligands (Figure 1.11). The two complexes display a ca 2.5 times increase in

emission intensity when bound to G4 over duplex DNA, as well as a significant blue shift

in emission wavelength. Both complexes display ca 30 ns to 40 ns longer lifetime with G4

than with B-form (84 and 92 ns vs 129 and 123 ns, respectively). This is a significant find-

ing, allowing for G4 DNA to be identified using the concentration independent emission

lifetime over emission intensity.

In 2012, Shi et al. reported the synthesis and DNA interactions of [Ru(bpy)2(dppzi)]2+

with the both anti-parallel and mixed parallel/anti-parallel G-quadruplexes from the

human telomeric region (hTeloG).60 The Kbs displayed were determined to be 9.5 ×

105 M−1 and 5.1× 105 M−1, respectively, and are comparable to, but lower than, the initial

binding strength of [Ru(bpy)2(dppz)]2+ with B-form DNA (> 106 M−1). Interestingly,

the emission increase upon binding to G4 DNA was switched “off” with additions of

[Fe(CN)6]4 – , a known quencher, and switched back “on” with addition of more G4 DNA.

This is indicative of relatively weak protection from the anionic quencher by the G4

structure, suggestive of an end stacking binding mode, rather than the intercalative mode
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observed between dppz complexes and B-form DNA.

Shi et al., reported a dinuclear Ru-based complex containing the obip ligand (2-(2-

pyridyl)imidazo[4,5-f][1,10]-phenanthroline) complex, [Ru2(obip)(bpy)4]4+ (Figure 1.11).61

Additions of [Ru2(obip)(bpy)4]4+ to unfolded G4 forming sequences led to the formation

of antiparallel G4 and, when in excess, a mixture of parallel/antiparallel G4. This induced

formation of G-quadruplex DNA, whilst interesting in vitro, would be disadvantageous

when trying to detect the natural formation of G4 in vivo, as G4 formation will be detected

but whether the structure occurs naturally or is induced would be unknown.

The monodentate imidazole containing complexes, [Ru(L)2(4 idip)]2+ (4idip = 4-

indoleimidazo[4,5-f][1,10]phenanthroline, L = bpy or phen, Figure 1.11), have also been

shown to induce G4 formation.62 The binding constants for hTeloG were in the range

of 106 M−1, while both complexes were emissive with or without DNA, the emission

intensity of both increased upon addition of either G4 or B-form DNA, with binding to

hTeloG giving the highest intensity. Whilst the authors claim that both complexes bind G4

preferentially over B-form, no binding constants are given for the interaction with B-form

DNA and the emission intensity differences would not be strong enough for use in vivo.

The authors also claim that both complexes inhibit telomerase activity in HepG2 cells at

> 10 µM, but no cytotoxicity data was provided so the complexes could in fact be causing

cell death, rather than telomerase inhibition.

Porphyrins have been long identified to interact with G4 DNA.63 As such, the incorpo-

ration of a porphyrin moiety into a Ru-complex presented an intriguing development in

the search for a G4 interacting probe. Mei et al. reported the synthesis and G4 interaction of

such a compound, [Ru(phen)2(MPyTPP)Cl]+, in 2008 (Figure 1.11).64 With a high binding

constant (3.02× 106 M−1) to hTeloG, the complex showed perturbations of the G4 CD

signal, indicating a high disruption of the G4 structure. Other moieties have been tagged

onto octahedral Ru-based complexes in order to improve their G4 selectivity, including

oligoarginine peptides.65 Four complexes were compared, two with the oligoarginine,

one with a single dppz ligand and one with two dppz ligands ([Ru(dppz)] – R8 and

[Ru(dppz)2] – R8) and two without the oligoarginine moiety ([Ru(dppz)] and [Ru(dppz)2])

(Figure 1.12). All complexes except for [Ru(dppz)2] – R8 displayed a higher binding affinity

for telomeric G4 over other G-quadruplex forming sequences found within the promoter
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Figure 1.11: Ruthenium based complexes that have been used to target G-quadruplex DNA
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regions of c-KIT and c-MYC. AutoDock results suggest that the dppz ligand interacts with

the G4 structure via end-stacking or intercalation into the G-tetrads, while the oligoargi-

nine moiety interacts with the backbone of the DNA, aiding stabilisation. In vivo studies

show that incorporation of the oligoarginine moiety led to internalisation and eventual cell

death, complexes lacking this moiety showed no such activity. This study offers a unique,

tandem approach for the interaction of Ru-complexes with the G4 secondary structure.

Figure 1.12: Structure of ruthenium-based complexes that target G4 DNA and contain metallopeptides

Another unique approach was the development of [Ru(bpa)(L)2] (bpa = N,N-bis-(1,10-

phenantholin-2-yl)-amine, L = NH3, DMSO, or NH2CH3) (Figure 1.11).66 The planar

aromatic bpa ligand sits across the x, y-axis of the complex with the two monodentate

ligands in the z-axis. This yielded binding constants of ca 105 M−1 with various G4

structures and large (> 20°C) changes in the melting temperature of the DNA with

telomeric sequences, at 1:1 DNA:Ru ratios. This unique structure allowed for stacking

on top of the G-tetrads, with the ammonia containing complex having the most suitable

interactions with G4 whilst blocking the ability to significantly intercalate into B-form

DNA.
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Published across two separate papers, Shi et al. reported on the interaction of both

[Ru(phen)2(dppz)]2+ and [Ru(bpy)2(dppz)]2+ with i-motif and G-quadruplex DNA.67,68

Using the telomeric G-quadruplex forming sequence 5′-AGGGTTAGGGTTAGGGTTAGGG-

3′(22AG) and its complementary sequence (22CT), they showed that both complexes have

a ca. 10-fold higher Kb for G-quadruplex over i-motif DNA (ca 106 and 105 M−1, respec-

tively). It was proposed that this observation was due to the end stacking of the dppz

ligand with the G-quartets.69

Λ- and ∆-[Ru(L)2(dppz)]2+ (L = bpy or phen) have both been investigated by Pages

et al., for their interactions with different i-motif sequences featuring various loop lengths

of C3Tn, where n ranges from 3 to 8.70 One significant conclusion that can be drawn from

the study is that the emission responses of the Λ isomer were more significant than the ∆

isomer, the opposite effect to that seen in Λ or ∆- [Ru(L)2(dppz)]2+ and its enantiomers

to B-form DNA. This could be due to the possibility of T-T hairpins developing in the

longer loops and the dppz ligand intercalating into this substructure. Whilst a significant

advancement in the study of dppz containing complexes and i-motif DNA, the specificity

shown is reliant upon the loop structures, not the core of the i-motif structure, a limiting

factor. As shown so far, i-motif DNA can contain many different lengths in the loop region

as well as the loop being composed of different nucleic acids for the numerous i-motif

sequences that we know of. Targeting the loop, therefore, may not yield the ability to

target all the different i-motif forming sequences.

Figure 1.13: Structure of [Ru(bqp)2]2+

While these complexes offer a good starting point for the development of G4 specific

probes, their reliance on the end-stacking or intercalative binding are a major pitfall in

the development of i-Motif probes. Without the large planar G-tetrad, the i-motif does

not allow for an end-stacking mode of binding, and, with the nature of the C-C+ base pair
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stacking, it is reasonable to assume a very limited ability of a ligand to intercalate into

the i-motif in between the cytosine bases of the core.13 This limits the mode of binding

to the groove or insertion into the loops. Whilst insertion into the loops offers a great

opportunity to target specific i-motif forming sequences, it would heavily detract from the

ability of a ligand to target all i-motif forming sequences, rather than specific sequences.

This, along with the very small width of the i-motif minor groove, leaves just one single

mode of binding that would allow for interaction with only the core, and therefore the

probing of all i-motif forming sequences: the major groove.

From the current literature presented here, one can reasonably conclude that

[Ru(L)2(dppz)]2+ and its analogues are an unsuitable family of complexes for the de-

velopment of a Ru-based i-motif specific probe. The inability of the dppz family to target

the core of the i-motif limits its usage in identifying all i-motif forming sequences. A

new approach is needed, one that does not rely upon intercalation for the switching

mechanism and is able to selectively bind the core of the i-motif structure. One must find

a suitable Ru-based polypyridyl probe that does not contain an intercalating ligand such

as dppz but also possesses good photophysical properties. On that note, mer-[Ru(bqp)2]2+

(Figure 1.13)71 was one of many compounds that were screened in a joint effort between

the Waller and Fielden groups prior to this project. This compound showed the ability to

bind i-motif and could offer a path towards developing a new Ru-based i-motif probe.

1.2.2 Bis-(2,6-bis(8′-quionlinyl)pyridine) ruthenium (II)

The development of bis-(2,6-bis(8′-quionlinyl)pyridine) ruthenium (II) was the product

of years of research towards increasing the emission lifetimes of Ru-based polypyridyl

complexes. Typical excited state lifetimes of ruthenium(II) polypyridyl complexes vary

considerably, with [Ru(tpy)2]2+ having an excited state lifetime of 0.25 ns, and [Ru(bpy)3]2+

having an excited state lifetime of 850 ns.72,73 The differences in coordination between

tridentate and bidentate complexes results in a reduction of the ligand field strengths,

with the tridentate species giving easier thermal access to the 3MC excited state and

thus reducing the emission lifetime via vibrational relaxation.45 To overcome the thermal

population of the 3MC excited state in tridentate complexes, attempts have been made to

increase the energy gap between the 3MLCT and 3MC states by the addition of electron
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donating/accepting groups,74,75 or altering the π systems of the polypyridyl ligands to

stabilise the excited state (Figure 1.14).76

Figure 1.14: Structures of terpyridine derivatives used to form ruthenium polypyridyl complexes

Strongly electron-withdrawing groups, such as the cyano group, have been added

to terpyridine based Ru complexes in order to extend their lifetimes. Using 4′-cyano-

2,2′:6′,2′ ′-terpyridine (tpyCN), Wang et al., showed that adding this strongly withdrawing

group stabilised the 3MLCT state and lead to a life time of 1.2 ns, ca five times longer than

that of [Ru(tpy)2]2+.74 As far back as 1992, Constable et al., demonstrated the same affect

by using a MeSO2 functional group at the 4-position on the central pyridine (tpyMeSO2),

giving a lifetime of 25 ns. Polson et al., demonstrated that the replacement of the central

pyridine with a triazine moiety and addition of another pyridine at the 4-position on this

central ring (2,4-di(pyridin-2-yl)-6-(pyridin-4-yl)-1,3,5-triazine (dppt)) led to a lifetime

of 15 ns. The electron deficient triazine ring, as well as the addition of further acceptor

orbitals of the new pyridine ring, led to a stabilisation of the 3MLCT state by lowering the

π∗ orbital of the ligand compared to an unfunctionalised terpyridine ligand. Whilst this

progress was good and very promising towards the aim of improving the photophysics

of bis-tridentate Ru complexes, the lifetimes of these complexes still fell far short of the

850 ns lifetime of [Ru(bpy)3]2+.

In 2004, Wolpher et al. proposed a new method for increasing the excited-state lifetime

of bis-ruthenium(II) polypyridyl complexes.77 To achieve this, it was proposed that the bite

angle of the ligands needed to be increased to as close to 180° as possible to achieve near-

perfect octahedral geometry around the ruthenium centre. It was suggested that if this

were to be achieved then the rate of population of the nonemissive states would decrease,

without decreasing the energy of the 3MLCT state. 6-(2-picolyl)-2,2′-bipyridine (pbpy)
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and its ruthenium complex (Figure 1.15) were synthesised as an attempt at achieving this

with the resulting lifetime being ca 70 times longer than the lifetime of [Ru(tpy)2]2+, a

promising start.77,78

Figure 1.15: Structures of [Ru(tpy)2]2+ (top left) and [Ru(bqp)2]2+ (top right) and [Ru(pbpy)2]2+ (bottom)

In 2006, the same group, this time led by the work of Abrahamsson, published the syn-

thesis of the 2,6-bis(8’-quinolinyl)-pyridine ligand (bqp, 1) and its meridional ruthenium

complex mer-[Ru(1)2]2+ (mer-1a), which has an excited state lifetime of 3.0 µs, significantly

larger than traditional bidentate ruthenium(II) complexes (Figure 1.15).71 DFT calculations

suggested the bite angle between the two pyridyl nitrogen atoms to be 179.6°, with X-ray

crystallographic data showing the angle to be 177.6°. Further work by Borg et al., investi-

gated the 3MLCT and 3MC states in more detail and found that one must go further than

the ligand-field splitting hypothesis when dealing with the extended lifetimes of this fam-

ily of complexes.79 By comparing DFT data obtained from [Ru(pmp)2]2+ and [Ru(1)2]2+,

they found that in order to move from the 3MLCT to the 3MC state, the complex must

undergo geometric distortions that in the more flexible pmp containing complex is more

favoured than in the bqp complex. The methane bridges in [Ru(pmp)2]2+ allow for this

increased flexibility in the ligand where as the more rigid bqp ligand does not, creating a

barrier to the population of the 3MC from the 3MLCT.

Further work by Jäger et al. showed that [Ru(1)2]2+ can form three different isomers

that can be isolated from each other (Figure 1.16).80 As well as the meridional complex

21



reported by Abrahammson et al.,71 two facial isomers, cis-1a and trans-1a, were also

isolated and both 1H NMR and crystal structures were published for all three. mer-1a is

the most thermodynamically favourable so lowering the temperature and reaction time

results in a higher yield of both fac isomers, with cis-1a becoming the major product. It

was reported that the facial isomers exhibited significantly red shifted MLCT absorption

bands compared to mer but that their photophysical properties were complex and needed

further investigation. The change in the geometry of the ligand around the Ru centre

could shift the ability of the complex to undergo the geometric distortion necessary for

the population the 3MC state.

Figure 1.16: Crystal structure of cis-1a (left), trans-1a (centre), and mer-1a (right) with central pyridine rings coloured
blue and a 3D depiction of geometry below

The aim of this project was to investigate the use of [Ru(1)2]2+ and its analogues as

an i-motif specific probe. The long excited-state lifetimes, facile synthesis and narrow

width (ca 9 Å), could be utilised in the design of an i-motif binding complex. The ability to

functionalise the 4-position of the pyridine ring81 gives good scope for changing the prop-

erties of the complex to increase its interaction with i-motif DNA via different interactions.

An increase in fluorescence upon binding would be desirable, especially during in vivo

experimentation. This may be possible by investigating the geometric changes between

the three isomers and how interaction with a macromolecule that could be capable of

restricting such changes could influence the emission of the facial isomers.
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1.3. Methods

To fully investigate the interactions between Ru-based complexes and DNA, many tech-

niques can be used.40,82 Below, each technique used in this project is discussed.

1.3.1 UV-vis Absorption Measurements

Absorption titration of DNA into a solution containing ruthenium complexes is routinely

used to measure the strength and type of binding interaction by observing the change

in the electronic transitions of the complex upon DNA binding.82 Generally, ruthenium-

based polypyridyl complexes exhibit absorption properties outside of region in which

DNA absorbs light. This allows for the measurement of the absorbance of a Ru complex

whilst titrating in DNA, leading to chromatic shifts. Intercalation is usually identified by

the hypochromic and bathochromic shifts in the π− π∗ transition of the ligand, caused by

the π stacking of the aromatic ligand and the DNA base pairs.83

To calculate the strength of binding of the Ru complex to DNA, the intrinsic binding

constant (Kb) is calculated. Two commonly used methods of doing so are shown in Eq. 1.2

and 1.3.

(εa − ε f )

(εb − ε f )
= (b− (b2 − 2K2

bCt[DNA]/n)1/2)/(2KbCt) (1.2a)

b = 1 + KbCt + Kb[DNA]/2n (1.2b)

[DNA]/(εa − ε f ) = [DNA]/(εb − ε f ) + 1/[Kb(εb − ε f )] (1.3)

where Ct is the total concentration of the Ru complex, [DNA] is the concentration of

DNA in base pairs for B-form DNA, G-tetrads for G4s and C-C+ pairs for i-motif DNA,84

εa = Aobs/[compound], and εb, and ε f are the extinction coefficients of the bound and free

complex, respectively. When using known lengths of B-form DNA, it is possible to use the

molarity of the DNA instead of the base pairs as the concentration in these calculations.
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1.3.2 Emission Intensity

For most ruthenium polypyridyl complexes, emission intensity is a strong indicator of

binding strength between the Ru-complex and DNA.50,85 As the complex binds to the

DNA, where through intercalation or electrostatic interactions, it is protected somewhat

from the solvent, which typically acts an emission quencher, and the emission of the

complex increases. There is generally a positive relationship between binding strength

and emission intensity increases, the tighter a complex binds DNA, the larger the emission

intensity increase. In some circumstances, looking at the normalised emission increase is

useful to see the changes that are occurring between different complexes, this can be done

using Eq. 1.4.

IN =
Ia

I0
(1.4)

where:

Ia = the emission at given DNA concentration

I0 = the emission in the absence of DNA

1.3.3 Emission Lifetime

Emission lifetime measurements can also be informative as to the binding interactions

between Ru-complexes and DNA.86 Intercalation of ethidium bromide into DNA can

cause an increase in its emission lifetime,87 and the same is true of Ru complexes, with

shorter emission lifetimes arising from the free or ionically bound states and elongation of

the lifetime arising from the intercalative form.88

To measure the lifetime of a Ru complex, excitation via a timed laser pulse is achieved

and the emission of photons is measured, with the precise time of its arrival at the detector

calculated, and the decay profile is fitted to Eq. 1.5.

I(t) = α1e−t/τ1 + α2e−t/τ2 + ... αne−t/τn (1.5)
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where:

n = the number of components

α = the amplitude of each component normalised to 1

τ = the lifetime of each component

I = the intensity of light

t = the timestep

The fractional contribution of each component can then be calculated using Eq. 1.6.

fi = αiτi/Σjαjτj (1.6)

1.3.4 Emission Polarisation

When a Ru complex binds DNA through electrostatic interactions, its rotational freedom is

not as restricted as when it is bound through intercalation.40 As the intercalated complex’s

rotation is fixed to that of the DNA, which has a much slower rotation compared with

the free Ru complex, an increase in emission polarisation is therefore observed upon

intercalation.40 Emission polarisation can be calculated from Eq. 1.7.

P =
I‖ − I⊥
I‖ + I⊥

(1.7)

where:

I‖ = the emission intensity of light parallel to the source

I⊥ = the emission intensity of light perpendicular to the source

Higher polarisation is indicative of intercalative binding, while lower, or even zero,

polarisation indicates weak, electrostatic type interactions.86
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1.3.5 Circular Dichroism

Circular dichroism (CD) is a technique used to measure the optical polarisation of

molecules and is routinely used for probing the secondary structures of DNA.89 By

measuring the asymmetry in the sugar backbones and the helical twists of DNA structures,

CD can be used to show which secondary structure is present. Not only this, but due to

interactions between ligands and the DNA, induced CD (ICD) signals can be measured.90

Typical wavelengths of absorption of various DNA secondary structures are known.89

For example, B-form DNA typically shows a positive band at ca 280 nm and a negative

band at ca 245 nm. Parallel G4s display a positive band at ca 260 nm, with antiparallel

forms showing a negative band at ca 260 nm and a positive band at ca 295 nm. i-Motif

DNA shows a positive band at ca 290 nm and a negative band at ca 265 nm. By heating a

sample and monitoring a particular wavelength, the thermal stability of the DNA structure

can be monitored. i-Motif DNA, for example, displays a decrease in the signal at ca 290 nm

as the temperature is increased, indicating an unfolding of the structure.

1.3.6 Fluorescent Indicator Displacement (FID)

Thiazole orange (TO) has been shown to fluoresce in the presence of DNA but not in

aqueous media.91 Using this property, small molecules can be screened to measure the

level of displacement of TO from DNA using Eq. 1.8. Despite that fact that TO may have

different binding constants to different DNA structures, and the displacing ligands may

also bind in multiple binding pockets within the DNA, this is still a useful technique to

screen large libraries of small molecules for their ability to bind to DNA.92

TO Displacement (%) = 1− (
ITO+DNA+L − ITO

ITO+DNA − ITO
)× 100 (1.8)
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where:

ITO = the fluorescence of TO

ITO+DNA = the fluorescence of TO with DNA

ITO+DNA+L = the fluorescence of TO with DNA and ligand

1.3.7 Förster Resonance Energy Transfer (FRET)

FRET is a phenomenon in which the energy of an excited fluorophore (the donor) transfers

its energy across to a separate ground-state fluorophore (the acceptor), given that the

excited-state of the donor overlaps the ground-state of the acceptor. This rate of transfer

is given as E = 1/(1 + (r/R0))−6 where r and R0 are the separation distance between

the two fluorophores and Förster distance (the distance at which the energy transfer

efficiency is 50%), respectively. The 10−6 dependence upon distance gives this technique

a high level of precision. While studying the folding of quadruplex DNA structures,

labelling of the DNA sequences at the 5′ and 3′ end with 6-carboxyfluorescein (FAM) and

6-carboxytetramethylrhodamine (TAMRA), respectively, can lead to the occurrence of

FRET. By monitoring the emission of the acceptor fluorophore, as the donor is brought into

close proximity, for example due to the folding of the DNA, the emission of the acceptor

increases leading to a rise in its emission intensity. If the variable of temperature is added

to the experiment, the emission of the acceptor, and thus the folding of the DNA, can be

monitored across a range of temperatures and the transitional temperature, the point at

which 50% of the DNA is folded (Tm), can be obtained. By the additions of a ligand or

changes in pH the thermal stability of the DNA quadruplex can therefore be observed.

1.3.8 AutoDock and AutoDock Vina

AutoDock 4.293 and AutoDock Vina94 are two widely used docking software packages

for probing ligand-macromolecule interactions.95,96 Whilst AutoDock Vina has largely

superseded AutoDock 4.2, Vina does not contain parameters for transition metal elements

outside of the first row, or the ability to add these manually. AutoDock 4.2, however,

does allow for manual additions of various parameters, including that of ruthenium.
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Vina, unlike AutoDock 4.2, also does not require manual preparation of grid maps, the

choosing of search parameters, or the clustering of results after docking, as all of these

are performed by Vina automatically, vastly speeding up the process of high-throughput

screening. Therefore, for the screening of organic molecules from the NCI library, Vina

was used due its increased speed, but for the evaluation of Ru complexes, AutoDock 4.2

was used.
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2. Studying the DNA Binding Properties of

the Three Isomers of [Ru(bqp)2]2+

2.1. Introduction

The discovery by Jäger et al., that a tridentate polypyridyl ligand could form a facial com-

plex was significant as other common tridentate Ru-based complexes, such as [Ru(tpy)2]2+,

were not reported to form with facial geometries due to the restricted bite angles of the

ligand.80 The increased bite-angle of the bqp ligand allow for the coordinated ligand to

sit in a facial geometry, as well as the meridional geometry. The reportedly complex pho-

tophysical properties of the facial isomers indicated that the change in geometry around

the ruthenium caused a substantial change in the electronic properties of the complex.

Previously reported facial geometries of tridentate Ru complexes is extremely limited. In

2000, Romero et al. published the synthesis of cis,fac-[Ru(bpea)2]2+, which showed low

wavelength 3MLCT absorption bands (380 nm), with a low intensity band (ε =167 M cm−1)

at 566 nm (Figure 2.1).97 The emission properties of this complex and analogues is sparsely

reported, only one such report has been found that states the lifetime of this complex is

17 ns, far shorter than that of mer-1a but still an improvement upon [Ru(tpy)2]2+.

Figure 2.1: Structure of cis,fac-[Ru(bpea)2]2+

29



From the crystal structures, one can observe how the geometries of the three isomers

differ (Figure 2.2). Taking the N-Ru-N angle of the pyridine rings in each complex

demonstrates one of the key differences between cis-1a compared to the other isomers.

cis-1a has an angle of ca 90° with mer-1a and trans-1a having angles of ca 180° between the

pyridine rings (Table 2.1). This causes the size of cis-1a to be much smaller across one axis.

If one were to take the furthest distances across the x, y and z axes of each isomer and

form a 3D box of those dimensions, one would find cis-1a to not only form the smallest

grid in terms of volume but also to form the most elongated grid - cis-1a contains a short z

axis and relatively long x and y axes (Table 2.1).

Figure 2.2: Crystal structure of cis-1a (left), trans-1a (centre), and mer-1a (right) with central pyridine rings coloured
blue and a 3D depiction of geometry below

The symmetric nature of mer-1a and trans-1a yield seven environments in the 1H-

NMR spectra.80 cis-1a, however, being asymmetrical in nature, gives a complex NMR

spectrum with twice as many environments (Figure 2.5). This asymmetry in the geometry

of cis-1a could influence its MLCT energies, as one could envisage two MLCT transitions,

where the electron can transfer from the Ru centre to either of the two ligands. Similar

properties are found in [Ru(L)2(dppz)]2+ complex, where the auxiliary ligands contribute

towards the dark and bright states within its electronic properties. In 2004, Ortmans

et al., published the DNA binding interactions of [Ru(TAP)2(dppz)]2+ (TAP = 1,4,5,8-

tetraazaphenanthrene) which displays a bright excited state in water without the presence

of DNA.98 It is understood that this bright state arises from the MLCT transition in which

the charge is localised to the TAP ligand rather than the dppz ligand, causing the bright

emission properties.
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Table 2.1: Geometrical properties of mer-1a, cis-1a, and trans-1a obtained from their published crystal structures

N-Ru-N Angle (°) x (Å) y (Å) z (Å) Volume (Å3)
mer-1a 176.3 10 8 12 1033
cis-1a 92.0 12 11 6 799
trans-1a 180.0 9 12 11 1101

Both mer-1a and cis-1a are chiral and therefore exist as two enantiomers (∆ and Λ).

Enantiomeric separation of ruthenium complexes has been accomplished through a few

different techniques. In the 1980s, Barton et al. routinely separated Ru-based polypyridyls

via recrystallisation with antimony D-tartrate,48,49 where successive recrystallisations

would be performed until no change in the [α]D values were observed. Optical purities of

≥ 0.92 were achieved by using this method. However, this technique was unable to resolve

the enantiomers of [Ru(L)2(dppz)]2+ and instead the enantiomeric separation was achieved

by separating out the enantiomerically pure intermediate [Ru(phen)2(phen – dione)]2+

(phen-dione = 1,10-phenanthroline-5,6-dione).83 The enantiomerically pure intermediates

were able to undergo recrystallisation with antimony-tartrate salts before reaction with

1,2-diaminobenzene to yield ∆- and Λ-[Ru(phen)2(dppz)]2+.

More recent development in this area has led to the use of chiral HPLC as a

way to separate enantiomers. McQuaid et al., separated a cyano-functionalised dppz

derivative ([Ru(TAP)2(11-CN – dppz)]2+, 11-CN-dppz = dipyrido[3,2-a:2′,3′-c]phenazine-

11-carbonitrile) on a cyclofructan based chiral column with a mobile phase of 70:30:2:0.8

MeOH:ACN:TEA:AA.99 Whilst this circumvents issues around the removal of antimony

containing salts and the apparent difficulty of recrystallising dppz derivatives, it does pose

its own drawbacks. Using a flow rate of 5 mL min−1 and a 200 µL injection of a 3 mg L−1

analyte, the enantiomers were separated. Each run at these volumes and concentrations

yields a maximum of 0.3 mg of a pure enantiomer, assuming no loss during anion metathe-

sis. Multiple injections are required to yield a reasonable quantity of each enantiomer

for characterisation and biophysical testing. With modern autosample injections and

automatic collections, this process can be largely circumvented but the time necessary to

find the correct conditions for separation is laborious.

In this study, the racemic mixtures of both mer-1a and cis-1a were initially investigated

for their DNA binding properties. Separation of Ru enantiomers is not straight forward
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and unless significant discoveries are elucidated with the racemic mixtures, laborious

separation of enantiomers is not favoured. The enantiomers of cis-1a were, however,

separated due to the DNA binding properties of the racemic mixture, which will be

discussed later.

2.2. Results and Discussion

2.2.1 Synthesis and Separation

Figure 2.3: Synthetic pathway for the synthesis of 1a

The synthesis of these complexes initially followed the literature method from Abra-

hamsson et al. (Figure 2.3, Method A).71 A Suzuki coupling of the two equivalents of

the 8-quinolineboronic acid to 2,6-dibromo-pyridine in anhydrous toluene yielded high

amounts (> 80%) of the bqp ligand at the scale originally published (ca 300 mg bqp).

However, it was found that this method did not scale well to larger quantities, so a new

procedure was developed. Following similarly published methods of Suzuki couplings,100
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the solvent system was changed to a 50:50 mix of MeCN:H2O, and the dihalide was

swapped from the bromo derivative to the far cheaper chloro (Figure 2.3, Method B). The

addition of water to the solvent system has been shown to offer increased homogeneity

with the inorganic base.101,102 It was also found that addition of DCM to the cooled reaction

mixture, the subsequent separation to remove H2O, followed by the concentration of the

organic layer and precipitation of the product with diethyl ether led to pure product in

>80% yield at scales of >5 g. The additional purification step of precipitation from diethyl

ether removed the need for chromatography whilst preserving the high yield and high

purity of the product (Figure 2.4).

Figure 2.4: 1H-NMR of the aromatic region of 1 in CDCl3 performed at 400 MHz

The synthesis of the three isomers from Ru(DMSO)4Cl2 and 1, was not changed as

this generally yielded the optimum ratio of the three isomers. Attempts were made to

lower the temperature of the reaction to investigate whether this would yield higher ratios

of trans-1a but to no avail. This action only led to a lowering of the overall yield of the

reaction whilst maintaining the same ratio of the three isomers. Reactions performed at

>180 °C led to an increase in the yield of mer-1a, so the originally reported conditions
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were used going forward.

Figure 2.5: Aromatic region of the three isomers as [Cl] – salts in d4-MeOD performed at 400 MHz

The separation of the isomers was reported to have been achieved via HPLC with a

gradient of MeCN:H2O (12-17%) with 0.1% HCO2H over 70 mins. This was replicated

using a C18 RP-HPLC column, but under different conditions to those originally reported.

It was found that dissolving the mixture of isomers in MeCN as a PF6
– salt and using

MeCN / H2O as eluents did not yield sufficient separation. Instead MeOH was used in

place of MeCN and having the compounds as Cl– salts (Figure 2.6). mer-1a separated out

from the two facial isomers very well, but the separation of the two facial isomers proved

more difficult. The low yield of trans-1a and its difficult separation from cis-1a required

multiple runs to obtain a useable quantity.

Figure 2.6: HPLC trace showing the separation of mer-1a, cis-1a, and trans-1a using 40-60% MeOH:H2O and 0.1%
CF3CO2H over 30 mins

Having successfully synthesised and separated the isomers, the next stage was to

investigate the biophysical properties that they possess in the presence of DNA. This

study was conducted using two i-motif forming sequences, the i-motif forming sequence

from the human telomeric region that forms a stable i-motif in acidic conditions (hTeloC =

5′-d[(TAA-CCC)4]-3′)23 and the i-motif from the death associated protein (DAP) promotor

region that forms under neutral conditions (DAP = 5′-d[(CCC-CCG)4-CCC-CC]-3′).35 The
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complementary G-rich strand of the human telomeric sequence (hTeloG = 5′-d[(GGG-

TTA)4]-3′) was used to test against G-quadruplex DNA and a custom double-stranded

sequence (DS = 5′-d[GGC-ATA-GTG- CGT-GGG-CGT-TAG-C]-3′), and it’s complementary

sequence (5′-d[GCT-AAC-GCC-CAC-GCA-CTA- TGC-C]-3′), were used for testing against

dsDNA. All aqueous experiments were performed in buffers containing 100 mM potassium

chloride and 10 mM sodium cacodylate at either pH 6.8 (DAP, hTeloG or DS) or pH

5.5 (hTeloC). Potassium chloride was chosen to mimic in cellulo conditions and sodium

cacodylate chosen due its pHbeing almost temperature independent.103

2.2.2 Emission Intensity and Intrinsic Binding Constants

The first step towards developing a new probe is to test the strength of DNA binding

and changes in emission upon DNA binding to an array of different DNA secondary

structures.

In the absence of DNA, mer-1a shows intense emission, ascribed to phosphorescence

from a 3MLCT excited state (Figure 2.7). The two facial isomers, however, do not display

such an intense excited state and are considered to be in an “off” state. Whilst some

emission is measured, with trans-1a displaying a slightly higher level of emission than

cis-1a, the geometrical arrangement of the ligand into the facial isomer clearly alters the

accessibility of the non-emissive 3MC state. Further investigation into this process is

discussed later in this chapter.

Upon addition of DNA, mer-1a shows an increase in emission (see Table 2.2 and

Figure 2.8). Upon addition of hTeloC, the emission does increase initially but as more

DNA is added, this emission returns to its starting point. trans-1a, initially in an “off”

state, undergoes a larger increase in its emission upon addition of DNA (Figure 2.9). The

largest increase is seen with DAP (a 5.42-fold increase), whilst DS, hTeloC and hTeloG

undergo a similar “switch on” amount to each other (ca 3-fold), once error is taken into

consideration. This switch on effect is more dramatic when observing cis-1a (Figure 2.10).

The racemic mixture of enantiomers was the first to be studied with a large increase in its

emission profile in the presence of all DNA (minimum of ca 15-fold up to 55-fold increase)

with the largest increase being observed with DS, a ca 10-fold increase in the response seen

with trans-1a and DAP.
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Figure 2.7: Emission Intensity of 5 µM cis-1a (λex = 590 nm), trans-1a (λex = 490 nm), and mer-1a
(λex = 550 nm) in 100 mM potassium chloride and 10 mM sodium cacodylate at pH 6.8

Figure 2.8: Emission titrations of 5 µM mer-1a and 0 µM to 7.7 µM (black to red) of A) DAP, B) DS, C) hTeloC (pH
5.5), and D) hTeloG in 100 mM potassium chloride and 10 mM sodium cacodylate at pH 6.8 unless stated otherwise.

λex = 550 nm
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Figure 2.9: Emission titrations of 5 µM trans-1a and 0 µM to 7.7 µM (black to red) of A) DAP, B) DS, C) hTeloC (pH
5.5), and D) hTeloG in 100 mM potassium chloride and 10 mM sodium cacodylate at pH 6.8 unless stated otherwise.

λex = 490 nm
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Figure 2.10: Emission titrations of 5 µM cis-1a and 0 µM to 7.7 µM (black to red) of A) DAP, B) DS, C) hTeloC (pH
5.5), and D) hTeloG in 100 mM potassium chloride and 10 mM sodium cacodylate at pH 6.8 unless stated otherwise.

λex = 590 nm
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From absorption titrations of increasing amount of DNA into a constant concentration

of Ru complex, the intrinsic binding constant (Kb) was obtained from the ratio of the slope

to the intercept in a plot of [DNA]/(εa − ε f ) against [DNA], where εa and ε f are the molar

extinction coefficients for the apparent and free complex, respectively, and [DNA] is the

molar concentration of DNA.

mer-1a displays Kb values on the order of 105 M−1, while both facial isomers exhibit Kb

values on the order of 106 M−1. This suggests a much weaker binding interaction between

the meridional complex and DNA than that exhibit by the two facial complexes. The

largest Kb was found to be from cis-1a in the presence of DS DNA (8.40± 1.01× 106 M−1),

followed by the same complex with DAP (6.94± 0.26× 106 M−1). This was significantly

higher than the binding constants exhibited with hTeloC or hTeloG (1.15± 0.15 and

0.63± 0.02× 106 M−1, respectively). trans-1a was found to exhibit lower binding constants

with DS and DAP than cis-1a and are almost on par with the binding constants displayed

with hTeloC or hTeloG - trans-1a shows little discrimination between the strength of

binding to any of the DNA sequences.

Table 2.2: Emission Intensity and Intrinsic Binding Constants of cis-1a, mer-1a, and trans-1a. [a] 5 µM Ru complex
with 20 µM DNA, λex = 490 nm (mer), 550 nm (trans), 590 nm (cis), and λem = 690 nm (mer), 700 nm (trans),
700 nm (cis). [b] Obtained from absorption titration of 0 µM to 20 µM DNA into 5 µM Ru complex. Error bars

represent the standard deviation from multiple repeats.

Normalised Emission
Increase[a]

Intrinsic Binding Constant
(Kb) 106 M−1[b]

cis-1a DAP 41.19 ± 0.24 6.94 ± 0.26
DS 54.67 ± 2.83 8.40 ± 1.01
hTeloC 21.95 ± 0.10 1.13 ± 0.15
hTeloG 15.85 ± 0.66 0.63 ± 0.02

mer-1a DAP 1.02 ± 0.04 0.60 ± 0.01
DS 1.03 ± 0.02 0.78 ± 0.13
hTeloC 0.00 ± 0.01 0.63 ± 0.00
hTeloG 0.93 ± 0.43 0.30 ± 0.13

trans-1a DAP 5.42 ± 0.30 3.39 ± 1.40
DS 3.40 ± 0.28 3.33 ± 0.24
hTeloC 2.90 ± 0.71 2.27 ± 0.43
hTeloG 3.26 ± 0.79 2.24 ± 0.73

There seems to be a direct correlation between binding constant and the emission

intensity increases. cis-1a displays the greatest “switch on” effect in the order of DS > DAP

> hTeloC > hTeloG and also displays the same order for the intrinsic binding constants.

cis-1a has a clear preference for DS and DAP with hTeloC and hTeloG causing a much
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smaller photophysical response. mer-1a does not show the same level of discrimination

and the binding constants largely match with the emission response. trans-1a, however,

exhibits much tighter binding to hTeloC and hTeloG than cis-1a but does not exhibit the

same level of switch on effect. Both facial isomers display different levels of switch on

effect, but the response from cis-1a is far greater than that of trans-1a and cannot be simply

explained by an increased binding strength to the DNA.

Figure 2.11: Absorption titrations of 4.5 µM cis-1a and 0 µM to 20 µM (blue to red) of A) DAP, B) DS, C) hTeloC, and
D) hTeloG with [DNA] vs [DNA]/(εa − ε f ) inset

Bathochromic shifts in the 3MLCT bands in a absorption titration indicate a lowering

of the 3MLCT transition energy, whereas hypochromism is associated with the strength of

intercalation into the DNA bases, resulting from π − π stacking interactions between the

Ru complex and the DNA bases.104 The strength of intercalation is found to correlate with

increasing chromatic shifts. This could unveil more information surrounding the mystery

of the switch on effect in cis-1a and the lack of switch on effect in trans-1a.

Both bathochromic and hypochromic changes are observed upon addition of all DNA

sequences to all Ru complexes (Table 2.3). The largest hypochromic shift observed is of

cis-1a when bound to the DAP i-motif. mer-1a generally exhibits the lowest amount of
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Figure 2.12: Absorption titrations of 4.5 µM mer-1a and 0 µM to 20 µM (blue to red) of A) DAP, B) DS, C) hTeloC, and
D) hTeloG with [DNA] vs [DNA]/(εa − ε f ) inset

Figure 2.13: Absorption titrations of 4.5 µM trans-1a and 0 µM to 20 µM (blue to red) of A) DAP, B) DS, C) hTeloC,
and D) hTeloG with [DNA] vs [DNA]/(εa − ε f ) inset
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bathochromic shift in the presence of DNA. Despite the large bathochromic shifts observed

with trans-1a, it generally exhibits low amounts of hypochromicity.

Table 2.3: Absorption titration data obtained from the end point of a titration of 0 µM to 20 µM DNA into 5 µM Ru
complex. Error bars represent the standard deviation from multiple repeats.

Bathochromicity (nm) Hypochromicity (%)
cis-1a DAP 7 ± 0 48 ± 2

DS 7 ± 0 21 ± 0
hTeloC 9 ± 1 30 ± 2
hTeloG 7 ± 1 48 ± 0

mer-1a DAP 6 ± 2 26 ± 2
DS 3 ± 1 27 ± 1
hTeloC 4 ± 1 27 ± 2
hTeloG 4 ± 0 37 ± 1

trans-1a DAP 7 ± 1 18 ± 1
DS 8 ± 1 13 ± 5
hTeloC 6 ± 1 42 ± 1
hTeloG 8 ± 1 25 ± 0

One of the largest hypochromic shifts is between cis-1a and hTeloG, this is contrary to

what one would expect given the binding strengths and switch on effects. When bound to

this DNA sequence mer-1a shows its largest amount of hypochromism (37± 1 %) and a

moderate amount of hypochromism will all types of DNA . trans-1a exhibits its largest

hypochromic shift with hTeloC, which conversely has the lowest amount of binding and

emission increase. The highest amount of hypochromism is displayed when interacting

with DAP or DS, with which it also displays the highest strength of binding and switch

on effects. This inverse relationship between switch on effect or binding strength, with

the percentage of hypochromism continues with cis-1a and DS. The exception to this is

with DAP which displays a high level of switch on, binding strength, and hypochromism.

There seems to be very little relationship between bathochromicity and any of the other

photophysical properties.

It seems at this point that greater chromatic shifts (except for cis-1a and DAP) are

equated with a lower binding strength and lower emission intensity increases. This seems

counter intuitive when compared with dppz-based probes where increased chromatic

shifts lead to a greater switch on effect. This, however, is not the case in this class of

complex; a greater chromatic shift does not necessitate a greater emission switch on, and,

as already established, a strong binding strength also does not necessitate a greater switch

42



on. There is no indication that a lowering of the 3MLCT band in the absorption correlates

with the emission intensity increases observed and the binding mode is still difficult to

ascertain from this data alone. Increased interaction between the aromatic ligands of

[Ru(bqp)2]2+ and the DNA base pairs may not be the cause of the observed light switch.

2.2.3 Fluorescent Indicator Displacement Assay

To understand more about the strength and character of the Ru-DNA interaction, the

ability of the Ru complexes to displace a known DNA binder, such as ethidium bromide,105

was investigated. In our own group, such an assay has been developed with the less toxic

thiazole orange (TO).106 TO shows no fluorescence in the absence of DNA but once in

the presence of DNA, undergoes a conformational change that leads to a high level of

fluorescence., which then can be switched off by displacing TO with another compound

and observing the fluorescence of TO decreasing.107

Table 2.4: % TO displacement and DC50 results of 0 µM to 4.5 µM cis-1a, mer-1a, and trans-1a with 1 µM DAP, DS,
hTeloC and hTeloG. Error bars represent the standard deviation from multiple repeats.

DTO (%) DC50 (µM)
cis-1a DAP 87 ± 1 1.61 ± 0.01

DS 69 ± 1 2.02 ± 0.01
hTeloC 43 ± 2 >4.50
hTeloG 66 ± 1 2.32 ± 0.00

mer-1a DAP 66 ± 1 2.52 ± 0.00
DS 53 ± 1 3.64 ± 0.01
hTeloC 21 ± 2 >4.50
hTeloG 30 ± 2 >4.50

trans-1a DAP 45 ± 3 >4.50
DS 40 ± 2 >4.50
hTeloC 32 ± 2 >4.50
hTeloG 48 ± 2 >4.50

Using 1 µM of DNA and additions of Ru complex from 0.5 µM to 4.5 µM, the amount of

TO displacement and the corresponding DC50 values were obtained (Table 2.4). None of

the trans-1a titrations displaced more than 50% of the TO so no DC50 values were obtained,

as were some of the other titrations with mer-1a and cis-1a. The highest displacement and

lowest DC50 were observed with cis-1a and DAP, followed by the same complex and DS

and hTeloG. In general, cis-1a displaced TO more effectively from all types of DNA than

either mer-1a or trans-1a.
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There seems to be little correlation between the Kbs and the DTO values found here.

This could be down to a number of reasons: the binding location of TO is unknown, the

Ru complex could bind in a different location to that of TO, the binding strength of TO

is unknown in some the DNA sequences used, and quenching effects between the Ru

complexes and TO could be occurring.

Figure 2.14: % TO displacement of 0 µM to 4.5 µM cis-1a with 1 µM A) DAP, B) DS, C) hTeloC and D) hTeloG. Error
bars represent the standard deviation from multiple repeats.
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Figure 2.15: % TO displacement of 0 µM to 4.5 µM mer-1a with 1 µM A) DAP, B) DS, C) hTeloC and D) hTeloG. Error
bars represent the standard deviation from multiple repeats.
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Figure 2.16: % TO displacement of 0 µM to 4.5 µM trans-1a with 1 µM A) DAP, B) DS, C) hTeloC and D) hTeloG.
Error bars represent the standard deviation from multiple repeats.

The interactions between the TO, DNA and the Ru probe combined is too complex to

decipher what is occurring in reality. Instead, attention was turned to investigate the the

source of the light switching mechanism in cis-1a.

2.2.4 Finding the Source of the Light Switching Mechanism

The most common switch on effect in Ru-DNA probes is that caused by a change in the

interaction between the fluorophore and the solvent, such as in [Ru(L)2(dppz)]2+, which

displays a bright fluorescence in aprotic organic solvents, such as MeCN, but is in an “off”

state in aqueous media.108 Intercalation into DNA protects the dppz ligand from water

and leads to a large increase in emission. The three isomers of [Ru(bqp)2]2+ do not possess

the phenazine nitrogens present in the dppz complex, the only nitrogen atoms in bqp are

coordinated to the central Ru atom. Solvent interactions were, however, still investigated

to see if this was in fact the source of the light switching mechanism. cis-1a, however,

displays no switch on effect in either ethanol, isopropanol, or acetonitrile (Figure 2.17).
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This, as well as the lack of external nitrogens, pointed away from the possibility of solvent

interactions causing the switch on effect in this isomer.

Figure 2.17: Emission intensity of cis-1a[PF6]2 in ethanol (black), isopropanol (red), acetonitrile (blue), and cis-1a in
water (green) and in the presence of DNA (pink)

Next, to probe this mechanism further, aggregation-induced emission (AIE) was

investigated as a possible cause. Most AIE probes feature functional groups that either

interact intermolecularly, e.g. via halogen bonding, or possess freely rotating functional

groups that rotate in solution. When aggregated due to concentration an enhancement in

the emissive properties of the complexes is observed due to these inter or intramolecular

interactions.109–111

Sheet et al., reported the synthesis and AIE properties of [Ru(phen)2(diCl – phen)]2+

(diCl-phen = 4,7-dichlorophenanthroline, Figure 2.18) where increasing fractions of

H2O:MeCN (0:10 to 9:1) solutions containing the organically soluble PF6
– salt led to

increasing emission intensities, visible by the naked eye.109 Increased π stacking interac-

tions, stabilised by increased halogen bonding led to decreased intramolecular motion

which can inhibit the radiative decay of the 3MLCT. Work from Tang and co-workers

have shown that restriction of intramolecular rotation in hexaphenylsilole (HPS) and

arylbenzene compounds (Figure 2.18) leads to a switching on of their emissive properties

in much the same way.112,113

Whilst [Ru(bqp)2]2+ does not contain any rotating functional groups, a decrease in

intramolecular motion due to DNA binding cannot be ruled out. With this in mind
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Figure 2.18: One inorganic ([Ru(phen)2(diCl – phen)]2+ (left))109 and two organic (hexaphenylsilole (centre) and
tetraphenylethene (right))112 examples of aggregation-induced emission probes

the PF6
– salt of cis-1a in acetonitrile solutions with increasing quantities of water (0 -

90%) were prepared. The insolubility of the PF6
– salt in water would cause a higher

concentration of the Ru complex in the MeCN, and thus aggregation, as the quantity of

water increased. Similarly, increasing amounts of PEG-300 solution in water - a common

crowding agent - were prepared using the Cl– salt of cis-1a. Neither of these experiments

yielded any switch on effect in cis-1a (Figure 2.19).

Figure 2.19: Emission intensity of A) 9 µM cis-1a in water with increasing amount of PEG-300, and B) 9 µM
cis-1a[PF6]2 in MeCN with increasing amount of water

At this stage, it seemed as though neither solvent exclusion nor AIE are causing the

emission switch on effects observed when cis-1a is bound to DNA. It was proposed that

perhaps time-resolved emission may lead to a greater understanding of the Ru-DNA

interactions, but may also offer a way to identify specific DNA sequences, such as in the

previous discussed case presented by Shivalingham et al.20
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Time-resolved Emission

Using multi-channel scaling (MCS) the time-resolved emission of the complexes in the

absence and presence of DNA were measured. The decay curves were fitted using

I(t) = α1e−t/τ1 + α2e−t/τ2 + ... + αne−t/τn where α and τ are the amplitude and lifetime

of each component. The average lifetime was also calculated using τ̄ = Σαiτi. All three

isomers displayed nanosecond emission lifetimes (Table 2.5). mer-1a displays very long,

microsecond phosphorescence in the presence and absence of DNA with the τ̄ of free

complex being 758± 11 ns. The reported literature value for the complex is 3.0 µs and

this discrepancy can be attributed to the literature studies being conducted in deaerated

acetonitrile and these studies being in aerated aqueous buffer. The lifetime of mer-1a is

far longer than those of two facial isomers with or without DNA and possesses a two

component decay. The first, which contributes very little to the overall decay is much

shorter than the second (166± 8 ns vs 768± 12 ns, respectively). When bound to DNA the

amplitude of the longer second component drops significantly, in the case of hTeloC there

is a 47% decrease, but the lifetime of the component increase significantly, ca 2-fold. The

increase of the amplitude of the short component upon DNA is curious, the presence of

the DNA must be enhancing the population of that excited state via electronic, steric or

solvent related processes.

The decays of cis-1a and trans-1a consist of two components in the absence of DNA and

yield very low levels of emission, with decay to a nonradiative 3MC a possible cause. The

amplitude of this second component is greater in trans-1a than cis-1a, which is reflected

in their levels of emission intensity. In the presence of DNA, a third component arises in

cis-1a. The new additional component could be explained in a number of ways, this could

arise from a portion of the population of Ru complex binding DNA and the presence

of the first and second component representing the portion of the population that is

unbound. It could also represent radiative decay from a second 3MLCT excited state

that, prior to binding to DNA, decayed via vibrational nonradiative pathways, with the

bound species exhibiting all three components in its decay. There is a direct correlation

between the amplitude of this third component and emission intensity increases observed

upon binding all types of DNA. The emergence of the third lifetime component in cis-1a is
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therefore clearly playing a major role in the emission intensity increases that are observed

when bound to DNA.

Table 2.6: 5 µM Ru complex with a total concentration of 15 µM DNA using 485 nm LED source and measuring at
700 nm with multi-channel scaling. Error bars represent the standard deviation from multiple repeats.

DS + hTG DS + hTG + DAP
α1 0.39 ± 0.03 0.41 ± 0.02
τ1 44 ± 5 50 ± 4
α2 0.36 ± 0.03 0.40 ± 0.02
τ2 171 ± 13 231 ± 13
α3 0.25 ± 0.01 0.19 ± 0.01
τ3 736 ± 15 969 ± 33
τ̄ 562 ± 14 679 ± 25

This third component of cis-1a when bound to DAP is far longer than when bound to

other types of DNA. To investigate whether this could be used to identify the presence

of DAP in the presence of other DNA sequences, the lifetime of cis-1a was measured in

the presence of both DS and hTeloG by the addition of the Ru complex to the combined

solution of DNA sequences to act as a control measurement (Table 2.6). Both the amplitude

and lifetime of each component gave an almost identical value to that of cis-1a bound to

DS, confirming that cis-1a binds DS far better than the human telomeric G-quadruplex.

cis-1a was then also added to a separate solution containing DS, hTeloG and DAP, with

the lifetime being obtained. In this case, the amplitudes and lifetimes became more

reflective of that when bound to DAP, but not perfectly reflective. There was still some

subpopulation of the total that was bound to DS. A good example of this is in the lifetime

of the second component; when bound to DS only this is 181 ns and to DAP only is 261 ns,

compare these values to when cis-1a is bound to the mixture of DS, hTeloG and DAP

(231 ns) and one will find the value is below that of DAP but still above the statistical

mean of the two values, implying that more of the Ru complex population is bound to

DAP than DS.

The lifetime of the third component is far longer (ca 200 ns) with DAP present than

without. This discovery means that not only does cis-1a bind DAP more favourably than

DS but it can also identify when DAP is present in a mixture of other DNA sequences. It

was at this point that the separation of the enantiomers of cis-1a seemed more pertinent

that ever - could the enantiomeric discrimination of DNA yield even better results? Could
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the study of the enantiomers shine more light on the switch on mechanism in emission

intensity?

2.2.5 ∆ and Λ Enantiomers of cis,fac-[Ru(bqp)2]2+

Attempts to separate the two enantiomers by recrystallisation with antimony D-tartrate

or L-tartaric acid were unsuccessful, with the [α]D values showing no change. Instead

HPLC separation techniques were employed. Initial separation attempts were made

using MeOH with 0.05% TFA and the racemic mixture as a Cl– salt on a Chiralpak IC

column, which did not yield sufficient separation (Figure 2.20). To lower the solubility of

the complex in order to try to slow down their separation along the column, increasing

percentages of EtOH were used. This yielded some better separation and ultimately using

90% EtOH gave enough separation to see changes in the circular dichroism (CD) signals

of the solutions.

Figure 2.20: HPLC trace from the separation of ∆- and Λ,cis-1a in 100% MeOH (top), 10% MeOH in EtOH (middle),
and 100% IPA (bottom), all with 0.05% TFA over 30 mins

To see if these results could be improved any further, IPA was used. No sufficient

separation was achieved under these conditions so it was decided that 90% EtOH and 10%

MeOH would be used to separate the compounds. Whilst further attempts to optimise the

conditions could have been made, the current separation was sufficient and the quantities

that could be passed down the column were in line with those discussed earlier, so the

conditions were not changed further. Both the chemical purity and enantiopurity of the

enantiomers were checked using the extinction coefficients in comparison to the racemic
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mixture and their CD spectra, respectively (Figure 2.21 and Figure 2.22).

Figure 2.21: Extinction coefficients of rac-, ∆ and Λ,cis-1a in H2O

Figure 2.22: CD spectra of 10 µM ∆ and Λ,cis-1a in water

To assign the two enantiomers as either ∆ or Λ, a crystal structure of at least one

enantiomer must be obtained. Crystals of both enantiomers were grown from slow

diffusion of diethyl ether into a methanolic solution of each enantiomer. This yielded

red/purple crystals for both enantiomers. Only one enantiomer, however, yielded X-ray

diffraction quality crystals (). Despite multiple batches of crystal growth and multiple

screening of crystals per growth batch, Λ,cis-1a did not grow crystals of high enough
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quality to obtain a structure. After multiple attempts, it was concluded that the crystal

structure of ∆ enantiomer, the HPLC trace, and the CD spectra of the two separated

enantiomers were enough to be confident in their configurations.

Figure 2.23 shows a graphical depiction of how these two enantiomers were assigned

their absolute configurations. Setting the central pyridine of the bottom bqp ligand (red)

to 0°, the pyridine of the top bqp (blue) will be at an either −90° or 90° angle, i.e. a

clockwise or anticlockwise position. The complex at 90° (anticlockwise) is right handed

and is therefore assigned as ∆ with the clockwise enantiomer assigned as Λ, in the same

way that bidentate complexes are assigned. The CD spectra of the enantiomers shows that,

not only are they pure, as the signals are almost perfectly opposite and equal to each other,

but that they have a complex “undulating” characteristic. It is from this crystal structure

and the CD spectra that both enantiomers were assigned their absolute configuration,

despite the lack of crystal structure of Λ.

Figure 2.23: 3D depiction of ∆ (left) and Λ,cis-1a (right) with arrows indicating the chirality of the complexes

The emission of the Λ enantiomer with DS displays a lower emission increase when

compared to that of the racemic mixture - from 55-fold to 21-fold - and the ∆ enantiomer

displays an approximate equal and opposite effect to 79-fold (Table 2.7). The enantiomeric

discrimination for the quadruplex structures is less dramatic, with hTeloC and hTeloG

staying largely the same. The biggest change here was the interaction with DAP, which

sees an increase of 41-fold in the racemic mixture and either 60-fold or 47-fold with the
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∆ and Λ isomers, respectively. This change shows that the Λ isomer has the ability to

discriminate between the DNA sequences, with its emission intensity increases with DAP

being approximately double that of the other DNA sequences, mainly due to the fall in

emission observed with this enantiomer over the racemic mixture when in the presence of

DS DNA.

The increases of τ̄ in the ∆ and Λ enantiomers in the presence of DAP are less than that

of the racemic mixture, 6.5± 0.6 and 6.8± 1.7 ns vs 9.6± 0.8 ns, respectively (Table 2.8).

Akin to changes in emission intensity, the τ̄ of Λ,cis-1a is shorter in relation to the racemate

in the presence of DS, whilst ∆,cis-1a increases (3.6± 0.4 and 8.5± 0.2 ns vs 7.5± 0.0 ns,

respectively). The enantiomers seem to show very little difference in their binding to

hTeloC, with both showing similar levels of emission intensity and lifetime increases.

Interestingly, despite the vast emission intensity responses, the τ3 of the enantiomers in

the presence of DS are not significantly different to each other, however, the amplitude of

these components do differ dramatically and it is this amplitude that has the most direct

correlation to the emission intensity.

The Kb values for the enantiomers shows the complexity of their interactions with

DNA. Whilst the emission intensity with DAP shows an increase for the ∆ enantiomer

compared with the racemate, the Kb shows a decrease. In fact, the racemic mixture

has a Kb approximately double that of either of the enantiomers. Either cooperative

binding is occurring here or a complex interaction that skews the absorption profile of

the racemic mixture so much that an accurate binding constant cannot be determined.

This phenomenon also plays out with DS, whilst the ∆ enantiomer displays a higher Kb

value and emission intensity increase over Λ, the racemate displays a larger Kb than either.

The emission intensity increase of the racemate, however, does follow the pattern of the

enantiomers as it is an approximate average of the two.

The Kb values obtained for hTeloC and hTeloG do not display such a phenomenon,

perhaps this is expected as the two enantiomers show far less favourable interactions with

these two DNA sequences. The Kb values of hTeloC for the racemate is an approximate

average of the two separated enantiomers and for hTeloG there is no significant change

between the enantiomers or the racemate. For both sequences, however, there is a slight

quenching of emission in the racemate compared to the two enantiomers.
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Traditional Ru-DNA binding calculations mainly involve extrapolating data from

absorption titrations.40 These calculations involve the assumption that the DNA is one

contiguous chain of identical binding sites, where end-chain interactions are completely

outnumbered by the interactions between base pairs and are as such treated as negli-

gible.114 In the case of this study, where DNA sequences are made up of 22 to 24-mer

oligonucleotides, this is certainly not the case. i-Motif DNA contains three loop regions as

do G-quadruplexes that also present the opportunity for end-stacking onto the G-tetrad.

This poses many issues in the determination of binding constants between Ru complexes

when comparing the data that could be obtained from a 22-mer DS sequence and a 24-mer

hTeloC that contains six C-C+ base pairs at its core, three loop regions and one trailing

single-stranded region.

Some attempts have been made to calculate binding constants using either base pairs,

G-tetrads or C-C+ pairs as the unit of DNA concentration, but these omit the loop region

and end-stacking ability of the quadruplex structures. All of these issues are also present

without even discussing the ability of the already intercalated i-motif C-C+ core to incor-

porate an intercalating ligand. It seems that one major flaw in the current approach is in

the determination of binding constants where the DNA structures contain vastly different

types and locations of binding interactions.

Whilst the relationship between emission intensity and the amplitude of the third

decay component are strong, there seems to be a great disparity between the binding

strength of the Ru complexes to the DNA. Cooperative binding and a complex switch-on

mechanism make discerning what is happening to the Ru complexes upon binding and/or

excitation challenging. Computational studies could reveal insights into the switch-on

mechanism and by studying the electronic transitions of the complexes in the presence

and absence of DNA, a reasonable explanation as to the cause of the emission changes

could be possible.

2.2.6 DFT and Docking Calculations

To begin with, mer-1a, trans-1a, ∆ and Λ,cis-1a were all docked against all DNA types in

AutoDock 4.2115 using their crystal structures71,80 with their geometries set as flexible. This

enabled us to see how these complexes interact with DNA and the possible locations in
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which they bind. The DNA structures used here were the human telomeric i-motif (PDB:

1ELN),116 the human telomeric G-quadruplex (PDB: 1KF1)117 and the same experimental

double-stranded sequence used in this study which was generated in Chimera 1.10.2118

and minimised using the Amber ff99bsc0 force field. The Ru parameters were added as

“atom par Ru 2.96 0.056 12.000 -0.00110 0.0 0.0 0 -1 -1 1 # Non H- bonding”. The lack of a

crystal or NMR structure of DAP limited this work to studying only the hTeloC i-motif. In

fact, the sequence used is a modified hTeloC structure solved by NMR, a crystal structure

of an intramolecular i-motif is yet to be obtained.

Table 2.9: Docking results of mer-1a, trans-1a, ∆- and Λ,cis-1a against hTeloC, DS and hTeloG with the complexes set
to a flexible geometry

hTeloC DS hTeloG
mer-1a Inhibition Constant (µM) 1.80 1.33 2.41

Binding Affinity (kcal mol) -7.36 -7.47 -7.87
DNA Contacts 27 65 42

trans-1a Inhibition Constant (µM) 1.18 2.22 0.24
Binding Affinity (kcal mol) -8.18 -7.81 -9
DNA Contacts 34 65 65

∆,cis-1a Inhibition Constant (µM) 0.99 1.69 0.17
Binding Affinity (kcal mol) -8.19 -7.87 -9.22
DNA Contacts 93 82 65

Λ,cis-1a Inhibition Constant (µM) 0.40 2.23 0.20
Binding Affinity (kcal mol) -8.73 -7.71 -9.11
DNA Contacts 117 69 66

In these docking studies, end-stacking onto the G-quadruplex structure seems to be

favoured by all the complexes, displaying both lower binding affinities and inhibition

constants than other DNA types (Table 2.9 and Figure 2.24). This results in lower DNA

contacts as generally only one ligand is interacting with the DNA, compare this to the

i-motif structure hTeloC that has the highest number of DNA contacts with all complexes.

More in-depth calculations were also necessary to elucidate the processes associated

with the DNA light switching behaviour. For this, density functional theory (DFT) was

employed. This was originally carried out in parallel between myself and Dr. John Fielden

using Gaussian119 and ADF,120 respectively. It was found that ADF more easily allowed

for the addition of DNA partial charges into the calculations, so ADF2018 was used and

the calculations were performed by Dr. John Fielden.

The 3MC states of Ru polypyridyl complexes can lie at an energy that is thermally
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accessible from the emissive 3MLCT excited state, as previous discussed. Previous studies

into the computed electronic states of [Ru(tpy)2]2+ and mer-1a, have shown that the 3MLCT

and 3MC states lie close in energy in mer-1a, but the 3MLCT is elevated up to 0.28 eV above

the 3MC.121–125 There is also a larger transition state barrier in mer-1a for the conversion

of 3MLCT to 3MC, whilst for [Ru(tpy)2]2+, this is not as large (0.08 eV against 0.28 eV in

mer).124,125

To investigate the electronic properties of the two facial isomers DFT calculations were

performed. Using PBE0-dDsc functional and TZP basis set, the geometries of mer-1a, ∆,cis-

1a, Λ,cis-1a and trans-1a were calculated. Single-point electronic structure calculations

were then performed on these geometries using the B3LYP functional, yielding a 0.26 eV

gap from the lower 3MC state and the higher 3MLCT for cis-1a, and 0.86 eV for trans-1a.

This is consistent with the experimentally determined emission of cis-1a and trans-1a in the

absence of DNA as well as the literature studies of [Ru(tpy)2]2+ and mer-1a. This suggests

that the 3MC is more favourably populated over the 3MLCT leading to the lower emission

intensity and lifetimes observed with both facial complexes. The similarity of these results

to [Ru(tpy)2]2+, indicate the pathways for nonradiative decay in these complexes are most

likely similar to those of the facial isomers, i.e. a smaller transition state barrier for 3MLCT

to 3MC conversion compared with mer-1a, and also a low entropy of the 3MLCT state.

Figure 2.25: Docked locations of the ∆,cis-1a GS (blue), 3MLCT (red), and 3MC (green) to hTeloC (grey)

The 3MC state of mer-1a features a lengthening of the N(q)-Ru-N(q) (q = quinoline)

bonds that are trans to each other. In mer-1a these are on the same bqp ligand, but in

the facial isomers these would be on the different ligands and so it is logically more

favourable for this transition to occur in the facial isomers. This stretch could be dis-
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favoured when bound to the sterically imposing DNA. These geometries were docked

to the DNA structures using AutoDock 4.2 and three properties were extracted from

these calculations, an estimated dissociation constant, the free energy of binding and the

number of contacts between the Ru complex and the DNA. In order to determine how

the binding location changed, the distances that the Ru atoms move in reference to the

GS docking calculations were also calculated. The contacts between the Ru complex and

the DNA atoms were calculated using Chimera 1.10.2 and looking for a Van der Waals

overlap of−0.4 Å. AutoDock calculations of the triplet states of cis-1a suggest that the 3MC

state is disfavoured upon binding to DNA over that of the 3MLCT state. The estimated

dissociation constant, free energy of binding and the binding site location of the GS is

more similar to the 3MLCT state than the 3MC, which in some cases move substantially in

location compared to the GS (Table 2.10, Figure 2.25). This would suggest that the 3MC

state of cis-1a is harder to form once the complex is bound to DNA than when not.
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The partial charges of the DS and hTeloC DNA atoms surrounding the binding site of

the GS of both enantiomers of cis-1a were extracted and put back into the DFT calculations.

This probes the effect of the electronic influence of the DNA upon the Ru complexes. For

the ∆-cis enantiomer with hTeloC, this resulted in a 0.594 eV reduction in the HOMO-

LUMO gap - consistent with the bathochromic shifts seen in the absorption titrations. In

the presence of either DS or hTeloC the 3MLCT state of ∆ becomes more stable - a 0.04 eV

and 0.29 eV decrease is observed vs the 3MC state, respectively. Whilst these exact numbers

may not accurately reflect the experimental observations, the general trend of similar

energies in the 3MLCT and 3MC states in the absence of DNA moving toward a more

stabilised 3MLCT state vs the 3MC in the presence of DNA give a clearer understanding

of the type of processes occurring upon DNA binding.

From the experimental and computational data presented here, it is suggested that

the steric restriction imposed upon cis-1a by the DNA disfavours the population of the

3MC state, and thus reduces the level of nonradiative decay occurring upon DNA binding.

In the case of trans-1a this process is not as disfavoured, leading to a less extreme switch

on effect than that observed in cis-1a. This combination of the steric restriction and the

electronic influence of DNA upon the Ru complexes results in the switch on/off states

that are observed experimentally. The influence of the electronic effects of DNA binding is

assumed to play a larger part in the switch on mechanism over pure steric restriction. If

steric restriction alone were to favour the emissive state then a switch on similar to, or in

some cases larger than, cis-1a would be seen in trans-1a especially with the hTeloC and

hTeloG sequences. The lower electronic barrier to the nonradiative decay in trans-1a must

be having a larger influence on the emissive properties of this complex compared to cis-1a.

The work presented in this chapter is a large step towards to the development of an

i-motif specific Ru-based light switching complex. The ability of cis-1a to distinguish

DAP even in the presence hTeloG or DS DNA is remarkable. This, twinned with the

discovery of, to the best of our knowledge, a new light switching mechanism that does not

rely upon solvent exclusion will have ramifications in the fields of both ruthenium-based

polypyridyl complexes and DNA secondary structures.
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2.3. Conclusions

The study of the three isomers of [Ru(bqp)2]2+, as well as the two enantiomers of cis-1a,

offers great promise in the development of an i-motif specific small molecule probe. rac,cis-

1a was able to detect the presence of DAP even in the presence of the DS DNA sequences,

despite having a lower binding affinity for it according to the traditional binding constant

calculations. These calculations rely upon assumptions that are not suitable when dealing

with DNA secondary structures that contain more complex environments and more

possible binding sites than a contiguous strand of base pairs.

The promise offered by rac,cis-1a and its ability to identify i-motif forming DNA

sequences using lifetime measurements is an important discovery for the field. Very few

Ru complexes have been investigated for their i-motif affinity and all those that have did

not show any affinity above those of G-quadruplex or B-form DNA. The dppz containing

complexes strongly favour binding to G-quadruplex over i-motif, possibly due to the

necessity of the DNA to protect the complex from water, something that is possibly not as

favourable in i-motif structures as it is G-quadruplex structures.

Whilst there are still questions surrounding the light switching mechanism of cis-1a,

and the limited switch on of trans-1a, a working hypothesis has been presented. A mixture

of steric restriction imposed by the DNA as well as the electronic interaction with DNA

may be causing cis-1a to favour the formation of the 3MLCT state more in the presence

of DNA than in its absence. The discovery of a new switching mechanism that does

not rely upon solvent exclusion or AIE is an important step in the development of an

i-motif specific probe, as well as a general DNA probe. More in-depth computational

analysis could yield a better or deeper explanation but is unfortunately not possible at

this time due to limitations in the parametrisation of i-motif DNA in molecular dynamics

simulations.126

The racemic mixture in many regards outperforms either of the separated enantiomers

in its preference for binding DNA. The Λ,cis-1a enantiomer, however, does pose a good

starting point for the further development of an i-motif specific probe. Whilst ∆,cis-1a

bound DAP better than the Λ enantiomer, the enantiomeric discrimination offered by

DAP was far less than that of DS. The Λ enantiomer saw a significant drop off in emission
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intensity, compared with the racemic mixture, in the presence of DS but only a moderate

change with DAP, which remained almost double that of the other DNA sequences.

The following chapters are built upon this work and will show the steps taken to

synthesise different analogues and discover new synthetic pathways in the further devel-

opment of this project.
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3. A New Synthetic Route to cis-[Ru(bqp)2]2+

and its Analogues

3.1. Introduction

In previous chapters of this work the modifications of the ancillary ligands in

[Ru(L)2(dppz)]2+ have been discussed, here it would be apt to discuss the modification

to the dppz ligand with the application of how modifications to the bqp ligand could

influence the photophysical and DNA binding properties of bqp containing complexes.

The possible modifications that can be made to a metal polypyridyl complex are virtually

endless when incorporating both ligand and metal modifications. Changing the metal

can dramatically change the photophysical properties and modifying a ligand can hinder

or improve both the photophysical and DNA binding properties. Over the following

pages, a small subset of both metal and ligand modifications relevant to this work will be

discussed.

Many modifications have been made at the 10, 11, 12, and 13-positions of the dppz

ligand (Figure 3.1). Sun et al., showed how addition of methyl groups at either the 10

(dppm2) or 11 and 12 (dppx) positions leads to a lower relative viscosity of the bound

complex, indicating that methylation at these position hinder intercalation (Figure 3.1).127

The same publication also shows how the addition of another azanitrogen atom at the

10-position leads to the loss of light switching properties but retains the high intercalation

into DNA base pairs, suggesting that this adaption stabilises the bright state of the free

complex but does not hinder the intercalative properties.

In 2016, Poulsen et al., published a series of analogues with additional heterocyclic

moieties at the 10:11 position of the dppz ligand (pdppz and mpdppz, Figure 3.1).128 Both
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Figure 3.1: Numbering of the dppz ligand atoms and some analogues of the dppz structure

analogues when coordinated to form their respective [Ru(phen)2(L)]2+ complex, yielded

Kbvalues in the range of 106 M−1, with pdppz exhibiting double the binding strength of

mpdppz. Both complexes retained the light switching ability that is associated with the

dppz family of complexes, indicating that such a change did not substantially change the

environment around the azanitrogen atoms of the phenazine moiety, as the work by Sun

et al. did.

Other modifications of the dppz ligand can lead to very interesting and useful proper-

ties. For example, the ligands PHEHAT and HAT (PHEHAT = 1,20-phenanthrolino[5,6-

b]1,4,5,8,9,12,-hexaazatriphenylene), HAT = 1,4,5,8,9,12-hexaazatriphenylene) display

Kbvalues on par with that of the equivalent dppz containing complex (106 M−1) and retain

the light switching properties but generally exhibit higher oxidising abilities when bound

to DNA.129–132 This leads to electron transfer from the guanine of DNA to the excited

complex resulting in the photocleavage of the DNA, making this family of complexes

potential photodynamic therapeutic drugs.
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Modifications such as these highlight how finely tuned the electronic properties of the

[Ru(L)2(dppz)]2+ family are, and how structural modifications can change these proper-

ties.133,134 Such changes lead to new applications, expanding our knowledge as to how

these complexes interact with DNA, and their electronic properties.

3.1.1 Modification of the bqp Ligand

In 2007, Jäger et al., published a selection of bqp derivatives containing different func-

tional groups (Figure 3.2).81 Using Suzuki-Miyaura palladium catalysed carbon coupling

reactions, good yields, up to 90%, were reported. A range of electron withdrawing and do-

nating functional groups were used, showing the versatility allowed within their reaction

conditions. In refluxing toluene with Pd(dba)2 and SPhos (2-dicyclohexylphosphino-2′,6′-

dimethoxybiphenyl) as catalysts, various 2,6-dihalopyridine with different functional

groups at the 4-position were used. Using other common reaction conditions, the nitro

functionalised analogue was reduced to form an amine, which was subsequently reacted

to form the bromo derivative.

Figure 3.2: Previously published bqp analogues
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This work also presented the synthesis of aryl containing bqp analogues via a Kröhnke

reaction (Figure 3.3). The application of these complexes was to develop better chro-

mophores in artificial photosynthesis, where longer lifetimes and better photophysical

properties are required. The development of the aryl substituted ligands allowed for a

greater donor-acceptor disparity in heteroleptic Ru complexes. This work set the founda-

tion for the development of many different functionalised bqp ligands.122,135,136

Figure 3.3: Kröhnke-type coupling reaction used to form bqp analogues

Of the ligands reported by Jäger in 2007, the corresponding mer ruthenium complexes

were reported in 2010, with some showing stark improvements upon the photophysical

properties of mer-[Ru(bqp2)]2+.137 The homoleptic complex mer-[Ru(bqpCO2Et)2]2+, for ex-

ample, displayed a 5.5 µs lifetime, 2.5 µs longer than that of the unfunctionalised complex.

The electron withdrawing effect of the ester group stabilises the 3MLCT state, leading to a

longer lifetime. Conversely, the electron donating methoxy group led to a decrease in the

emission lifetime of [Ru(bqpOMe)2]2+ to 1.2 µs. The heteroleptic complex, synthesised via

the [Ru(bqpR)(MeCN)3]2+ intermediate, [Ru(bqpCO2Et)(bqpNH2)]2+, composed of one

withdrawing and one donating group, led to a slight reduction in lifetime to 2.0 µs, albeit

with a significantly red shifted (41 nm) emission peak.

Kumar et al. in 2010, reported the synthesis of many different bqp derivatives, includ-

ing the ability to perform Suzuki-Miyaura reactions on the ligands whilst coordinated to
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ruthenium.136 Included in this work were a few complexes that displayed interesting pho-

tophysical changes upon modification of the electron configuration of the ligand. A bqp

ligand containing a 4-substituted m-xylene moiety that had either a dimethoxy- or dione-

substituted benzene in the 4-position (Figure 3.2) The modification of the electron with-

drawing/donating effects of the two groups leads to a ca 3000-fold increase in lifetime from

0.91 ns to 2700 ns, respectively. A bichromophoric complex, [Ru(bqp)(bqp – Ph – anth)]2+,

was reported by Ragazzon et al. in 2013 and displayed an emission lifetime of 42 µs (Fig-

ure 3.2).138 It was proposed that the anthracene appendage offered a slightly lower lying

3MLCT state to that of the bqp ligand, and the rapid energy exchange to this moiety led

to the unprecedented lifetime of the complex. These studies show how relatively simple

chemical modifications can have significant impact on the photophysical properties of

these complexes, but DNA binding was not the focus of [Ru(bqp)2]2+ systems. The lessons

learnt in these studies can help guide future development of bqp containing complexes.

3.1.2 Other Metal Systems

Other modifications to the [Ru(L)2(dppz)]2+ complex involve using different metals. Com-

plexes containing the dppz ligand have been synthesised with many different metals:

Cu,139 Co,140 Re,141,142 Rh,143 Pt,144 Os,145,146 and Ir.147–149 Barton and co-workers published

an osmium containing complex [Os(phen)2(dppz)]2+ in 1995 and showed that it retains the

light switching ability of its Ru-based cousin, albeit with a much lower quantum yield.145

Herebian et al. showed that increasing the overall charge of the [(Cp∗)Ir(dppz)(L)]n+

(where n = 1 and L = AccysOH, n = 2 and L = HcysOMe, n =3 and L = H2metOMe)

complex leads to increasing Kbvalues (Figure 3.4).147 The increasing charge led to

Kbvalues of 8.80± 0.06× 104 M−1 where n = 1, 2.30± 0.04× 105 M−1 where n = 2 and

2.62± 0.03× 106 M−1 where n = 3, indicating that stronger electrostatic interactions of the

positive metal complexes and negative DNA backbone lead to increased DNA binding.

However, DFT studies of common DNA intercalators suggest that the electrostatic con-

tribution to binding is lower than one would expect and contributes much less to the

ligand-DNA interaction than other factors.150,151 Perhaps it is the changing of the ancil-

lary ligand rather than the overall charge of the Ir complexes that drives the differences

observed in the Kbvalues, with the electrostatic contribution being minor.
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Figure 3.4: DNA binding compounds that feature metals other than Ru
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Lu et al. in 2016 published a series of Ir-based complexes that have good G-quadruplex

binding properties.152 In particular [Ir(piq)2(mphen)]+ (piq = 1,10-phenylisoquinoline,

mphen = 4,7-dimethylphenanthroline) that showed good G-quadruplex selectivity over

dsDNA or ssDNA, as well as an increased fluorescence intensity upon binding. Increased

loop length of the G-quadruplex sequence led to an enhanced fluorescence response from

the complex, indicating that the loop contributed highly to the binding interaction. The

complex showed this type of enhancement with a number of different G-quadruplexes.

3.1.3 Tridentate fac-Ru Complexes

As the work of the previous chapter developed, it started to become clear that the facial

isomers of [Ru(bqp)2]2+ had more interesting DNA binding interactions that the merid-

ional isomer. Among the many mer analogues that exist in the literature, there are only a

handful of polypyridyl complexes that have a facial geometry. One such complex contains

the ligand diguanidylpyridine (dgpy) (Figure 3.5).153 From a refluxing solution containing

[Ru(DMSO)4Cl2] and dgpy, the coordinated facial complex fac-[Ru(dgpy)2]3+ was made

in an 80% yield, with the authors reporting that the microwave heated reaction improves

the yield of the single product over conventional heating, suggesting that other isomers

may also form during the course of the reaction. The ligand is capable of forming a

meridional geometry as it complexes along with 4′-phenyl-2,2′:6′,2′ ′-terpyridine (tpy-Ph)

to form mer-[Ru(dgpy)(tpy – Ph)]2+. The dgpy ligand displays substantial σ donation,

leading to a lower energy band in the absorption spectrum. Due to the ruthenium in the

homoleptic complex being in oxidation state of +3, it was reported that the facial ligand

shows no emissive properties upon excitation due to the nature of its low lying LMCT

state, ascertained via TD-DFT calculation. With such an electron rich ligand, σ donation

to the metal would be expected, any MLCT transitions would be very limited due to the

oxidation state of the ruthenium atom. Despite our work indicating that emission from

facial isomers is short lived, in this case, the electron donating effect of the dgpy ligand is

assumed to play a larger role in the lack of emission rather than just the geometry alone.

As discussed in the previous chapter, the complexes fac-[Ru(bpea)2]2+ and fac-

[Ru(bpea – pyr)2]2+ were published in 2000 by Romero et al.97 Despite the aliphatic linker

between the two pyridine units, the complexes displayed lifetimes of 17.0 and 4.6 ns,
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Figure 3.5: Facial ruthenium polypyridyl complexes

remarkably longer than that of [Ru(tpy)2]2+ (0.25 ns). The lack of π delocalisation be-

tween the pyridine rings seems to not play such an important role, with dπ-π∗ transitions

occurring on localised pyridine rings. The lowest lying transitions of fac-[Ru(bpea)2]2+

and fac-[Ru(bpea – pyr)2]2+ displayed low extinction coefficients (167 and 975 M−1 cm−1,

respectively) and were assigned to be metal-centred in character.

Whilst these are interesting cases of Ru complexes forming facial isomers, they do

not offer much in terms of a unique facial-only synthetic pathway for the bqp ligand and

derivatives. The unique case of the flexible aliphatic linkers or very strong σ donating

ligands would not apply to the bqp structure. Instead, to find potentially novel synthetic

pathways, other facial complexes were sought after. One such class of complex is the

long researched piano-stool type complex.154,155 Also known as the half-sandwich arene

complex, this class of complex display DNA binding in their own right and are the focus

of photodynamic therapies.112,156,157 In these complexes, the arene “blocks” the face on one

side of the Ru atom, forcing the other ligands to sit in what would be considered a facial
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configuration. Typically these complexes do not use tridentate ligands, as displacement

of a monodentate ligand in aqueous solution leads to the formation of an reactive aqua

ligand containing complex.158,159 One could envisage how using such an arene containing

complex as an intermediate, facial-only isomers of Ru complexes could be synthesised.

Synthesis of such a complex would involve the displacement of the arene substituent

with that of a tridentate polypyridyl. Work by Muetterties showed that the stability of

an η6-arene coordinated to a metal is higher if it has more electron donating character

to the arene.160 For example, it would be easier to displace η6-C6H6 with C6(CH3)6 than

vice versa. The η6-arenes were also shown to displace at very high temperature and in a

step-wise fashion, moving from η6- to η4- to η2- before being full displaced. It would be

logical to assume the removal of an η6-arene by a tridentate polypyridyl ligand would

follow a similar displacement mechanism with the arene moving from η6- to η2- and

the polypyridyl from monodentate to tridentate. Substitution of this kind would most

likely need to be fast to prevent isomerisation of an intermediate complex to the more

thermodynamically favourable meridional geometry but equally, if not heated enough the

arene would not be displaced - a “Goldilocks principle” would be needed.

With this is mind, this chapter focusses on the development of both the analogues of the

bqp ligand, and their corresponding Ru complexes, as well as the development of a facial-

only synthetic route. Following on from the work of the previous chapter, the development

of these complexes initially focussed on the synthesis of various functionalised bqp ligands

but, as much of this work was done in parallel with the previous chapter, this development

shifted into a synthetic pathway that would yield the cis,fac-[Ru(bqp)2]2+ isomer without

the formation of either trans or mer.

3.2. Results and Discussion

3.2.1 Analogues of bqp

Synthesis began with some simple analogues of bqp, made using 2,6-dihalo-4-R-pyridine

(Figure 3.6). Initial conditions used in this synthesis were similar to those of previously

bqp analogues, a microwave assisted reaction in MeCN/H2O with K2CO3, SPhos and

Pd(dba)2.136 However, it was found that due to the poor stirring offered by the microwave
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Figure 3.6: Structure and numbering of the derivatives of the bqp ligand

reactor and the limited vial sizes, heating via conventional methods with the same solvent

mixture and catalysts led to higher yields (Table 3.1), so these conditions were used going

forward.

Figure 3.7: Atom numbering of the bqp ligand

Table 3.1: Yields of the Suzuki-Miyuara coupling of different bqp analogues under either conventional or microwave
assisted heating conditions

Compound Microwave Heating Yield (%) Conventional Heating Yield (%)
2 49 77
5 22 54
4 32 34

The electron withdrawing/donating effects of the different functional groups can be

seen when monitoring the Hb NMR shift (Table 3.2 and Figure 3.8) As one would expect,

the least shielded proton is on 2 ranging to the most shielded on 3. Whilst this may have

implications of the photophysical properties, with 2 expected to stabilise the 3MLCT state,

these groups will also have implications on the DNA binding potential. Those compounds

with the potential to H-bond to the DNA bases, e.g. 3, would be expected to have better

binding properties than those that can not, such as 5.

The complexation to ruthenium of some of these compounds was achieved using

the methods previously reported by Jäger et al. in 2009.80 Heating the ligand and

Ru(DMSO)2Cl2 at 180°C in ethylene glycol using microwave heating yielded moder-

ate results. Interestingly [Ru(5)2]2+ did not form the trans isomer during synthesis, only
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Table 3.2: 1H-NMR shift of the Hb proton with yields of different bqp analogues

Compound Hb
1H-NMR shift (ppm) Yield (%)

2 8.97 77
3 7.32 88
4 8.40 34
5 7.94 54
6 7.69 85
7 7.81 75

producing the cis and mer isomers. Presumably the weak electron donating effect of the

methyl group has some cis directing effect upon the coordination of the second ligand to

the ruthenium.

Figure 3.8: 1H-NMR spectra of (top - bottom) 7 CDCl3, 6 (CDCl3), 5 (d6-DMSO), 3 (CD3CN), 4 (CD3OD), and 2
(CDCl3), where ∗ signifies the Hb proton peak, performed at 400 MHz

The overall low yield of these complexes and the higher ratio of mer formed during

the reaction, led onto development of a synthetic system that favoured the formation of

the facial isomers. It became increasingly important that the synthesis of the facial isomers

should take a more prominent role in the development of new analogues as the results of

77



the previous chapter were collected. Due to this, the research presented in this chapter

moved away from the synthesis using the analogues of the bqp ligand and moved closer

towards to a new synthetic pathway for the formation of only the facial isomers, and

preferably the cis isomer.

3.2.2 Cyclisation of the bqp Ligand

Having studied the crystal structure of the cis and trans isomers of [Ru(bqp)2]2+, one idea

focussed on the modification of the bqp ligand to prevent formation of the mer isomer.

The carbon atoms at position 15 and 25 in the bqp ligand are 3.40 Å apart, a reasonable

distance for a methylene linker to span (Figure 3.9). One method to add a methyl bridge to

two quinoline units is via the use of a Grignard reagent and tetramethylethylenediamine

(TMEDA) in a one step reaction (Figure 3.10).161

Figure 3.9: Graphical depiction of (left) bqp when bound in the facial geometry and (right) the same structure with a
methylene bridge added using the Avogadro software suite162

With this in mind, synthetic Scheme A was drawn up as a possible synthetic route to

the synthesis of fac-[Ru(mqp)2]2+ via the ligand 2,6-(8′-(2′,2′ ′-methyl)quinolinyl)pyridine

(mqp) (Figure 3.11). The addition of the methylene bridge between the quinoline units

would prevent the formation of the meridional complex as a sufficient N(q)-Ru-N(q)

bite-angle of approximately 180° would be impossible. This would force the complex into

either a cis,fac or trans,fac geometry. This could even lead to heteroleptic complexes, of one

mqp ligand and one analogue of bqp, as the addition of the second bqp could only be in a

facial arrangement.

In refluxing toluene with TMEDA and MeMgCl, bqp was stirred for 2 h, following
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Figure 3.10: Synthetic route of di(quinolin-2-yl)methane

Figure 3.11: Proposed synthetic Scheme A for the synthesis fac-[Ru(mqp)2]2+

an adapted method from literature procedure of di(quinolin-2-yl)methane.161 This initial

attempt at forming mqp was, however, unsuccessful. Despite numerous changes to

the procedure, such as changing the solvent system, the ratio of starting materials and

temperatures, evidence for the formation of the desired product was absent. Even though

the disappearance of the 2′-proton peaks in the 1H-NMR spectrum of the product from

these reactions was observed, the newly emerging methyl peaks were in a 1:3 ratio of

aromatic peak to methylene peak. It would be expected for this to be a 1:1 ratio if only

two methylene protons were added (Figure 3.13 and Figure 3.14).

Figure 3.12: Rotation of the pyridine-quinoline bond in bqp

From the disappearance of the 2′-proton from the quinoline unit and the emergence of

the 6H peak at 2.76 ppm it became obvious that in fact both carbons were being methylated,
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forming two CH3 groups rather than one bridging CH2 group. This was confirmed by

mass spectrometry where an m/z value of 362.1659 was found for the [M+H]+ ion that

would be expected to be 362.1652 for compound 8. When one looks at the bqp ligand, it

seems reasonable that the two quinoline units may face “down” and therefore allow for

a bridging methyl to be formed, but in solution it seems that this constrained geometry

is not favoured (Figure 3.12). Rotation of the quionline-pyridine bond would lead to a

geometry that would not favour the formation of a bridging methylene group between

the two quinoline units.

Figure 3.13: Overlaid 1H-NMR spectra of bqp (top) and 8 (bottom), both performed with CDCl3 at 400 MHz

It was proposed that templating the bqp onto a metal such as Zn may aid the geometri-

cal arrangement necessary for a bridging quinoline to form but the conditions required for

the addition of a methylene group involve the use of aprotic hydrocarbon solvents such as

toluene or hexane. Attempts at this synthesis in more polar solvents that may allow for

the solubility of a Zn containing complex were unsuccessful so instead, a new idea was

pursued that could allow for the formation of the facial isomers without modification to

the bqp ligand.
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Figure 3.14: Aromatic region of the 1H-NMR spectrum of 8 in CDCl3 with aliphatic region inset, performed at 400
MHz

3.2.3 Synthesis of a [Ru(arene)(bqp)]2+ Intermediate

Whilst “piano stool” Ru arene complexes are interesting in their own right, it was proposed

that their use as an intermediate could lead to a facial only complex with the arene

“blocking” one face of the ruthenium coordination environment. To pursue this, the

starting material [Ru(p – cymene)Cl2]2 (9) was synthesised by the oxidative addition of

α-phellandrene to RuCl3 · n H2O. Stirring this dimer with one equivalent of bqp in MeOH

overnight led to the formation of [Ru(p – cymene)(bqp)]2+ 10 which was precipitated from

solution as a PF6
– salt in a 52% yield. The 1H-NMR confirmed the formation of the

complex as it shows a ratio of one equivalent of bqp (15 aromatic protons) to one cymene

(two doublets of two protons at 5.36 and 5.13 ppm) (Figure 3.15). To try and improve this

yield further stirring with AgCF3SO2 to aid in the removal of Cl– ions from the ruthenium

atoms led to a negligible improvement in yield of 3%. The initial synthetic conditions,

were therefore chosen to avoid the extra step of the removal of AgCl from the reaction

mixture.
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Figure 3.15: 1H-NMR spectra of [Ru(p – cymene)(bqp)]2+ in CD3CN, performed at 400 MHz

X-ray crystallography confirmed the structure and geometry of the complex, with one

bqp ligand sitting in a facial geometry and the p-cymene ligand occupying the other face

(Figure 3.16). Whilst some disorder remains in the PF6
– counter anions, the Ru complex

diffracted well and shows the cymene in a η6- coordination. The average Ru-Carene bond

length was measured at 2.22± 0.03 Å and the distance to the centre of the arene ring is ca

1.97 Å, slightly longer than seen with other Ru-cymene complexes.158,163–165 The length

of the Ru-Carene bonds that are trans to the central pyridine (transpy, see Figure 3.16) or

each quinoline (transq) are slightly shorter than that of the bonds that are cis to both the

quinoline and pyridine (Table 3.3). This seems to be opposite effect of the trans-bond

weakening observed in phosphine containing Ru-cymene complexes,166,167 as, in this

case, the transpy and transq bonds become stronger rather than weaker. Considering the

stepwise displacement mechanism of the arene proposed by Muetterties160 and discussed

previously, it is likely that the strength of the Ru-Carene bonds, along with any preference

of bqp to associate via a quinoline or pyridine first mechanism, may determine the ratio of

cis or trans. If the second bqp ligand coordinates via a quinoline-first mechanism trans to

the first central pyridine, then one could envisage the formation of the cis isomer being

more favoured than the trans isomer due to these disparate bond lengths. Equally, if the

mechanism initiates trans to the quinoline, then the trans isomer would become more
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favoured. It could also be that displacement initiates with the coordination of the pyridyl

nitrogen of the second bqp ligand. The ratios of the two isomers upon displacement of the

arene will inform as to the mechanism involved in the coordination of the second bqp,

and, modification of the arene substituent could lead to higher yields of either isomers, as

one chooses.

Table 3.3: Ru-Carene bond lengths of [Ru(p – cymene)(bqp)]2+

Bond Length Å
transpy 2.20(2)
transq 2.21(1)
cis 2.26(1)
All 2.22(3)

Figure 3.16: A) Thermal ellipsoid plot of [Ru(cymene)(bqp)][PF6]2 with counter anions included, and B) thermal
ellipsoid plot of [Ru(p – cymene)(bqp)]2+, where the coloured atoms represent the transq (green), transpy (red) and cis

(blue) atom pairs in the arene ring

Addition of this second bqp ligand that would afford only the facial isomers, preferably

the cis isomer in a high yield, and allow for the addition of different analogues of the

bqp ligand in a facile manner, proved more difficult than first anticipated. To begin with,

however, the isomerism of the two facial complexes was tested. Taking a few milligrams

of a mixture of cis- and trans-[Ru(bqp)2]2+, obtained via their conventional synthesis, and

heating this mixture at 180°C in ethylene glycol overnight led to no change in the ratio

of isomers and no formation of the mer isomer. To determine the ratio of each isomer

in a mixture of products, 1H-NMR spectroscopy was used. Each isomer gives a unique

peak outside of the range of the others, in the case of cis this is found at 6.65 ppm, trans at

9.15 ppm, and mer at 7.05 ppm (Figure 3.17). These peaks all arise from quinoline protons,
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so functionalisation of the central pyridine should not significantly change the 1H-NMR

of these peaks, allowing them to be used as key markers of each isomer. By confirming

that the facial isomers do not form the meridional isomer in these conditions, any ratio

of the three isomers that could be formed during synthesis would be due the step-wise

displacement of the arene and any rearrangement of intermediate complexes rather than

one isomer forming and then later thermally rearranging into another.

Figure 3.17: 1H-NMR spectra of the aromatic region of cis (top), mer (middle) and trans (bottom) in CD3OD at 400
MHz. Labels show the distinct 1H-NMR signals that can be used to distinguish the isomers from each other

Displacement of an arene from ruthenium by a polypyridyl ligand has be shown

to occur via excitation with UV light.159 Photoirradiation of an arene complex

([Ru(arene)(L)2Cl]+) in MeCN has been shown to lead to the displacement of the

arene and coordination of the acetonitrile ([Ru(L)2Cl(MeCN)3]+), which can be read-

ily displaced by another ligand.168,169 To try this, equimolar amounts of bqp and

[Ru(p – cymene)(bqp)][PF6]2 were stirred in MeCN using a 125 W Hg immersion UV light

source. After 72 h of stirring, no change in the composition of the solution was observed,

only the starting materials were found in the 1H-NMR (Table 3.4). Both MeOH and DCM,

weakly coordinating solvents, were also used but no displacement of the arene was ob-

served. Stirring the same mixture overnight in refluxing MeCN also showed no formation

of the desired product, only the unreacted starting materials were observed.

Efforts were then turned to using the microwave assisted conditions used to form the

facial isomers from Ru(DMSO)4Cl2. Heating the equimolar solution at 180°C in ethylene

glycol in a microwave reactor for 2 min led to the formation of a red solution that, by

observing the 1H-NMR spectrum, seemed to contain a very small amount of the desired

complex alongside plenty of starting material (Figure 3.18). Putting this mixture back into

the microwave reactor for a further 1 h led to formation of a ratio of cis:trans:mer of 10:1:8.

Whilst this was promising, only ca 50% of the desired isomer was formed, with the total
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yield of ca 50% for the synthesis of the combined isomers making the total yield of cis from

the reaction only ca 25%.

Figure 3.18: 1H-NMR spectra obtain from the crude product of Ru(DMSO)4Cl2 and bqp in a 1:1 ratio heated at 180°C
in ethylene glycol for 2 min with microwave assisted heating. Performed in CD3CN at 400 MHz

To improve upon this further, timescales between 5 min to 20 min were used. After

5 minutes, both cis- and trans-[Ru(bqp)2]2+ were formed with a total yield of 24% and a

ratio of 4:1, cis:trans. A slight improvement was achieved after 10 minutes with a total

yield of 29% and a ratio of 7:1, cis:trans. However, if heated for longer than 10 minutes,

the thermodynamically favourable mer isomer would begin to form. Whilst some isomer

control was achieved in these conditions, the addition of a functionalised bqp derivative

as the second ligand led to very different results. With the addition of 4 as the second

ligand and heating for 5 minutes under the conditions used previously led to formation of

the mer isomer. Finding the ideal temperature and time for each addition, whilst possible,

would be laborious so the low yielding and time sensitive nature of this procedure force

the investigation back towards the use of conventional heating.

Heating an equimolar mixture of bqp and [Ru(p – cymene)(bqp)][PF6]2 in ethylene

glycol at 180°C overnight led to the successful formation of [Ru(bqp)2]2+, at a 49% yield.
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This mixture of isomers contained a ratio of cis:trans:mer of 10:3:4, an improvement upon

the microwave reaction, as the yield of cis from this reaction would be 28%, but the

formation of mer was still occurring. Lowering the temperature of this reaction could

garner more control over the formation of the isomers, with lower temperatures possibly

favouring the less thermodynamically stable facial isomers. However, reacting equimolar

amounts of [Ru(p – cymene)(bqp)][PF6]2 and bqp in refluxing isopropanol yielded only

starting materials, as was the case when the solvent used was MeCN. The solubility of

ruthenium hexafluorophosphate complexes in alcohols is low, so anion metathesis from

[Ru(p – cymene)(bqp)][PF6]2 to [Ru(p – cymene)(bqp)][Cl]2 yielded better results. Heating

this chloride salt and bqp in isopropanol at 80°C led to the formation of only the facial

isomers, cis and trans, in a 4:1 ratio, respectively, and a yield of 44%. This was a step in

the right direction, lowering the temperature allowed for a greater control of the isomer

formation but the yield of trans was still significant. The higher cis ratio indicates that

the coordination of the second bqp ligand either stems from the coordination of the

quinolyl nitrogen trans to the central pyridine, or from the pyridyl nitrogen trans to either

of the quinolines. Changing the arene and therefore possibly changing the trans-bond

strengthening effect could yield a better product ratio.

As previously discussed, the arene is displaced from the metal complex in a step-wise

fashion, moving from η6- to η4- to η2- before being fully displaced.155 The stabilities, or

the displacement series, of different arenes has also been reported with more electron

rich arenes being more difficult to displace.160 With this in mind, it was hypothesised that

using benzene instead of the more electron rich p-cymene may give even more control

over the formation of the isomers, possibly influencing the ratio of cis:trans formation.

Synthesis of the [Ru(benzene)Cl2]2 dimer (11)was achieved in similar conditions to

that of p-cymene dimer. Refluxing RuCl3 · n H2O and 1,3-cyclohexadiene in 96% EtOH

led to the formation of the dimer in 92% yield. Stirring the dimer with two equivalents

of bqp (1:1, Ru:bqp) and four equivalents of silver trifluoromethanesulfonate at room

temperature led to the formation of [Ru(benzene)(bqp)]2+ 12 in a 60% yield.

Similar to the cymene containing complex, [Ru(benzene)(bqp)][PF6]2 crystals were

grown by slow addition of diethyl ether into acetonitrile and the small yellow crystals were

diffracted with a Mo source (Figure 3.19). Interestingly, the benzene containing complexes
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feature a greater trans-bond strengthening than the cymene equivalent. The transpy bonds

are shorter when the arene is benzene rather than cymene (2.15± 0.01 and 2.20± 0.02 Å,

respectively). As stated in the case with cymene, if the second bqp equivalent displaced the

arene by first coordinating from the nitrogen of the pyridine, this would favour a higher

proportion of the cis isomer over the trans isomer, this mechanism was also proposed

by Jäger et al. in 2010.137 Although the transq and cis bond lengths of the arenes do not

differ significantly, the trans bonds do. If the second addition of bqp leads to a higher ratio

of the cis isomer then it would indicate that the pyridine coordinates first at the transq

position followed by the coordination the flanking quinolines. The increased strength

of the transpy bond would therefore disfavour the formation of the trans isomer, if the

second bqp coordinates via the pyridyl nitrogen first. If, however, a higher ratio of the

trans isomer forms, then the opposite could be true; coordination of the quinoline first at

the transq position. One can also not ignore the increased steric bulk of the p-cymene over

the benzene. Although the crystal structure of [Ru(p – cymene)(bqp)]2+ shows no disorder

in the positioning of the arene ring, the NMR shows two uniform doublets indicating

free movement of the arene, suggesting that the bulky isopropyl group is not cis/trans

directing, but the increased steric bulk of the arene could still influence the accessibility of

the ruthenium atom to the incoming bqp ligand. This could have a kinetic influence of the

formation of one isomer or the other, with less bulky benzene potentially favouring one

over the other.

Table 3.5: Ru-Carene bond lengths of both [Ru(p – cymene)(bqp)]2+ and [Ru(benzene)(bqp)]2+

Bond Length Å
cymene benzene

transpy 2.20(2) 2.15(1)
transq 2.21(1) 2.21(1)
cis 2.26(1) 2.25(1)
All 2.22(3) 2.20(3)

Heating, at 80°C overnight, an equimolar mixture of [Ru(benzene)(bqp)][Cl]2 and

bqp in a 50:50 mixture of isopropanol and water led to a cis:trans ratio of 9:1, a vast

improvement over the p-cymene equivalent, however, the overall yield was low (12%).

This result suggests that coordination of the second bqp ligand occurs from the pyridine

unit at transq position, followed by the flanking quinoline units. Increased strength of the
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Figure 3.19: A) Thermal ellipsoid plot of [Ru(benzene)(bqp)][PF6]2 with counter anions included, and B) thermal
ellipsoid plot of [Ru(benzene)(bqp)]2+, coloured atoms represent the transq (green), transpy (red) and cis (blue) atom

pairs in the arene ring

transpy Ru-Carene bonds disfavours coordination in a trans geometry, leading to a higher

ratio of the cis isomer. It was found that using n-BuOH as the solvent and heating at 100°C

overnight led to a much higher overall yield (40%) whilst maintaining the same cis:trans

ratio. Increasing this temperature again to 125°C led to an even higher yield (82%), with a

small amount of mer, giving an overall 18:1:1 ratio of cis:trans:mer (Figure 3.20). This high

overall yield of [Ru(bqp)2]2+ and high cis formation allows for a total yield of cis of >70%.

Figure 3.20: Aromatic region of the 1H-NMR spectrum of the crude product from the synthesis of cis-[Ru(bqp)2]2+ in
CD3CN at 400 MHz

It could be envisaged that lowering the temperature further and using a less labile arene

could offer higher yields of trans, although it would also most likely result in a lowering

of the total [Ru(bqp)2]2+ yield, whilst control over mer has already been established
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in the literature. This synthetic route allows for a high control over isomer formation

and also allows for the synthesis of heteroleptic facial isomers of [Ru(bqp2)]2+ without

structural modification of the bqp ligand, as was attempted in the synthesis of mqp .

Separation of these isomers can be achieved via HPLC or due to the high overall yield of

cis, recrystallisation may yield only cis. However, restricted time did not permit exploration

of this second option.

Figure 3.21: Final synthetic route for the synthesis of cis-[Ru(bqp)2]2+ in high yields

3.2.4 Heteroleptic facial isomers of [Ru(bqp)2]2+

The development of the above synthetic pathway (Figure 3.21) allows for the possibility of

heteroleptic facial isomers of [Ru(bqp)2]2+ by adapting the second addition of bqp. Using

some of the bqp ligand analogues described earlier in this chapter, this was explored.

Addition of the CF3 containing ligand (4) at this step led to the formation of cis-

and trans-[Ru(bqp)(4)]2+ (Figure 3.22). The ratio of cis:trans for this analogue was 8:1

at an overall yield of 26%. Despite a lower total yield of all isomers, the high cis ratio

is promising. The addition of the inductively electron withdrawing trifluoromethyl

group seems to disfavour complexation over the unfunctionalised bqp ligand as large
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quantities of the [Ru(benzene)(bqp)]2+ starting material were present. Raising the reaction

temperature or time may lead to a higher overall yield whilst maintaining the isomer

ratios, as was seen previously.

Figure 3.22: 1H-NMR spectrum of the crude product from the synthesis of cis-[Ru(bqp)(4)]2+ in CD3CN performed at
400 MHz

A series of other bqp ligands were also used, with all showing high proportions of

cis formation whilst limiting the amount of trans or mer (Figure 3.23). This shows the

predominant factor in the cis:trans:mer ratio is the Ru-containing precursor and not the

electronic properties of the ligand, allowing for the synthesis of many different types

of bqp analogues. The electronic properties do, however, influence the overall amount

of reacted starting material, with the more electron rich bqp ligands displaying better

displacement of the arene than the more electron deficient.

In the case of 2, large amounts of unreacted starting material were present despite the

reaction being performed on the 16 h timescale. In contrast, addition of 3 led to lower

amounts of starting material remaining. It could be possible to overcome this by increasing

the timescale or temperature of the reaction depending upon the type of ligand that was

added. Time did not permit for the purification of these remaining complexes, future

work would focus on the synthesis, purification and biophysical analysis of these types of

complexes. However, the presence of the peak at ca 6.60 ppm is indicative of the formation

of the cis isomer, and, whilst this isn’t conclusive proof, it does strongly suggest that

formation of these heteroleptic complexes is possible.

This synthetic route provides not the only the opportunity to make the cis isomer in

high yields (>70%) whilst keeping the yields of the other two isomers low, it also presents

the opportunity to synthesise novel, homoleptic, facial, tridentate ruthenium polypyridyl
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Figure 3.23: 1H-NMR aromatic region of the crude products for the synthesis of (top - bottom) cis-[Ru(bqp)(2)]2+,
cis-[Ru(bqp)(5)]2+, cis-[Ru(bqp)(6)]2+, and cis-[Ru(bqp)(3)]2+, all performed using CD3CN at 400 MHz

complexes. Prior to this research, such complexes have not been reported, the only facial

bqp containing complexes to be reported were that of the heteroleptic [Ru(bqp)2]2+.80

For the future development of i-motif targeting Ru-based probes, this is a significant

achievement.

3.2.5 [M(bqp)2]n+ Analogues

As was the case in the synthesis of the [Ru(bqp)(bqpR)]2+ complexes, the [M(bqp)2]n+

complexes were synthesised initially as mer complexes before the discovery of the bio-

physical properties of the cis isomer. Alcock et al. published a series of bis-terpyridine

complexes with a series of different metals.170 Refluxing the terpyridine derivative with

a metal-acetate salt in MeOH led to high yields of [M(bitpy)2][PF6]2 (where M = Fe, Ni,

Cu, Zn, Cd or Co) where addition of KPF6 precipitated the complexes from MeOH. This

showed that bis tridentate polypyridyl complexes are facilely obtainable from common

starting materials. To test this with bqp, Ni(II) acetate was refluxed with 2 equivalents

of bqp overnight and a yellow solid was precipitated by addition of KPF6. Crystals of
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[Ni(bqp)2][PF6]2 complex were grown by dissolving the complex in a 50:50 mixture of

acetone and water and cooling overnight at 4°C. As expected due to the conditions used

in the synthesis, only the meridional isomer was formed, no evidence of either facial

isomer was observed. Due to the d-8 configuration of the complex, and therefore in

an octahedral ligand field, its paramagnetism, 1H-NMR spectra were not obtained but

elemental analysis shows the purity of the complex, and along with the crystal structure

(Figure 3.24), confirms the formula to be [Ni(bqp)2][PF6]2. Similarly, the cobalt complex

was also synthesised using the same conditions but X-ray diffraction quality crystal were

not obtained. However, elemental analysis was obtained for the pure PF6
– salt.

Figure 3.24: Thermal ellipsoid plot of the crystal structure of mer-[Ni(bqp)2]2+ with atoms coloured by element

This synthetic route demonstrates the facile nature of the formation of meridional

complexes of bqp. Future work would focus on the DNA interactions of these complexes

and the addition of functionalised bqp ligands to change both the photophysical and DNA

binding properties of the complexes. However, due to the increasing evidence that the

facial isomers of [Ru(bqp)2]2+ provided a better platform for the development of an i-motif

DNA specific light switch, focus was turned towards the possibility of the synthesis of

other facial complexes containing different metals.

After successfully obtaining a synthetic route to form the cis isomer of [Ru(bqp)2]2+ in
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high yields, attempts were made with other transition metals. Stirring IrCl3 ·H2O and

cyclopentadiene in MeOH at RT led to the formation of the [Ir(Cp)Cl2]2 dimer. This was

subsequently stirred with bqp overnight in MeOH at RT but did not yield the desired

[Ir(Cp)(bqp)]2+ product. Instead the [Ir(Cp∗)Cl2]2 (13) dimer was formed in a similar

reaction using pentamethylcyclopentadiene and IrCl3 ·H2O. The addition of bqp to

this dimer was successful as shown in the 1H-NMR spectrum of [Ir(Cp∗)(bqp)]2+ (14)

(Figure 3.25). The peak environments are very similar to the Ru complex containing

the same ligands. One interesting feature of the 1H-NMR spectrum is the shift of the

most deshielded proton, likely the 2′ proton of the quinoline unit. Increased donation

from the quinolinyl nitrogen to the iridium would result in a higher chemical shift of

the adjacent proton when compared with the ruthenium-based complex with the same

ligands. This would suggest that this complex could be more stable, possibly allowing for

higher temperature conditions in the final synthetic step.

Figure 3.25: 1H-NMR spectrum of [Ir(Cp∗)(bqp)]2+ in CD3CN at 400 MHz

Heating [Ir(Cp∗)(bqp)]2+ in ethylene glycol at 180°C with one equivalent of bqp and

1 mL of a saturated KCl solution led to the formation of an orange solution to which
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addition of KPF6 led to the precipitation of an orange solid in 39% yield. The 1H-NMR

spectrum of this orange solid suggests that this could be a facial bis-bqp iridium complex.

However, more evidence will need to be obtained to support this, for example, mass

spectrometry and a solved X-ray crystal structure.

Figure 3.26: 1H-NMR spectra of cis-[Ru(bqp)2]2+ (top) and [Ir(bqp)2]3+ (bottom) in CD3CN at 400 MHz

This showed that it may be possible to form facial isomers of other transition metal

complexes containing the bqp ligand. With the formation on an arene-bqp Ir interme-

diate, the same could well be possible for other transition metals. Displacement of this

arene could be achievable and lead to many different heteroleptic, facial transition metal

complexes, some of which may possess favourable DNA binding interactions.

3.3. Conclusions

This chapter has outlined the steps taken towards the synthesis of high yielding heterolep-

tic facial isomers of [Ru(bqp)2]2+. After initial attempts at this synthesis via modification

of the bqp ligand by the addition of a methylene bridge between the two quinoline units,

focus was turned onto the synthesis via an arene containing intermediate. This led to
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high yields of predominantly the cis isomer (cis:trans:mer, 18:1:1). Moreover, the addition

of different functionalised bqp ligands demonstrated the possibility for the formation of

heteroleptic complexes that still yielded high levels of the cis isomer. The coordination

mechanism of the second bqp ligand was also suggested to occur via the coordination of

the pyridyl nitrogen before the quinolinyl nitrogens, as evidenced by the Ru-Carene bond

lengths of the cymene and benzene containing complexes.

Additionally, progress was made towards the synthesis of facial [M(bqp)2]n+ com-

plexes. Formation of [Ir(Cp∗)(bqp)]2+ from the [Ir(Cp∗)Cl2]2 dimer was achieved and

steps were taken towards the synthesis of the facial [Ir(bqp)2]3+ complex. Formation of

other mer isomers of a selection of first row transition metals was also achieved and,

although the aim of this chapter moved away from this work, future work could include

the photophysical and biophysical properties of these.

The DNA binding and photophysical properties of these complexes is to be investi-

gated and the future work of this project will focus on both of these analyses. The DNA

interactions of the cis-[Ru(bqp)(bqpR))]2+ complexes will provide further evidence for the

switching mechanism and how these modifications change the biophysical properties

of them. The other transition metal complexes may also provide more insight into the

switching mechanism and whether it is maintained across a series of different metals.

Future work should focus on the continued development of the cis-only synthetic

route and its applications to forming facial derivatives of [Ru(bqp)2]2+ as well as the

development of facial [M(bqp)2]n+ complexes. Facial heteroleptic Ru-based complexes

will help to elucidate more detail on the type of interactions that occur between this family

of complex and DNA, as well as potentially improving the photophysical responses of the

complexes in the presence of DNA.
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4. Computational and Experimental Identifi-

cation of i-Motif Binding Ligands

4.1. Introduction

In order to design better i-motif probes, more must be learnt about ligand-i-motif interac-

tions. Many research groups have published ligands that can bind the i-motif but many

do not exhibit i-motif specific binding.171,172 With the aim of this project to discover a

Ru-based i-motif probe for cellular imaging purposes, learning more about the i-motif’s

ability to accommodate ligands is key. This chapter will focus on the computational and

experimental high-throughput screening of a library of organic compounds. The aim of

this was to learn how different shapes and functional groups impact upon the binding

ability of ligands to the i-motif. This information can then be taken and applied to the

rational design of a Ru-based probe that can selectively identify the i-motif structure in

vivo.

A prime example of this concept was shown by the work of Wang et al. whereby linking

a benzo[d,e]isoquinoline to an Ir(III) polypyridyl unit, led to an enhanced recognition

of G-quadruplex over dsDNA ([Ir(bpy)2(mbpb)]+, Figure 4.1).173 The incorporation of

the G-quadruplex specific isoquinolinyl unit on to a phenanthroline ligand enabled the

compound to selectively target the G-quadruplex structure with the Ir(III) unit acting as a

signalling probe. In 2016, Lin et al. synthesised a similar complex but using a benzofuran

derivative as the G-quadruplex targeting moiety that also showing good G-quadruplex

selectivity using a similar strategy ([Ir(ppy)2(edpahombc)]+, Figure 4.1).174 Although these

studies did not include i-motif DNA when testing for selectivity, they do demonstrate

the possibility of tuning the binding affinity of a complex towards a certain secondary
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structure by the addition of organic moieties.

Figure 4.1: Two G-quadruplex binding Ir-based compounds

In order to discover organic compounds that bind a certain secondary structure, one

must investigate the ligand-DNA interaction, a process that is incredibly important in

modern drug discovery.175 Virtual high-throughput screening is often far quicker than

experimental equivalents and can aid in narrowing a search field to a group of molecules

that often contain similar chemical properties.176,177 Many tools have been developed to

aid in the virtual high-throughput screening, such as DOCK,178 GOLD,179 AutoDock,93

and FlexX180 To compare the performance of these different tools, ten docking programs

were evaluated by Wang et al. in 2016.181 Of these tools, AutoDock Vina (Vina) was

rated as one of the best performers. Developed by researchers at the Scripps Institute,

Vina was a significant improvement over its predecessor AutoDock 4.2.94,115 Previous

AutoDock versions had utilised a genetic algorithm (GA) that explored the best docking

pose of a series of different conformations before“breeding” the best poses and, after many

iterations, arriving at the most optimised binding pose.182 Vina moved away from this to

use an iterative local search method, improving both performance and accuracy.94 Due to
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this increased performance, speed and ease of use, this tool was chosen for the in silico

screening of a library of organic compounds.

When using these screening techniques, it is common to use X-ray crystallographic

information to evaluate the binding location of a ligand. This involves removing the

bound ligand from the ligand-receptor crystallographic data and searching the binding

location with virtual compounds. There are of course many assumptions made in this and

in some cases, as with i-motif DNA, no X-ray crystallographic data containing a ligand

exist. In these cases, evaluating the receptor for potential ligand binding sites is often

necessary and less computationally expensive.181 One such software package developed

to tackle this problem is Fpocket.183

Fpocket searches a receptor surface for what is known as an alpha sphere, an area

on the surface that is surrounded by atoms but does not contain an atom itself, i.e. a

pocket. It then identifies those pockets that are close to each other and then scores each

one by calculating the properties of the atoms that form the pocket. This leads to the

identification of regions upon a receptor surface that contain pockets which can favourably

accommodate a ligand. Whilst this can lead to the identification of “ligandable” regions

on a receptor, to treat a receptor as such a rigid body in this way is undesirable. However,

treating the receptor as flexible is computationally expensive. Given the instability of the

i-motif structure in molecular mechanical calculations,126 treating the i-motif as rigid is

the best way forward. To validate these techniques further, however, they must be backed

by experimental data.

In an attempt to validate the theoretical in silico DNA binding properties that this chap-

ter explores, two experimental techniques were also performed. In 2017, work published

by our group explored the possibility of creating a fluorescent indicator displacement

(FID) assay.91 Ethidium bromide, thiazole orange, acridine orange, crystal violet, and a

pyrene derivative were all investigated, with thiazole orange (TO) displaying the largest

fluorescence increase upon binding the human telomeric i-motif (hTeloC) and low flu-

orescence when bound to the same unfolded sequence. A two-binding site model was

assigned due to the 2:1 binding ratio of TO to hTeloC, the binding constants of which

are 3.7± 0.7 and 78± 13 µM. The locations of these binding sites is unknown, but there

are few binding locations that an i-motif could accommodate. The already intercalated
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core may accommodate an intercalating ligand but binding to the loop region has been

shown to occur in other studies,184 whilst groove binding on dsDNA is very common and

the i-motif features similar grooves.185 Displacement of TO from the DNA was shown to

occur from a number of ligands with mitoxantrone and tilorone showing high (> 70%) TO

displacements (DTO). This technique was developed into a high-throughput screen allow-

ing for thousands of molecules to be screened for their TO displacement, and therefore

their DNA binding properties.

The second technique used was a Förster resonance energy transfer (FRET) melting

assay. In this assay, the DNA is labelled at each terminus with a fluorophore (5′ and 3′ end

with 6-carboxyfluorescein (FAM, donor) and 6-carboxytetramethylrhodamine (TAMRA,

acceptor), respectively). When the DNA is folded, the emission of the donor is quenched

by that of the acceptor which in turn will fluoresce at a longer wavelength. In this work,

the fluorescence of the donor is monitored so that as the temperature increases, the

DNA unfolds leading to an increase in fluorescence. This assay was performed by Dr

Abdelhamid from within the Waller group and will be discussed here.

For this project, the NCI Diversity Set VI library was chosen due to the ease of which

it can be obtained but more importantly, an SDF file can be obtained that contains the

same molecules that are physically supplied by the NCI. This, therefore, allows for both

the in silico and in vitro screening of over 1500 molecules. The diversity set VI selected

for molecule with hydrogen bond donors/acceptors, positive charge, aromatic units and

acid/base groups.186 After narrowing down to 1 million compounds, diversity was then

encouraged by only accepting molecules that had 5 new pharmacophores when compared

to any molecule already in the set. Molecules that were relatively flexible and contained

fewer than one chiral centres or contained undesirable features, e.g. obvious leaving

groups or weakly bonded heteroatoms, were also removed, yielding 1584 molecules.

These properties could also make for good DNA binders and the increased diversity could

help identify certain chemical features that aid in DNA binding. The full NCI library,

containing over 250,000 compounds, and the ChEMBL library,187 containing 2 million

compounds, were also used for in silico searching of potential i-motif binding compounds.

The DNA sequence used in this chapter is the i-motif forming sequence hTeloC (5′-

[TAA-CCC]4-3′). There are currently no published crystal structures of this, or any, in-
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tramolecular i-motif sequence, but there are structures which have been solved by NMR.

Using modified bases, PDB 1ELN and 1EL2 were solved using NMR spectroscopy but

for in silico screening, the addition of extra functional groups onto the i-motif structure

could yield misleading results. Instead, a manually edited 1EL2 sequence to match the

hTeloC experimental sequence, and equilibrated using molecular dynamics simulations

to account for minor conformational changes, which has been previously published by

our group, was used.188 This removes the modifications necessary for solving the NMR

structure, allowing for more accurate results to be acquired. Due to the acidic requirements

for forming the hTeloC i-motif,23 a pH 5.5 buffer containing 10 mM sodium cacodylate

was used.

Statistical analysis between the different techniques shown here could yield more

insight into the DNA binding properties of the library investigated over looking at any

technique in isolation. To do this, a Pearson correlation coefficient was calculated according

to Eq. 4.1.189 Any correlation could provide interesting insights, for example, if TO

displacement was higher from those compounds that gave better free energies of binding

to the loop than the groove, it could suggest that TO binds in the loop or that displacement

of TO from this location was more favourable than from the groove. However, a very

strong correlation would be required to make such a claim.

ρ =
c(x, y)
σxσy

(4.1)

where:

x, y = the two subsets of data that are being compared

c = covariance

σ = standard deviation

Other analyses can also yield a better insight into the types of molecules that bind well

to DNA. To find similar features, or chemical similarities, within a group of molecules,

one can calculate the Tanimoto similarities between each of the molecules. The Tanimoto
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similarity, first outlined in 1960,190 and defines the similarity between two bit vectors using

Eq. 4.2. In 1965, Morgan proposed a method for obtaining a fingerprint for a molecule

by assigning each atom an identifier and then updating each atoms identifier based on

the neighbouring atoms, which can be turned into a bit vector - a long series of zeroes

and ones.191 Using the Tanimoto similarity equation, one can arrive at a value between 0

and 1, with 1 being achieved when comparing two identical molecules. It has becoming

commonly assumed that a Tanimoto similarity between two molecules of > 0.85 would

give a high probability of that they would share the same bioactivity.192 Recently, however,

doubt has been cast upon this by investigating the multitude of different fingerprint

analyses and also selecting molecules with a specific activity level and then retroactively

comparing their similarities, to discover that in some circumstances, the similarity scoring

can be as low as 0.3.193 One limitation to the Morgan fingerprint analysis is that this

compares the 2D similarity rather than the 3D similarity, which for discovery of how 3D

ligands interact with a 3D receptor is a clear limitation, however, 3D similarities are far

more complicated to calculate and the tools available to do so are limited.

f (A, B) =
A× B

A2 + B2 − A× B
(4.2)

Using the tools and techniques described here, this chapter focusses on the search for

i-motif binding DNA compounds using a mixture of in silico and in vitro techniques, as

well as any correlations that can be drawn from the different techniques.

4.2. Results and Discussion

4.2.1 Computational Screening

In the absence of crystallographic data showing the ligand-DNA binding sites i-motif

DNA, Fpocket was used to identify potential ligand binding sites on an i-motif structure.183

The human telomeric i-motif was initially passed through Fpocket, which identified two

possible ligand binding locations. The first was located in the loop region and the second

along one of the major grooves (Figure 4.2). From this, three grids were created for Vina
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to search, the first (loop) and second (groove) were 24 Å
3

and centred upon the locations

of the binding pockets identified by Fpocket. The third encapsulated the i-motif in its

entirety in order to probe whether binding locations one and two were in fact the best

binding locations.

Figure 4.2: The pocket regions (orange) of the loop (left) and groove (right) identified by Fpocket on the hTeloC i-motif
(beige)

There were thirty two compounds within the library that could not be screened using

Vina as they contained an As atom, which Vina does not contain parameters for. This

left 1552 compounds that were to be screened against each receptor. A script using the

programming language Python was created to iterate over each binding site and each

molecule with the free energies of binding exported into a CSV file and the binding

locations saved as PDB files.194 From these docking calculations, the top 100 compounds

for each receptor were also identified and of these, 59 molecules were found to appear in

the top 100 for all three pockets (see Appendix A1). The compound NCI 3391 is in the top

three compounds regardless of the chosen pocket, with the search over the whole i-motif

structure finding the opposite groove to the one identified by Fpocket as the lowest energy

binding site (Figure 4.3). It is quite likely, therefore, that such a compound would bind the

i-motif in multiple places. Of the locations analysed for the top ligands, the search over
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the whole structure returns a binding location that is either in the same or opposite major

groove to that predicted by Fpocket.

Figure 4.3: 2D structure of NSC 3391 (left) and binding locations when searching the loop (green), groove (purple) and
the whole structure (blue) (right)

One can learn a lot not only from examining the top hits but also by examining the

bottom hits (Figure 4.4, Figure 4.5 and Figure 4.6). Looking at the bottom hits for each of

the binding pockets, they tend to be small, non-linear, aliphatic molecules. This is in stark

contrast to the top hits which tend to feature longer, more linear heteroaromatic molecules.

Common DNA binding ligands, like ethidium bromide or polyamides, tend to either have

multiple heteroaromatic rings or a more linear backbone, or both, leading to the increased

hydrogen bonding ability of the ligand, as well as, in some cases, base specificity.87,185,195

Of course, the type of molecule that could bind the loop may differ from one that

could bind a groove so to quantify the differences in binding pockets, Pearson correlation

coefficients were calculated using the free energies of binding of the ligands in each

dataset. When correlating the free energy of binding of the different binding pockets

on the DNA, the relationships were strong. They all gave Pearson coefficients ≥0.90,

with the correlation between binding pockets two and three yielding 0.98 (Figure 4.7).

This indicates that the binding location that was found when searching the whole DNA

structure (pocket 3), was almost identical to that of the groove (pocket 2). In the case of

loop vs groove or loop vs the whole structure, the relationship was not as strong, although

still significant, suggesting that ligands that can bind well to one pocket of the DNA also

bind well to another but will still differ to some degree. Whilst these correlations are
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Figure 4.4: The weakest binding 12 molecules identified by searching the loop
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Figure 4.5: The weakest binding 12 molecules identified by searching the groove
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Figure 4.6: The weakest binding 12 molecules identified by searching the whole DNA structure
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Figure 4.7: Correlations between pocket 3 and 1 (top), 2 and 1 (middle), and 2 and 3 (bottom), with their linear
regression fits in orange
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largely unsurprising, it does suggest that the groove is a more favourable binding location

when the DNA is treated as a rigid body.

When comparing groove vs loop, taking the top 100 ligands for each gives 136 unique

ligands, with 64 being shared across both pockets. There are 36 ligands that feature in

one pocket but not in the other (see Appendix A2 and A3). The average mass of a ligand

that binds the loop but not the groove is 359 ± 56 and vice versa is 354 ± 61 with the

average number of atoms being 25.7 ± 3.9 and 25.6 ± 3.8, respectively. These numbers

do not show a significant difference in the make up of the ligands but, when comparing

what elements make up each ligand there is quite a difference. The average number of

N and O atoms in a molecule that binds the loop is 2.8 (11% of the atoms) and 3.7 (14%),

respectively, whereas for those that bind the groove that changes to 2.1 (8%) and 2.6 (10%).

There is one more oxygen and nearly one more nitrogen atom on each molecule that

binds the loop over that that binds the groove, suggesting that hydrogen bonding has a

much greater effect when binding the residues in the loop over those in the groove. Of

these heteroatoms, if one only counts the aromatic ones then the percentages are 5.3% and

3.8% for loop and groove respectively. This tells us that the type of molecule that binds

the loop over the groove tends be slightly heavier, with more atoms and, more hetero

and heteroaromatic atoms than those that bind in the groove. Moreover, plugging these

ligands back into the NCI database, one can pull out extra information. For example, there

are on average 1.8 hydrogen bond donors and 4.8 acceptors in each ligand that binds the

loop over the groove, with that becoming 1.4 and 4.4, respectively, in the opposite scenario.

Not only does this show that there is more hydrogen bonding ability in the ligands that

bind the loop over the groove but that there are more hydrogen bond acceptors over

donors per ligand in both circumstances. This knowledge could guide someone who was

investigating the type of molecule to design to target the i-motif structure.

From here it was interesting to find out if there were common features or structures that

determined the free energy of binding of the compounds. Clustering all the compounds

with a Tanimoto similarity of 0.6 yielded 85 clusters containing a total of 207 molecules

(Figure 4.8). The other molecules did not find any similar partners and were placed in

clusters that contained just one molecule, these were therefore not included in this analysis.

Putting back in the free energies of binding to each molecule and calculating the average
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of each cluster identified seven clusters, clusters 25, 26, 28, 29, 32, 34 and 39 (Figure 4.9).

There are some common features that are shared across these clusters; 25, 26, 29 and 32 are

composed of linear molecules containing multiple aromatic rings with lots of hydrogen

bonding potential. This type of molecule has been identified on many occasions to bind

DNA grooves, particularly the minor groove of dsDNA.196 Encouragingly, unpublished

data from within our group has also identified molecules from clusters 25 and 29 as being

good i-motif binders, who appear frequently using different experimental techniques

with different i-motif forming sequences. However, in order to fully quantify the results

presented here, they must be compared to experimental data. Theoretical data alone is not

enough to make firm conclusions about the types of molecules that can bind i-motif DNA.

4.2.2 Fluorescent Indicator Displacement Assay

Two techniques were used to experimentally explore the in silico results obtained so far: the

first was an FID assay, and the second a FRET melting assay. The FID assay was performed

with all molecules in the library against the hTeloC i-motif at pH 5.5. Of the 1584 molecules,

32 showed a TO displacement (DTO) of over 50% (Figure 4.10). These compounds are

considered hits and, due to the high percentage of TO that they displaced, will have

lower dissociation constants for hTeloC than TO. This calculates to a 2% hit-rate for this

assay, where typical high throughput screens yield hit rates of 0.01 % to 0.14 %,197,198

displaying how this particular library contains molecules that can act as strong DNA

binders. As was the case with docking calculations, the best non-hits were also examined

(Figure 4.11). In the case of the docking, the weakest binders tended to be aliphatic,

non-linear molecules but this was not quite the case with the FID assay. There was a

general lack of heteroaromatic rings, bar a couple of exceptions, amongst the 12 lowest TO

displacing compounds, which tend to be non-linear and feature many unfunctionalised

phenyl rings. However, it is interesting to note that NSC 60659, a compound that shares

some similar features with dppz (Tanimoto similarity = 0.43) is one of the weakest TO

displacers within this library. With evidence mounting that dppz containing complexes

when bound to i-motif DNA have a higher affinity for longer looped sequences,70 it seems

like intercalation into the core of the i-motif is unfavourable Perhaps that is why the top

hits identified here have a shape more similar to that of classical groove binders rather
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Figure 4.8: Average free energy of binding of each cluster identified using a Tanimoto similarity of 0.80. Error bars
represent standard deviation of the free energy of binding from the molecules within each cluster.
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24) 27)

25) 28)

31) 33)

38)

Figure 4.9: The top seven clusters identified using the free energy of binding of each cluster where each molecule is
labelled with its corresponding NSC code
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than classical base pair intercalators.

To further validate the data collected in the FID assay and the docking calculations,

Pearson correlation coefficients were calculated and a plot of TO displacement vs the

free energy of binding for each binding pocket were created (Figure 4.12). With all three

binding pockets, the Pearson coefficient indicated a slight negative correlation between

the free energy of binding and the TO displacement, i.e. the stronger the binding, the

better the TO displacement. While this correlation isn’t considered a statistically strong

one, it does show that there is at least a weak-moderate correlation between the FID assay

and the computational screening. The weakest correlation of the three is against the loop

binding pocket (-0.33), with the groove and whole structure search being approximately

the same (-0.37 and -0.36, respectively). Whilst the differences between the correlations of

the FID assay and each binding pocket are small, it is interesting to note that when the

Vina grid included the entire i-motif structure, all analysed ligand-receptor complexes

had the ligand in one of the major grooves, and the correlation of TO displacement was

stronger with this and the groove binding pocket when compared with the loop. The

shape, size and features of the molecules, along with the correlations of the different

techniques, suggests that the ligands identified here could well be binding in the groove

of the i-motif and future work should focus upon this hypothesis. The run of six C-C+

base pairs along the groove of the i-motif could offer the potential of sequence specific

identification of i-motif DNA, similar to what has been achieved with polyamide ligands

that target the minor groove of dsDNA.199

It is interesting to note that no compound that exhibited a TO displacement of <50%

also exhibited a free energy of binding of <-5.0 when bound to either the loop or groove.

This feature of the correlation could be used to eliminate compounds from the more time

consuming experimental screening by first performing an in silico screen, if a molecule

exhibits a free energy of binding >-5.0, that one should not include it in the experimental

screen.

Of the top 100 compounds identified for each of the four datasets (the three docking

locations and the FID assay), there were 16 compounds that were present in all four

(Figure 4.13). Searching these molecules on SciFinder and refining the references that

contain them by either “i-motif” or “G-quadruplex” yields only one reference. NSC 319990
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Figure 4.10: The compounds that gave DTO ≥ 50%, labelled with NSC codes followed by their DTO values (%)
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Figure 4.11: The compounds that gave the lowest DTO values, labelled with NSC codes followed by their DTO values
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Figure 4.12: Correlations between the TO displacement (%) and docking search 1 (top), 2 (middle), 3 (bottom), with
their linear regression fits in orange
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was previously identified in a screen of NCI libraries against G-quadruplex DNA.200 None

of these molecules have been reported for their i-motif interaction and could offer a strong

platform for the development of i-motif binding ligands and/or inorganic complexes

containing i-motif directing moieties. To identify similar compounds that may also bind

i-motif and widen the library of potential hits, each molecule of this group of 16 was

searched in the larger NCI library, containing over 250,000 molecules and all compounds

with a Tanimoto similarity of 0.8 were returned. Surprisingly this yielded no molecules,

and even when lowering the similarity to 0.5 there were still no similar molecules returned.

It was concluded that the search library was too small and that the diversity within it

must be limited. Instead the same search was performed with the ChEMBL library of ca 2

million compounds for structures with a Tanimoto similarity of 0.80, yielding 67 hits (see

Appendix A4).

Not all compounds found molecules similar to themselves, such as NSC 50651, 50654,

260594, and 33575. Some found many similar compounds, such as 143491 that had 16

matches. This opens up the number of potential ligands dramatically. One common

feature through out this is the high number of hydrogen bond acceptors/donors featured

in all of the identified ligands, along with the linearity of many of them. These features

could be driving the groove binding abilities of the ligands, leading to the high binding

properties observed. In contrast, the G-quadruplex tends to favour larger ligands that

can cover the G-tetrad as end-stacking upon this is highly favourable.201 To explore this

library further, and to investigate the effect of them on the thermal stability of the DNA, a

FRET melting assay was performed.

4.2.3 FRET Melting Assay

The FRET melting assay was performed on all ligands within the library using 5′-FAM-

[TAA-CCC]4-TAMRA-3′ by Dr. Mahmoud Abdelhamid from the Waller group. The

FAM moiety was excited at 470 nm and the emission was monitored at 510 nm with the

temperature increasing by 1°C per minute from 25°C to 70°C. During the course of the

melt, the DNA unfolds, creating a larger distance between the two fluorophores and thus

decreasing the FRET to the TAMRA moiety. The ratio of ligand:DNA was kept the same

as that used for the FID assay (5:1), but the absolute concentrations were changed. The
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Figure 4.13: The 16 compounds identified in the top 100 ligands for each of the docking searches and the FID assay,
labelled by their NSC code
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concentration of DNA used was 0.2 µM with five equivalents of ligand at 1 µM. Due to

equipment failings, two QIAgen Rotor-Gene Q-Series PCR machines were used over the

course of the screen. Interestingly, the two machines, despite being the same models, gave

varying results. Both machines recorded the same melting temperatures for the control

samples, where only DMSO was added to the DNA, but gave very different melting

temperatures for the samples containing the ligands. In the second machine used, the

melting temperatures were almost always 2-4°C higher than the control samples, for every

ligand (Figure 4.14).

z =
x− µ

σ
(4.3)

where:

µ = mean

σ = standard deviation

Figure 4.14: Plot of the melting temperatures obtained for each ligand from the two machines, machine one (blue) and
machine two (orange)

Due to this disparity between the different machines, the raw scores of each melt

were converted to a z-score using Eq. 4.3 (Figure 4.15), where the two populations used
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Figure 4.15: Plot of the z-score obtained for each ligand from the two machines, machine one (blue) and machine two
(orange)

were from each machine, allowing for comparisons across the whole library. Correlations

between this assay and the other assays yielded Pearson correlation coefficients of 0.01

with the docking assay and -0.01 with the FID assay (Figure 4.16), indicating that there is

no correlation between FRET and the other assays.

A z-score outside of the -1.96 to 1.96 range indicates a significant result with a 95%

confidence (Figure 4.18).202 Searching for ligands that, when including their triplicate

error, are outside of this range yields only 10 ligands, a hit rate of 0.6%. The ligand

furthest outside of this range is NSC 143491, with a z-score of -6.69. This compound also

appears in the top hits for the other techniques with a TO displacement of 57± 2 % at

5 equivalents and docking energies of −7.4, −8.0 and −7.8 kcal mol−1 for the binding

pockets on the loop, groove and whole structure, respectively. Interestingly, this compound

also delivered the highest amount of matches (16) when searching the ChEMBL library for

similar molecules to the hits obtained in this study. Going back to the docking calculations

performed with this ligand, highlight its groove binding ability. The binding affinity

for the loop was measured at −7.4 kcal mol−1 and 36 contacts (an overlap of less than

0.4 Å) were measured between the ligand the DNA. Five hydrogen bonds were also found

between the ligand and DNA, with four arising from the hydroxylimine group to three of

the bases contained in the loop (Figure 4.17). In a solution state, this loop would be flexible
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Figure 4.16: Correlation between the FRET melting z-scores and (left-right) docking search 1, 2, 3, and the FID assay,
with their linear regression fits in orange
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and the protrusion of the hydroxylimine group into this cavity would be less favourable

as the shape of the cavity could well be changing. In the case of the groove, a binding

affinity of −8.0 kcal mol−1 was found and 26 contacts between ligand and DNA. While

the number of contacts is fewer in the groove, the overall strength of each contact is higher,

leading to the better affinity. Four hydrogen bonds were identified with one significant

bond between the hydroxylimine of 143491 and the amine group of a cytosine. The others

arise from the carboxyl groups of 143491 interacting with the phosphate backbone along

the groove. Significantly, the search across the whole structure found the same location for

the ligand as that of the just the groove search.

Figure 4.17: Docking locations of 143491 (purple) in the loop (left) and in the groove (right) with hydrogen bonds
coloured orange

It is no surprise then, that 143491 shows a negative z-score, indicating a destabilisation

of the i-motif structure. Interactions directly with the cytosine bases in the structure could

likely lead to a destabilising effect on the i-motif which is sensitive to any disruption to

the pKa environment of the cytosines.26,28,35 This could possibly explain the high DTO

value obtained for this ligand; if it has a destabilising effect upon i-motif DNA and the

fluorescence of TO is dependent upon binding a folded structure, any source of unfolding

will appear as though the TO is being displaced, when in reality, the DNA is unfolding.

Whilst this technique offered poor correlations with the other techniques explored

here, it has identified a number of molecules that could be having an effect on the thermal

stability of the i-motif DNA. Through exploring the interactions of over 1500 molecules

with i-motif DNA using three different techniques, a number of molecules have been

identified. These could be used going forward to rationally design i-motif targeting

inorganic complexes. There are lessons that can be learnt from the type of molecules

identified through using these three techniques. Designing a molecule that is linear, has
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Figure 4.18: Ligands with a z-score greater than 2 or less than -2 labelled by their NSC number followed by their
respective z-score
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good hydrogen bond donor/acceptor groups - preferably more acceptors than donors

- could lead to the design of an i-motif targeting ligand. Whilst specificity towards the

i-motif was not explored in this study, further work could focus on this to then be able to

distinguish molecules that target the i-motif over other DNA secondary structures.

4.3. Conclusions

Through the use of three different techniques, one in silico and two biophysical, a number

of i-motif binding ligands have been identified. Docking the ligands in the NCI Diversity

Set VI, a library of 1584 compounds, using AutoDock Vina showed a stronger binding

affinity for the groove of the i-motif over the loop region. A stronger correlation was

found between a search of the whole structure vs the groove rather than vs the loop. Of

the top 100 ligands for each search, 59 were found to occur in all three searches, and

when also comparing the FID assay, 16 were found to appear in all four. A high hit-

rate (2%) was found for the FID assay, showing not just the capability of the i-motif to

accommodate a ligand but also the usefulness of this library when finding DNA binding

ligands. Additionally, this high hit rate could occur due to a high level of false positives,

destabilisation of the i-motif structure would lead to a decrease in TO fluorescence and a

ligand that was thought to be binding well to the i-motif is in fact unfolding the structure,

although the FRET melting assay should indicate when this is occurring. Searching the

16 hits for similar compounds in the ChEMBL library yielded 67 analogues, which could

offer a platform for the development of many i-motif binding ligands. Of these ligands, it

was found that most of them were linear in structure and feature multiple heteroaromatic

rings in their structure, adding to the argument that these ligands could indeed be binding

the groove of the i-motif.

Correlations between the FID assay and the docking assays were shown to be weak-

moderate, with Pearson correlation coefficients of ca -0.30 for the TO displacement and

the free energy of binding of each docking search. Whilst the FRET analysis did not yield

any significant correlations with the other two techniques, it did identify 10 ligands with

significant effect on the thermal stability of the DNA and helped to identify NSC 143491

as a potential i-motif destabilising ligand. Further, in silico binding suggests this ligand
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binds along the major groove of the DNA structure, interacting with the cytosine residues

of the i-motif core. Future work will focus, in tandem with the previous chapters, on

the design of i-motif binding metal based complexes. The properties of which can be

increasingly tuned towards the i-motif as the binding properties of other compounds is

explored further. Screening of this library against G-quadruplex and dsDNA using these

techniques could also help to identify i-motif specific ligands. Synthesis of an NSC 143491

containing metal complex would be interesting to explore further the effects it has on the

i-motif stability, and any of the 16 compounds identified to have good in silico and TO

displacement properties could offer the potential to identify i-motif DNA in vivo.
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5. Conclusions

It was the aim of the project to develop an i-motif specific Ru-based complex for the use of

in vivo imaging of i-motif DNA. Whilst that has not been directly achieved, a significant

step towards that goal has been taken. The discovery that cis,fac-[Ru(bqp)2]2+ can act as a

light switch in the presence of DNA and does not rely upon solvent exclusion, as dppz

containing complexes do, is a new phenomenon for Ru-based DNA probes and will have

ramifications for the field. The evidence presented here suggests that this photophysical

phenomenon occurs due to the electronic and steric interactions between the complex and

DNA, rather than protection from the bulk solvent. This opens up a new class of light

switches that could be used to identify specific DNA sequences. The work presented here

shows how using time-resolved emission techniques, the DAP i-motif was identified even

in the presence of both DS and G4 DNA. Moreover, the Λ isomer of cis was shown to have

ca. double the emission intensity with the DAP i-motif over DS or G4 DNA, a promising

improvement over the racemic mixture.

A new synthetic route for the formation of this isomer in high yields with <10%

formation of the two other isomers was also presented. This route not only offers the

formation of heteroleptic facial isomers but could also be used in the formation of facial

isomers of complexes containing metals other than ruthenium. This synthetic route can

be tuned by controlling the temperature and by careful selection of the arene used in the

[Ru(arene)(bqp)]2+ precursor. Synthesis of [Ir(Cp∗)(bqp)]2+ was achieved and could be

used in the formation of a bis-tridentate facial iridum complex. Application of this to other

metals, such as Os, could also yield similar results.

High-throughput screening of three different techniques and 1584 ligands from the

NCI Diversity Set VI library was shown to identify many ligands that can bind i-motif

DNA. The FID assay yielded a hit rate of 2% for ligands that can displace thiazole orange
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≥50% from the human telomeric i-motif. This data was corroborated by in silico screening

using AutoDock Vina. There were 16 ligands identified as being in the top 100 hits for

both the in silico and FID screens. Searching the ChEMBL library for similar compounds

yielded 67 molecules that could also offer good i-motif binding abilities. Future work will

focus on screening this library against DS and G4 DNA to identify i-motif specific ligands

as well as incorporation of these ligands into Ru-based complexes to improve the i-motif

binding ability of the [Ru(bqp)2]2+ family of complexes.

This work has shown significant progress towards the goal of developing an i-motif

specific emissive Ru-based probe and will hopefully lead to many projects being pursued

off the back of it.

5.1. Future Work

The future work building off of the back of this project should firstly focus on completing

the synthesis and biophysical characterisation of the [Ru(bqp)(bqp – R)]2+ complexes that

were explored in Chapter 3. This will lead to the application of the new synthetic route

presented in that chapter as well as the exploration of the light switching mechanism

presented in Chapter 2. Changing the chemical, and therefore photophysical, properties

of this class of complex could confirm the hypothesis presented thus far regarding the

light switching mechanism. Addition of hydrogen bonding groups on the bqp ligand may

also lead to increased DNA binding properties.

Secondly, work should also focus on development of facial bqp complexes containing

metals other than ruthenium. Not only will this also contribute towards understanding the

light switching mechanism, it may also lead to an increased DNA interaction. Applying

the knowledge garnered in Chapter 4 to synthesise i-motif targeting organic molecules or

inorganic molecules containing the organic moieties may lead to increased i-motif specific

binding.

There are many directions that future work could follow, but it is imperative that a

complete understanding of the light switching mechanism and binding interactions of the

[Ru(bqp)2]2+ to i-motif DNA should be attempted. This greater understanding could lead

to the development of an i-motif DNA specific in vivo probe.
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6. Experimental

6.1. Materials and Methods

General Methods

Microwave heating was performed using a Biotage Initiator+ microwave synthesizer in a

5 mL sealed microwave vial. HPLC analysis was carried out using an Agilent 1260 infinity

with a reverse-phase C18 column. 1H-NMR spectra were recorded using either a Bruker

400 MHz or Bruker 500 MHz spectrometer and chemical shifts are reported in parts per mil-

lion (ppm) relative to the residual solvent. All reagents were obtained as ACS grade from

Sigma Aldrich, Fisher Scientific or FluoroChem and used as supplied. Ru(DMSO)4Cl2,203

[Ru(benzene)Cl2]2,204 [Ru(p – cymene)Cl2]2,204 and [Ir(C6(CH3)6)Cl2]2
205 were synthesised

according to the published methods.

DNA Sequences

Sequences were bought from Eurogentec with RP-HPLC purification and made up to a

1 mM stock solution using MilliQ water. The concentrations were then checked using a

nanodrop to read the absorbance at 260 nm and the extinction coefficient supplied from

the manufacturer used to calculate the concentration. The sequences used are hTeloC

= (5′-d[(TAA-CCC)4]-3′), hTeloG = (5′-d[(GGG-TTA)4]-3′), DS = (5′-d[GGC-ATA-GTG-

CGT-GGG-CGT-TAG-C]-3′) and its complementary sequence (5′-d[GCT-AAC-GCC-CAC-

GCA-CTA-TGC-C]-3′), DAP = (5′-d[(CCC-CCG)4-CCC-CC]-3′). All buffers used were

100 mM potassium chloride and 10 mM sodium cacodylate that were pH corrected to pH

5.5 (hTeloC) or pH 6.8 (hTeloG, DS, and DAP). All DNA samples were thermally annealed

in a heat block at 95°C for 5 minutes and left overnight to return to room temperature.
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X-ray Crystallography

Data were collected by Dr. Kevin Vincent on a Rigaku XtalLab Synergy S diffractometer

equipped with a PhotonJet Cu micro-focus source and a Hypix hybrid photon counting

detector. Data reduction, cell refinement and absorption collection were carried out by

Dr. John Fielden using Rigaku CrysAlisPro206 software and solved using SHELXT-2018207

via Olex2-1.3.208 Refinement was achieved by full-matrix least-squares on all F043 data

using SHELXL-2018209 and molecular graphics were prepared using Ortep-3.210 Full

crystallographic data can be found in the Appendices.

6.1.1 Separation of ∆ and Λ-cis,fac-[Ru(bqp)2]2+

Separation was achieved on a Chiralpak IC00CG-MA002 HPLC column with 10% MeOH

in EtOH and 0.05% TFA over 30 mins. Multiple runs were performed with a 100 µL

injection of a 5 mg mL-1 solution of the racemic mixture in MeOH. The fractions were

combined and collected for each enantiomer and solvent removed via rotary evaporation.

The solids were then dissolved in MeOH and stirred overnight in thoroughly washed

Amberlite IRA-400, which was then filtered to remove the resin. After removal of the

solvent, the solid was then dissolved in water to form a 10 mM stock solution. The

circular dichroism spectra were collected for each enantiomer and the extinction coefficient

obtained from their absorbance trace to ensure purity. X-ray diffraction quality samples

were also obtained of the ∆ enantiomer by slow diffusion of diethyl ether into a MeOH

solution.

Emission Intensity Experiments

Emission titration experiments were carried out using a Horiba Jobin Yvon Fluorolog

spectrofluorometer and an open-top 10 mm quartz cuvette. 4.5 µM of a Ru complex was

prepared in the appropriate buffer and spectra obtained using an excitation wavelength of

490 nm (mer), 550 nm (trans) or 575 nm (cis), a 10 nm slit width over a range of 625 – 800 nm

(mer) or 650 – 800 nm (cis and trans), an averaging time of 0.1 s, a data interval of 1 nm and

a scan rate of 600 nm min−1. DNA was then titrated into the cuvette at intervals between

0 and 20 µM and spectra obtained after each addition. All emission intensity experiments
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were carried out in triplicate with the error calculated using the standard error and plotted

using Origin. The normalised emission increase results were calculated from Eq. 6.1:

IN =
I
Ia

(6.1)

where IN is the normalised emission, I is the emission in the absence of DNA and Ia

is the emission at a given DNA concentration. For the solvent-based experiments, the

same procedure was carried out using the parameters above for 4.5 µM in either ethanol,

propan-2-ol or acetonitrile.

Absorption Spectroscopy Experiments

Absorption spectra were obtained using a JASCO V-730 Spectrometer. The values reported

are calculated from the averages of independent repeats, with error reported as the

standard error. 4.5 µM solution of the corresponding ruthenium complex in the appropriate

buffer was made and measured over 310-650 nm, a data interval of 0.5 nm, bandwidth

of 1 nm and a scan speed of 400 nm min−1. Varying amounts of DNA were added (up to

20 µM) to this solution at RT and absorption spectra were taken after each addition until

no further change was observed. The data was then fitted to a linear regression model (Eq.

6.2).

[DNA]

εa − ε f
=

[DNA]

εb − ε f
+

1
(εa − ε f )Kb

(6.2)

where [DNA] is the concentration of DNA, εa, ε f and εb are the extinction coeffi-

cients of a given concentration (Aabs/[Ru]), the extinction coefficient of the free metal

complex and the extinction coefficient of the bound complex, respectively. In a plot of

[DNA]/(εa − ε f ) as a function of [DNA], Kb is given as the ratio of the slope to the

intercept. Hypochromicity (H%) was calculated using Eq. 6.3:
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H% = 100× (
ε f − εb

ε f
) (6.3)

Multi-Channel Scaling (MSC) Phosphorescence Lifetimes

A 4.5 µM soltuion of the corresponding ruthenium complex in the appropriate buffer

was made and the lifetime was obtained using an Edinburgh Instruments FS5 with a

485 nm LED source. To this solution was added 20 µM DNA and the lifetime measured

again. All decays were recorded until at least 10 000 counts at an emission wavelength of

690± 15 nm (mer) or 700± 15 nm (cis or trans). Traces were fitted with an exponential tail

fitting equation (Eq. 6.4) where Σαi is normalised to unity. All traces were fitted with a χ2

value of between 0.90 and 1.30. All traces were processed using the Fluoracle software

package. The values reported are calculated from the averages of independent repeats,

with error reported as the standard error.

I(t) = α1e−t/τ1 + α2e−t/τ2 + ... αne−t/τn (6.4)

where:

n = the number of components

α = the amplitude of each component normalised to 1

τ = the lifetime of each component

The fractional contribution of each component can then be calculated using Eq. 6.5.

fi = αiτi/Σjαjτj (6.5)
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Fluorescence Indicator Displacement (FID) Assay

The FID assay was carried out on a BMG CLARIOstar plate reader using an excitation

of 430 nm and emission was measured at 450 nm which was normalised to 0%. 96-well

plates (Corning 96 well solid black flat bottom plates) were used for this assay.

For experiments with Ru complexes, 90 µL of thiazole orange (TO) at a concentration

of 2 µM in 10 mM sodium cacodylate and 100 mM potassium chloride that was pH

corrected to pH 5.5 (hTeloC) or pH 6.8 (DAP, hTeloG and DS) was added to each well.

The fluorescence was then measured. DNA was added to a 1 µM concentration, shaken at

700 rpm in the plate reader for 30s and left to equilibrate for 20 min. After equilibration the

fluorescence was measured again. Additions in to each well (in triplicate) of 0.45 µM Ru

complex were added over a range of 0.45 µM to 4.05 µM. The fluorescence was measured

after each addition and the percentage displacement of TO value (DTO) was calculated

using Eq. 6.6. The concentration at which 50% of the TO was displaced (DC50) was

calculated using Origin software to plot the percentage TO displacement which were then

fitted with a dose-response curve and the DC50 obtained from solving the equation for y =

50%.

TO Displacement (%) = 1− (
ITO+DNA+L − ITO

ITO+DNA − ITO
)× 100 (6.6)

where ITO, ITO+DNA and ITO+DNA+L are the fluorescence of the TO, TO with DNA, and

TO with DNA and ligand, respectively.

For experiments with the NCI Diversity Set VI library, a solution of 2.4 µM TO was

made up in a 100 mM sodium cacodylate, pH 5.5 buffer and 90 µL was added to each well

of a 96 well plate, which was then measured for its fluorescence. Addition of 1 µL of a

108 µM hTeloC DNA was added to each well to give a concentration of 1.2 µM DNA. This

was shaken at 700 rpm in the plate reader for 30s and left to equilibrate for 10 min before

the fluorescence of well was measured. From a plate containing a 1 mM stock of each NCI

ligand, 0.54 µL was added to the plate containing TO and DNA to give a concentration

of 6 µM. The fluorescence of each well was then measured and the TO displacement

calculated using Eq. 6.6.

132



Förster Resonance Energy Transfer (FRET) Melting Assay

This work was performed by Dr. Mahmoud Abdelhamid on a QIAgen Rotor-Gene

Q-Series PCR using the labelled oligonucleotide hTeloCFRET (5′-FAM-d[TAA- CCC-

TAA-CCC-TAA-CCC-TAA-CCC]-TAMRA-3′(FAM = 6-carboxyfluorescein, TAMRA =

6-carboxytetramethyl-rhodamine). Strip-tubes were prepared containing a buffered solu-

tion (10 mM sodium cacodylate, pH 5.5) of 19 µL hTeloCFRET and 1 µL ligand in DMSO (or

just DMSO for controls) with final concentrations of 0.2 and 1 µM hTeloCFRET and ligand,

respectively. Samples were heated from 25 °C to 70 °C at increments of 1°C, holding each

temperature for 1 min. The fluorescence of each sample was measured using an excitation

of 470 nm and the emission was detected at 510 nm. The melting temperature (Tm) was

calculated by normalising the melting curve for each ligand from 0 to 1 and then plotting

this against the temperature with the Tm being the temperature where y = 0.5. The z-score

for each ligand was calculated as z = (x− µ)/σ where µ and σ are the mean and standard

deviation of the population, respectively.

Emission Polarisation Measurements

Experiments were performed on an Edinburgh Instruments FS5. A 4.5 µM solution of Ru

was taken and its emission polarization was measured with the emission polarizer at both

0 and then 90°. To this, a known concentration of DNA was added, and the emission

polarization was measured again, repeating from 1 µL to 20 µL DNA. The polarization

was calculated using Eq. 6.7.

P =
I‖ − I⊥
I‖ + I⊥

(6.7)

where, I‖ and I⊥ are the emission intensity parallel and perpendicular to the excitation

plane, respectively.

Aggregation-induced Emission

200 µL mixtures of acetonitrile in water (0% - 90% water) and PEG-300 in water (0% PEG-

300 to 90% PEG-300) were made up. For each fraction, two samples were made, one
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containing 2 µL cis (from a 1 mM stock of cis[PF6]2 or cis[PF6][Cl]) and one containing 2 µL

acetonitrile or water as a control. The sample without cis was scanned using an excitation

wavelength of 575 nm (cis), a 10 nm slit width over a range of 650 – 800 nm, an averaging

time of 0.1 s, a data interval of 1 nm and a scan rate of 600 nm min−1 and then subtracted

from the samples containing cis. The solvent based experiments were conducted similarly

to the above experiments using a 10 µM solution of cis[PF6]2 in acetonitrile. All data were

plotted using Origin.

Density Function Theory (DFT) Calculations

DFT calculations were carried out using the ADF suite and performed by Dr. John

Fielden.120,211 All calculations were carried out using the ADF triple-ζ TZP basis set with

the zero-order regular approximation (ZORA) to account for relativitstic effects.212 The

dispersion corrected hybrid functional PBE0-dDsc213,214 was used for all geometry optimi-

sations, as this was found to give the closest match to ground state geometries (also tested

were the dispersion corrected hybrid B3LYP-D3215,216 and the range separated hybrid

ωB97X217). Other recent work121,122 has also found inclusion of dispersion important

for obtaining correct geometries for bqp complexes. Geometries of triplet states were

calculated using unrestricted DFT (uDFT), starting from the ground state geometry for

3MLCT, and from a geometry stretched along an N(quinoline)-Ru-N(quinoline) axis for

3MC. uDFT was used rather than TD-DFT because it is considered to perform better for

charge-separated states, such as MLCT states. For single-point calculations of electronic

structure and energy the B3LYP56 functional was used, as this best reproduced experi-

mentally measured electronic absorption spectra (by TD-DFT). To estimate the electronic

influence of DNA, single-point calculations for selected isomer/sequence combinations

were carried out in the presence of partial charges extracted from AutoDock calculated

DNA binding sites. Solvent (water) was introduced using COSMO59-61 with Allinger

atomic radii in geometry optimisations and TD-DFT calculations of electronic spectra.

In single-point energy calculations solvent was introduced using SM1262,63 instead, as

COSMO is incompatible with application of the external electric field used to model the

electronic effect of DNA.
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AutoDock 4.2

Docking simulations were carried out with AutoDock 4.2115 and either the telomeric

i-motif (PDB: 1ELN),116 the telomeric G-quadruplex stabilised by K+ (PDB: 1KF1)117 or

the same double-stranded DNA sequence as that used experimentally (5′-GGC-ATA-

GTG-CGT-GGG-CGT-TAG-C-3′) and its complementary sequence built using Chimera

1.10.2118 and minimized using the AMBER ff99bsc0 force field. Ground state structures

of the three ruthenium complexes were obtained from their previously published crystal

structures,71,80 and triplet excited states were computed via DFT. Ligands and receptors

were prepared using the provided python scripts in the MGLTools package and docking

was accomplished using a Lamarckian Genetic Algorithm. This was done allowing

flexibility in the Ru complexes for the binding study, but for the combination with DFT

rigid Ru complexes were used to ensure different excited state geometries were preserved.

Ruthenium atom parameters used for AutoDock 4.2 were “atom par Ru 2.96 0.056 12.000

-0.00110 0.0 0.0 0 -1 -1 1 # Non H-bonding”. Contacts between Ru complexes and DNA

were calculated using Chimera 1.10.249 with a Van der Waals overlap of −0.4 Å.

AutoDock Vina

Using the hTeloC PDB file obtained from Abdelhamid et al.,188 the grid parameters in

Table 6.1 were used to define the search area on the receptor. A python script was

written194 open the SDF file of the library and then each molecule in the library was

converted to a PDB file, subsequently converted to a PDBQT file, docked to each of the

pockets, after which the docking results, the NSC number and SMILES string for each

molecules were extracted and exported into a CSV file. This script iterated over each of

the 1584 compounds in the NCI Diversity Set VI library.

Table 6.1: Grid parameters used for AutoDock Vina calculations

Pocket 1 (Loop) Pocket 2 (Groove) Pocket 3 (Whole Structure)
Centre x 69.474 61.561 56.333

y 29.685 35.063 29.596
z 15.872 6.016 5.577

Size x 24 24 120
y 24 24 62
z 24 24 76
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Tanimoto Similarity Searching and Clustering

Using the python module RDKit,218 each molecule was converted to a Morgan fingerprint

bit vector and each molecule was compared to each other for their Tanimoto similarity,

generating a distance matrix of similarities. This matrix was then used to generate

clusters with each molecules position in the array being returned. From this, the molecules

structure was obtained from its position and fed back into the clusters to put each molecule

into each clusters. The docking, TO displacement and z-score for molecule were stored

in the identity of each molecule allowing one to calculate the average of each of these

properties for each cluster, these were then plotted against the clusters assigned number

with the error reported as the standard deviation.

For the Tanimoto similarity search, the 16 chosen compounds were each converted

to a Morgan fingerprint bit vector. Each molecule in either the NCI full library or the

ChEMBL library were then also converted to Morgan fingerprint bit vectors and their

similarity compared to each of the 16 chosen molecules. If this similarity was ≥ 0.80 then

the SMILES string of each molecule was exported.

6.2. Synthesis

6.2.1 General Procedures

General procedure for the Suzuki coupling in the synthesis of bqp and derivatives

8-quinolineboronic acid (2 eq.), functionalised 2,6-dihalogenated-pyridine (1 eq.), SPhos

(0.05 eq.), Pd(dba)2 (0.05 eq.) and dried K2CO3 (5 eq.) were added to a 50:50 mixture of

acetonitrile and water. This suspension was then heated at 100°C under an N2 atmosphere

and overnight. The suspension was allowed to cool to room temperature and filtered.

To the filtrate was added DCM and the organic layers separated, dried over MgSO4 and

the solvent removed via rotary evaporation. The remaining solid was purified with flash

column chromatography (0-10% methanol in DCM).
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General synthesis of [Ru(bqp)(η6 – arene)]2+ and derivatives

A suspension of bqp (1 eq.) and dichloro(η6-arene)ruthenium(II) dimer (0.55 eq.) in

methanol (10 mL) was stirred at temperature. NH4PF6 (2.5 eq.) was then added to the

solution before being stirred for a further 30 mins. The solid was then filtered and washed

with methanol. To obtain the chloride salt, the PF6 containing salt was dissolved in acetone

and excess NBu4Cl was added before the solid was removed via filtration and washed

with excess acetone.

Ru(DMSO)4Cl2

This complex was prepared according to the published literature procedure.203 DMSO

(10 mL) was heated to reflux under an N2 atmosphere for 30 mins after which RuCl3 · 2 H2O

(1.00 g, 2.06 mmol) was added and the reflux continued for a further 5 mins. The solution

was allowed to cool to room temperature before the product was precipitated by adding

30 mL acetone. The yellow product was refridgerated for 4 hrs and then filtered and

washed with excess acetone to afford a yellow powder (1.13 g, 50% yield). IR (FTIR) 3008,

2920, 1400, 1310, 1112, 1018, 922, 676, 604 Anal. Calcd for C8H24Cl2O4RuS4: C, 19.83; H,

5.00; found: C, 19.94; H, 5.06.

2,6-Bis(8′-quinolinyl)-pyridine (1)

137



Synthesised according to the general procedure for bqp ligands using 2,6-dibromopyridine

(1606 mg, 9.28 mmol) to yield an off-white powder (912 mg, 65% yield). 1H-NMR

(500 MHz, CDCl3): δ 9.00 (dd, J = 4.2, 1.9 Hz, 2H), 8.30 (dd, J = 7.2, 1.5 Hz, 2H), 8.26 (dd, J =

8.3, 1.8 Hz, 2H), 8.16 (d, J = 7.8 Hz, 2H), 8.01 (t, J = 7.8 Hz, 1H), 7.90 (dd, J = 8.2, 1.5 Hz, 2H),

7.68 (dd, J = 8.1, 7.2 Hz, 2H), 7.47 (dd, J = 8.3, 4.2 Hz, 2H). 13C-NMR (101 MHz, CDCl3): δ

156.69, 150.22, 145.98, 139.24, 136.46, 135.03, 131.59, 128.68, 128.57, 126.64, 125.52, 120.99.

FTMS: Expected [M+H+]: 334.1339, Observed: 334.1340. Anal. Calcd for C23H15N3: C,

82.85; H, 4.54; N, 12.61; found: C, 82.61; H, 4.68; N, 12.49.

mer-[Ru(1)2][PF6][Cl] (mer-1a)

A crude mixture of all three isomers were prepared according to the literature procedure.80

This crude mixture of mer-, cis-, and trans-1a (200 mg, 0.189 mmol) was dissolved in

acetonitrile and to it excess tetrabutylammonium chloride was added and left to stir for

30 min. The red solid was filtered and washed with acetone and the mer isomer was

then separated by preparative HPLC (40-60% MeOH/H2O plus 0.1% CF3CO2H over 40

min). 1H-NMR (400 MHz, CD3OD): δ 8.13 (t, J = 8.0 Hz, 2 H), 8.08 (s, 4 H), 8.06 (dd, J

= 4.5, 1.4 Hz, 4 H), 7.91 (d, J = 8.2 Hz, 4 H), 7.75 (dd, J = 7.5, 1.1 Hz, 4 H), 7.66 (dd, J =

8.2, 1.0 Hz, 4 H), 7.42 (t, J = 7.8 Hz, 4 H), 7.04 ppm (dd, J = 8.0, 5.3 Hz, 4 H). 13C-NMR

(101 MHz, CD3OD): δ 159.69, 158.31, 148.03, 139.60, 138.95, 134.35, 133.29, 132.06, 129.20,

128.26, 128.12, 123.33. FTMS ([C46H30N6Ru]2+) m/z: calc: 384.0787 found: 384.0785. Anal.

Calcd for C46H30N6RuClPF6 · 4 H2O: C, 54.13; H, 3.76; N, 8.24; found: C, 54.14; H, 3.34; N,

8.50.
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cis,fac-[Ru(1)2][PF6][Cl] (cis,fac-1a)

The complex was isolated as a fraction from the synthesis of mer-1a to yield a purple solid.

1H-NMR (400 MHz, CD3OD): δ 8.83 (dd, J = 5.3, 1.1 Hz, 2 H), 8.78 (dd, J = 8.2, 0.9 Hz, 2 H),

8.38 (dd, J = 8.1, 0.9 Hz, 2 H), 8.29 (dd, J = 7.3, 1.2 Hz, 2 H), 8.24 (dd, J = 8.2, 1.0 Hz, 2 H),

8.17 (dd, J = 8.1, 0.9 Hz, 2 H), 7.93 (dd, J = 8.2, 5.3 Hz, 2 H), 7.89 (dd, J = 5.4, 1.3 Hz, 1 H),

7.83 (t, J = 8.0 Hz, 2 H), 7.74 - 7.79 (m, J = 4.0, 4.0, 3.1 Hz, 3 H), 7.70 (t, J = 7.8 Hz, 2 H), 7.43

(dd, J = 7.5, 1.2 Hz, 2 H), 7.31 (dd, J = 8.1, 1.2 Hz, 2 H), 6.77 ppm (dd, J = 8.2, 5.3 Hz, 2 H).

13C-NMR (101 MHz, CD3OD): δ 159.52, 158.88, 138.86, 137.61, 132.32, 132.24, 131.44, 130.59,

130.14, 129.66, 129.18, 127.84, 127.58, 126.90, 125.63, 122.45, 121.67. FTMS ([C46H30N6Ru]2+)

m/z: calc: 384.0787 found: 384.0785. Anal. Calcd for C46H30N6RuClPF6 · 4 H2O: C, 54.13;

H, 3.76; N, 8.24; found: C, 53.70; H, 3.93; N, 7.91.

trans,fac-[Ru(1)2][PF6][Cl] (trans,fac-1a)

The complex was isolated as a fraction from the synthesis of mer-1a to yield a purple

solid. 1H-NMR (400 MHz, CD3OD): δ 9.19 (dd, J= 5.2, 1.3 Hz, 4H), 8.14 (t, J = 8.0, 2H),

8.06 (dd, J = 8.1, 0.7 Hz, 4 H), 7.86 (dd, J = 7.5, 1.1 Hz, 4H), 7.81 (d, J = 8.2 Hz, 4H), 7.68

(dd, J = 8.0, 0.8 Hz, 4H), 7.47 (m, 8 H). 13C-NMR (101 MHz, CD3OD): δ 160.64, 160.00,
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139.98, 138.76, 138.73, 133.44, 133.36, 132.56, 131.26, 128.96, 128.70, 128.02, 126.75, 123.57,

122.79. FTMS ([C46H30N6Ru]2+) m/z: calc: 384.0788 found: 384.0788. Anal. Calcd for

C46H30N6RuClPF6 · 4 H2O: C, 54.13; H, 3.76; N, 8.24; found: C, 54.11; H, 3.96; N, 8.44.

2,6-bis(8′-quinolinyl)-4-nitropyridine (2)

Synthesised according to the general procedure using 2,6-dichloro-4-nitropyridine

(1000 mg, 5.18 mmol) to yield a yellow solid (1499 mg, 77% yield). 1H-NMR (500 MHz,

CDCl3): δ 8.97 (dd, J = 4.2, 1.8 Hz, 1H), 8.95 (s, 1H), 8.32 (dd, J = 7.2, 1.5 Hz, 1H), 8.21

(dd, J = 8.3, 1.8 Hz, 1H), 7.90 (dd, J = 8.2, 1.4 Hz, 1H), 7.64 (dd, J = 8.1, 7.2 Hz, 1H), 7.44

(dd, J = 8.3, 4.1 Hz, 1H). 13C-NMR (126 MHz, CDCl3): δ 159.04, 153.52, 150.76, 145.69,

137.10, 136.84, 131.87, 129.92, 128.81, 126.70, 121.55, 118.32. FTMS ([C23H14N4O2]) m/z:

calc: 378.1117 found: 378.1301 Anal. Calcd for C23H14N4O2: C, 73.01; H, 3.73; N, 14.81;

found: C, 72.68; H, 3.49; N, 14.66.

2,6-bis(8′-quinolinyl)-4-aminopyridine (3)

To a suspension of bqpNO2 (194 mg, 0.45 mmol) and 10% Pd/C (26 mg) in 50 mL EtOH

was added 0.5 mL hydrazine hydrate. This solution was then heated to reflux for 1 h at

which point a further 0.5 mL hydrazine hydrate was added. After refluxing overnight, the

solution was cooled, filtered through a Celite plug and the filtrate was concentrated. To

the concentrated filtrate was added 100 mL chloroform and the solution was heated to

reflux for 5 min before being allowed to cool to RT. The off-white solid (348 mg, 88%) was
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then removed via filtration and washed with chloroform. 1H-NMR (400 MHz, CD3CN): δ

8.92 (dd, J = 4.1, 1.9 Hz, 2H), 8.35 (dd, J = 8.3, 1.9 Hz, 2H), 8.13 (dd, J = 7.2, 1.5 Hz, 2H),

7.97 (dd, J = 8.2, 1.5 Hz, 2H), 7.67 (dd, J = 8.1, 7.2 Hz, 2H), 7.52 (dd, J = 8.3, 4.1 Hz, 2H),

7.31 (s, 2H), 5.07 (s, 2H). FTMS ([C23H14N4O2]) m/z: calc: 378.1117 found: 378.1301. Anal.

Calcd for C23H14N4O2: C, 73.01; H, 3.73; N, 14.81; found: C, 72.68; H, 3.49; N, 14.66.

2,6-bis(8′-quinolinyl)-4-trifluoromethylpyridine (4)

Synthesised according to the general procedure using 2,6-dichloro-4-

(trifluoromethyl)pyridine (864 mg, 4.00 mmol) to yield a yellow solid (541 mg,

34% yield). 1H-NMR (500 MHz, CD3OD): δ 8.99 (dd, J = 4.2, 1.8 Hz, 2H), 8.46 (dd, J =

8.4, 1.8 Hz, 2H), 8.43 (d, J = 0.7 Hz, 2H), 8.32 (dd, J = 7.2, 1.5 Hz, 2H), 8.10 (dd, J = 8.2, 1.5

Hz, 2H), 7.78 (dd, J = 8.2, 7.2 Hz, 2H), 7.62 (dd, J = 8.3, 4.2 Hz, 2H). 13C-NMR (126 MHz,

CD3OD): δ 158.05, 150.42, 145.40, 137.10, 136.86, 131.46, 129.60, 128.86, 126.24, 121.37,

120.86, 120.83. FTMS (C24H14F3N3) m/z: calc: 401.1140 found: 401.1396 Anal. Calcd for

C24H14F3N3 · (H2O)0.5: C, 70.22; H, 3.69; N, 10.24; found: C, 69.91; H, 4.07; N, 10.35.

2,6-bis(8′-quinolinyl)-4-methylpyridine (5)

Synthesised according to the general procedure using 2,6-dichloro-4-methylpyridine

(648 mg, 4.00 mmol) to yield a yellow solid (750 mg, 54% yield). 1H-NMR (500 MHz,

CD3OD): δ 8.77 (dd, J = 4.4, 1.8 Hz, 2H), 8.68 (dd, J = 7.4, 1.3 Hz, 2H), 8.66 (dd, J = 8.4, 1.8

Hz, 2H), 8.51 (d, J = 0.8 Hz, 2H), 8.33 (dd, J = 8.3, 1.3 Hz, 2H), 7.94 (dd, J = 8.2, 7.4 Hz,
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2H), 7.76 (dd, J = 8.3, 4.3 Hz, 2H), 2.84 (d, J = 0.8 Hz, 3H). 13C-NMR (126 MHz, CD3OD): δ

158.16, 150.31, 149.96, 144.30, 138.74, 132.80, 132.19, 129.26, 127.01, 126.40, 124.86, 122.46,

21.13. Anal Calcd for C24H17N3 ·H2O: C, 78.87; H, 5.24; N, 11.50; found: C, 78.89; H, 5.29;

N, 11.40 a

2,6-bis(8′-quinolinyl)-4-methoxypyridine (6)

Synthesised according to the general procedure using 2,6-dichloro-4-methoxypyridine

(500 mg, 2.81 mmol) to yield a yellow solid (864 mg, 85% yield). 1H-NMR (400 MHz,

CDCl3): δ 9.00 (dd, J = 4.1, 1.9 Hz, 2H), 8.23 (ddd, J = 14.7, 7.8, 1.7 Hz, 4H), 7.86 (dd, J = 8.1,

1.5 Hz, 2H), 7.69 (s, 2H), 7.64 (dd, J = 8.1, 7.2 Hz, 2H), 7.43 (dd, J = 8.3, 4.2 Hz, 2H), 3.98 (s,

3H). 13C-NMR (101 MHz, CDCl3): δ 165.18, 158.49, 150.64, 146.43, 139.90, 136.82, 131.88,

129.08, 128.92, 126.95, 121.35, 112.34, 55.68.

2,6-bis(8′-quinolinyl)-4-isoquinoline (7)

Synthesised according to the general procedure using 1,3-dichloroisoquinoline (1000 mg,

5.05 mmol) to yield a yellow solid (1458 mg, 75% yield). 1H-NMR (400 MHz, CDCl3): δ

8.76 (dd, J = 4.2, 1.8 Hz, 2H), 8.24 (dd, J = 8.3, 1.8 Hz, 2H), 7.99 (dd, J = 8.2, 1.5 Hz, 2H),

7.87 – 7.78 (m, 6H), 7.73 – 7.62 (m, 5H), 7.49 – 7.30 (m, 7H) 13C-NMR (101 MHz, CDCl3): δ

150.68, 146.87, 144.79, 137.72, 136.12, 131.26, 130.83, 129.22, 128.41, 128.31, 127.38, 127.00,

126.28, 126.09, 121.35, 119.60.
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2,6-bis(2-methylquinolin-8-yl)pyridine (8)

2,6-bis(8’-quinolinyl)-pyridine (100 mg, 0.30 mmol) was added to an oven-dried flask and

dissolved in anhydrous toluene. To this solution was added TMEDA (90 µL, 0.60 mmol)

and MeMgCl (0.30 mL, 0.90 mmol, 3M solution in THF). The reaction was heated to 120°C

for 2 hr before allowing to cool to RT. The solvent was removed under vacuum and DCM

(150 mL) was added to the solids. This was subsequently filtered and washed with more

DCM before further purification via column chromatography (7.5% MeOH/DCM, silica

gel) to yield a yellow/brown solid (25 mg, 23% yield) 1H-NMR (400 MHz, CDCl3): δ 8.36

(dd, J = 7.3, 1.5 Hz, 2H), 8.28 (d, J = 7.8 Hz, 2H), 8.11 (d, J = 8.4 Hz, 2H), 7.93 (t, J = 7.7 Hz,

1H), 7.82 (dd, J = 8, 1.5 Hz, 2H), 7.62 (t, J = 7.5 Hz, 2H), 7.33 (d, J = 8.3 Hz, 2H), 2.77 (s, 6H).

TODO FTMS (C25H19N3
+H+) m/z: calc: 362.1652 found: 362.1652

[Ru(8)2][PF6]2 (8a)

In a 2 mL microwave vial, 2,6-bis(2-methylquinolin-8-yl)-pyridine (8) (40.7 mg, 0.113

mmol) and Ru(DMSO)4Cl2 (26.7 mg, 0.055 mmol) were added. A stirrer bar was added

before sealing the tube. The contents were vacuum dried and were purged with nitrogen.

Ethylene glycol (1.5 mL) was added using a syringe and the solution was heated for 20

min at 200°C using microwave heating. The dark red solution was stirred in DCM (20 mL)

and a saturated aqueous solution of NH4PF6 (20 mL). The organic layers were separated
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and combined and the solvent removed via rotary evaporation. The crude material was

then purified via preparative TLC using a mixture of [40:4:1 CH3CN/H2O/sat. KNO3] as

the eluent. The orange band was collected, and the counteranion exchanged with NH4PF6

to give a red solid (2.5 mg, 4.1% yield). 1H-NMR (500 MHz, CD3OD): δ 8.20 (t, J = 8.0

Hz, 2H), 7.87 (d, J = 8.2 Hz, 4H), 7.74 (m, 8H), 7.64 (t, J = 1.4 Hz, 4H), 7.48 (t, J = 7.7 Hz,

4H), 6.94 (d, J = 8.2 Hz, 4H), 2.09 (s, 12H). FTMS (RuC50H38N6) m/z: calc: 412.1098 found:

412.1099

[Ru(p – cymene)Cl2]2 (9)

RuCl3 · nH2O (1.00 g, 4.10 mmol) and α-phellandrene (1 mL) were refluxed in 96% ethanol

overnight. The solution was allowed to cool, forming a red-brown precipitate. This solid

was filtered from the solution, washed with ethanol and diethyl ether to yield a red solid

(2.13 g, 85 %). 1H-NMR (400 MHz, CD3OD): δ 5.90 (d, J = 6.3 Hz, 2H), 5.68 (d, J = 6.3 Hz,

2H), 2.80 (hept, J = 6.9 Hz, 1H), 2.22 (s, 3H), 1.32 (d, J = 6.9 Hz, 7H). 13C-NMR (101 MHz,

CDCl3): δ 101.25, 96.76, 81.31, 80.55, 30.64, 22.16, 18.94.

[Ru(p-cymene)(1)][PF6]2 (10)
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Synthesised according to the general procedure using bqp (50 mg, 0.15 mmol) and

dichloro(p-cymene)ruthenium(II) dimer (49 mg, 0.08 mmol) to yield a yellow solid (71 mg,

55%) 1H-NMR (400 MHz, CD3CN): δ 9.78 (dd, J = 5.2, 1.4 Hz, 2H), 8.80 (dd, J = 8.3, 1.4 Hz,

2H), 8.74 (dd, J = 7.4, 1.4 Hz, 2H), 8.34 (dd, J = 8.2, 1.3 Hz, 2H), 8.25 (dd, J = 8.5, 7.6 Hz, 1H),

8.10 – 7.98 (m, 6H), 5.33 (d, J = 6.4 Hz, 2H), 5.10 (d, J = 6.4 Hz, 2H), 1.42 (p, J = 6.9 Hz, 1H),

1.10 (s, 3H), 0.65 (d, J = 6.9 Hz, 6H). 13C-NMR (101 MHz, CD3CN): δ 159.47, 157.14, 147.75,

142.60, 141.85, 135.19, 134.11, 130.69, 129.95, 128.48, 124.71, 88.72, 88.42, 22.02, 1.88, 1.68.

[Ru(benzene)Cl2]2 (11)

RuCl3 · n2H2O (1.00 g, 4.10 mmol) and 1,3-cyclohexadiene (1 mL) were refluxed in 96%

ethanol overnight under N2. The solution was allowed to cool, forming a red-brown

precipitate. The solid was filtered from the solution, washed with ethanol and diethyl

ether to yield a red solid (1.89 mg, 92 %). 1H-NMR (400 MHz, CDCl3): δ 5.71 (s, 6H). Anal

Calcd for C12H12Cl4Ru2: C, 28.85; H, 2.13; found: C, 28.82; H, 2.42.

[Ru(benzene)(1)][PF6]2 (12)

Synthesised according to the general procedure using bqp (100 mg, 0.30 mmol) and 11

(150 mg, 0.30 mmol) with additional AgPF6 (303 mg, 1.2 mmol) and stirred overnight to
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yield a yellow solid (92 mg, 60%). 1H-NMR (400 MHz, CD3CN): δ 9.82 (dd, J = 5.2, 1.5 Hz,

2H), 8.82 (dd, J = 8.3, 1.4 Hz, 2H), 8.69 (dd, J = 7.5, 1.4 Hz, 2H), 8.34 (dd, J = 8.3, 1.3 Hz, 2H),

8.25 (dd, J = 8.5, 7.6 Hz, 1H), 8.09 – 7.96 (m, 6H), 5.31 (s, 6H). 13C-NMR (101 MHz, CD3CN):

δ 159.91, 157.29, 148.39, 142.81, 141.98, 135.28, 134.05, 130.24, 129.90, 128.35, 124.31, 91.10.

[Ir(C5(CH3)5)]Cl2]2 (13)

IrCl3 · 3 H2O (200 mg, 0.57 mmol) and C5(CH3)5 (1 mL) were added to 10 mL MeOH and

refluxed overnight under N2. The red solution was allowed to cool to RT forming a red

solid. The solution was concentrated to yield more solid before being filtered to yield

a red solid (99 mg, 22% yield). 1H-NMR (400 MHz, CDCl3): δ 1.59 (s, 15H). 13C-NMR

(101 MHz, CDCl3): δ 86.24, 9.38.

[Ir(C5(CH3)5)(bqp)][Cl]2 (14)

[Ir(Cp∗)Cl2]2 (50 mg, 0.06 mmol) and AgPF6 (62 mg, 0.25 mmol) were stirred in DCM for

10 min before bqp (40 mg, 0.12 mg) in 4 mL DCM was added and stirred for a further 48 hr

at RT. The solution was then filtered through a Celite plug and the solid was washed with

DCM. The product was then precipitated by adding excess NH4Clbefore being filtered

and washed with DCM to yield a peach solid (33 mg, 38% yield). 1H-NMR (400 MHz,
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CD3CN): δ 10.28 (d, J = 5.1 Hz, 2H), 8.77 (dd, J = 8.2, 1.5 Hz, 2H), 8.72 (dd, J = 7.5, 1.5 Hz,

2H), 8.37 (dd, J = 8.2, 1.5 Hz, 2H), 8.28 (dd, J = 8.7, 7.2 Hz, 1H), 8.18 (d, J = 8.0 Hz, 2H), 8.11

– 7.98 (m, 5H), 0.69 (d, J = 1.5 Hz, 15H). 13C-NMR (101 MHz, CD3OD): δ 157.15, 154.06,

145.71, 142.24, 142.08, 134.47, 133.20, 132.86, 130.49, 129.11, 127.87, 124.92, 91.35, 6.57.
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binding by oligoarginine-Ru(dppz) metallopeptides”, Chemical Communications,

2018, 54, 658–661.

(66) L. He, X. Chen, Z. Meng, J. Wang, K. Tian, T. Li and F. Shao, “Octahedral ruthenium

complexes selectively stabilize G-quadruplexes”, Chemical Communications, 2016,

52, 8095–8098.

(67) S. Shi, J. Zhao, X. Geng, T. Yao, H. Huang, T. Liu, L. Zheng, Z. Li, D. Yang and

L. Ji, “Molecular “light switch” for G-quadruplexes and i-motif of human telomeric

DNA: [Ru(phen)2(dppz)]2+”, Dalton Transactions, 2010, 39, 2490.

(68) S. Shi, X. Geng, J. Zhao, T. Yao, C. Wang, D. Yang, L. Zheng and L. Ji, “Interaction

of [Ru(bpy)2(dppz)]2+ with human telomeric DNA: Preferential binding to G-

quadruplexes over i-motif”, Biochimie, 2010, 92, 370–377.

(69) S. M. Haider, S. Neidle and G. N. Parkinson, “A structural analysis of G-quadruplex

/ ligand interactions”, Biochimie, 2011, 93, 1239–1251.

154



(70) B. J. Pages, S. P. Gurung, K. McQuaid, J. P. Hall, C. J. Cardin and J. A. Brazier, “Sta-

bilization of Long-Looped i-Motif DNA by Polypyridyl Ruthenium Complexes”,

Frontiers in Chemistry, 2019, 7, 744.
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Appendix

A1. The top 59 molecules that were identified in the top 100 for

binding in the loop, groove and whole structure searches
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A2. Molecules that appear in the top 100 for binding to the loop but

not the groove. Labelled with NSC number
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A3. Molecules that appear in the top 100 for binding to the groove

but not the loop. Labelled with NSC number
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A4. Matches found when searching the ChEMBL library with a Tan-

imoto similarity≥0.80, labelled with either the NSC (parent molecule)

or the Tanimoto similarity to the parent molecule
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A5. Crystallographic Table for ∆,cis-1a

Table 6.2: Crystallographic Data and Refinement Details for cis-1a

Empirical formula C51.5H38F6N6O6.5Ru
Formula weight 1059.95
Temperature/K 100.00(10)
Crystal system trigonal
Space group P3221
a/Å 14.04740(10)
b/Å 14.04740(10)
c/Å 19.96580(10)
α/° 90
β/° 90
γ/° 120
Volume/Å3 3412.00(5)
Z 3
ρcalcg/cm3 1.548
µ/mm-1 3.531
F(000) 1617.0
Crystal size/mm3 0.64 × 0.3 × 0.21
Crystal Description Red, block
Radiation Cu Kα (λ = 1.54184)
2Θ range for data collection/° 7.266 to 139.912
Index ranges -17 ≤ h ≤ 17, -17 ≤ k≤ 17, -24 ≤ l ≤ 23
Reflections collected 91343
Independent reflections 4315 [Rint = 0.0644, Rsigma = 0.0148]
Data/restraints/parameters 4315/295/340
Goodness-of-fit on F2 1.396
Final R indexes [I>=2σ (I)] R1 = 0.0920, wR2 = 0.2658
Final R indexes [all data] R1 = 0.0921, wR2 = 0.2665
Largest diff. peak/hole / e Å-3 1.53/-1.58
Flack parameter 0.064(11)
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A6. Crystallographic Table for [Ni(bqp)2][PF6]2

Table 6.3: Crystallographic Data and Refinement Details for [Ni(bqp)2][PF6]2

Empirical formula C98F24N12Ni2O2P4

Formula weight 2074.4
Temperature/K 99.92(17)
Crystal system triclinic
Space group P-1
a/Å 11.1545(2)
b/Å 14.4489(2)
c/Å 14.7629(4)
α/° 89.201(2)
β/° 69.047(2)
γ/° 84.1090(10)
Volume/Å3 2209.61(8)
Z 1
ρcalcg/cm3 1.559
µ/mm-1 2.194
F(000) 1020
Crystal size/mm3 0.3 × 0.1 × 0.07
Crystal Description Orange, block
Radiation Cu Kα (λ = 1.54184)
2Θ range for data collection/° 6.152 to 164.188
Index ranges -14 ≤ h ≤ 12, -18 ≤ k≤ 16, -18 ≤ l ≤ 18
Reflections collected 39012
Independent reflections 8911 [Rint = 0.1071, Rsigma = 0.0442]
Data/restraints/parameters 8911/0/640
Goodness-of-fit on F2 1.023
Final R indexes [I>=2σ (I)] R1 = 0.1867, wR2 = 0.5073
Final R indexes [all data] R1 = 0.1922, wR2 = 0.5098
Largest diff. peak/hole / e Å-3 3.78/-1.15
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A7. Crystallographic Table for [Ru(p – cymene)(bqp)][PF6]2

Table 6.4: Crystallographic Data and Refinement Details for [Ru(p – cymene)(bqp)][PF6]2

Empirical formula C70H64F24N8P4Ru2

Formula weight 1799.31
Temperature/K 99.99(10)
Crystal system triclinic
Space group P-1
a/Å 12.9131(2)
b/Å 15.4480(3)
c/Å 20.5433(4)
α/° 111.131(2)
β/° 90.657(2)
γ/° 113.701(2)
Volume/Å3 3440.88(13)
Z 2
ρcalcg/cm3 1.737
µ/mm-1 0.649
F(000) 1808.0
Crystal size/mm3 0.25 × 0.25 × 0.25
Crystal Description Orange, prism
Radiation Mo Kα (λ = 0.71073)
2Θ range for data collection/° 3.766 to 62.136
Index ranges -18 ≤ h ≤ 18, -22 ≤ k ≤ 21, -28 ≤ l ≤ 29
Reflections collected 92139
Independent reflections 18585 [Rint = 0.0800, Rsigma = 0.0564]
Data/restraints/parameters 18585/0/981
Goodness-of-fit on F2 1.170
Final R indexes [I>=2σ (I)] R1 = 0.1302, wR2 = 0.3220
Final R indexes [all data] R1 = 0.1421, wR2 = 0.3271
Largest diff. peak/hole / e Å-3 4.59/-1.89
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A8. Crystallographic Table for [Ru(benzene)(bqp)][PF6]2

Table 6.5: Crystallographic Data and Refinement Details for [Ru(benzene)(bqp)][PF6]2

Empirical formula C29H21F12N3P2Ru
Formula weight 802.50
Temperature/K 100.00(10)
Crystal system monoclinic
Space group P21/n
a/Å 13.308(4)
b/Å 15.378(4)
c/Å 13.493(4)
α/° 90
β/° 90
γ/° 90
Volume/Å3 2761.2(14)
Z 4
ρcalcg/cm3 1.930
µ/mm-1 0.794
F(000) 1592.0
Crystal size/mm3 0.5 × 0.3 × 0.3
Crystal Description Orange, irregular
Radiation Mo Kα (λ = 0.71073)
2Θ range for data collection/° 4.016 to 64.686
Index ranges -17 ≤ h ≤ 18, -21 ≤ k ≤ 22, -17 ≤ l ≤ 17
Reflections collected 62062
Independent reflections 7751 [Rint = 0.0555, Rsigma = 0.0232]
Data/restraints/parameters 7751/0/424
Goodness-of-fit on F2 1.122
Final R indexes [I>=2σ (I)] R1 = 0.0777, wR2 = 0.2073
Final R indexes [all data] R1 = 0.0797, wR2 = 0.2082
Largest diff. peak/hole / e Å-3 6.03/-1.21

A9. Full Crystallographic Data

Attached externally.

A10. Autodock Vina, FID and FRET data for all ligands in the NCI

Diversity Set VI Library

Attached externally.
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